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Chapter 1

Introduction

1.1 Overview

Mechanical force is omnipresent in life and determines not only each step we go but also
every sound we hear. For the macroscopic world, this is obvious as each of us feels and
interacts physically. Yet, on the cellular scale scientists most often think only about chem-
ical reactions, diffusion, or enzyme activity and ignore the physical forces that act upon
molecules. In the doctoral thesis presented here, I investigated how mechanical forces
affect proteins, the basic building blocks of life, in their structure. To do so, I studied how
mechanical forces affect protein structure in a hydrogel model system as well as within
cells and discuss what possible implications for mechanobiology could arise from these
results.

All cellular functions depend on the structure and functionality of proteins. Those two
properties are intrinsically coupled to each other - the geometric arrangement of the amino
acid sequence defines the chemical and physical properties of a protein. The interplay with
other molecules or forces can change the structure and thereby alter the protein function-
ality. Because of this varying functionality, the behavior of living cells is determined not
only by the underlying composition of proteins but also their structure, and changes in
protein conformation can lead to different reactions and behaviors of the entire cell.

Recent work has shown that not only biochemical pathways, but also mechanical, forces
influence protein conformation and therefore cell function. For example, passive mechan-
ical inputs such as substrate stiffness are capable of influencing cell behavior, like cell
fate [1], multicellular tissue organization [2] and modulation of carcinoma metastatic po-
tential [3]. It is now evident that mechanical factors can trigger fundamental changes
in cells, but it is yet unknown how exactly the mechanical load is transformed into al-
tered biochemical signaling - protein-based interactions - within cells. Several proteins,
such as titin [4], vimentin [5] and keratin [6] were identified as ’mechanically active’ and
force-induced protein unfolding has been demonstrated in vitro. Nevertheless, it is unclear
whether and how such changes occur in the complex cellular environment. Thus, to better
understand the true relevance of force on protein structure in nature would require a direct
structural determination of proteins within cells while the cell is exposed to external forces.

The overall topic of this PhD project was to determine the impact of mechanical loads
on the secondary structure of mechanosensitive proteins that form intermediate filaments.
Those proteins have previously been shown to bear loads and undergo structural changes
in single molecule or non-cellular contexts. I describe a way to measure the structural
motifs of mechanosensitive proteins under different states of tension using a vibrational
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Overview

imaging technique called broadband coherent anti-Stokes Raman scattering microspec-
troscopy. Intermediate filaments form a filamentous network, which is part of the load-
bearing cytoskeleton and which, as a result, is constantly exposed to varying tensile forces
in an organism. The structure of intermediate filaments is predominately α-helical and
has been predicted to change under mechanical tension [6, 7]. However, this has never
been observed directly in situ, and it is unclear if the range of deformations - and the
cellular environment - support such structural transitions or not. In addition to this phys-
ical function, the expression pattern of IFs has been shown to change between epithelial
and mesenchymal cell types. While an expression change alone can be used as a putative
marker of metastatic cancer [5,8], the impact of this change on the structural integrity of
the IF protein network, if any, is unknown.

1.1.1 How to determine intracellular protein structure

The analysis of protein secondary structure in macroscopic amounts of sample is an es-
tablished routine measurement with circular dichroism spectroscopy in biochemistry. Un-
fortunately, this method can not be used for a direct probing of proteins in the cellular
environment and is thereby unsuited when it comes to in situ structure analysis.
An experimental approach that potentially allows intracellular imaging of protein-specific
secondary structure with submicron spatial resolution is broadband coherent anti-Stokes
Raman scattering (BCARS) microspectroscopy. Similar to spontaneous (often called ’nor-
mal’ or ’linear’) Raman spectroscopy, BCARS generates a spectrum of vibrational modes
depicting the local chemical composition within focal volume of the excitation lasers.
The fundamental problems of spontaneous Raman, its weak signal and large background
fluorescence in biological samples, are avoided in CARS due to coherent driving of the
molecular modes and coherent emission of the detected anti-Stokes light, respectively. To
produce a hyperspectral image of the protein distribution and structure, the sample has
to be raster-scanned where a BCARS spectrum is acquired for each position. In order to
apply this approach to intracellular measurements, two model systems were examined in
preceding projects before experiments with vimentin were undertaken:
First, hydrogels made out of the blood-clotting protein fibrin which are known to undergo
load-induced structural changes [9] were investigated with BCARS spectroscopic imaging.
In this simplified system, the mechanically-induced protein secondary structural changes
were shown to be detectable by BCARS. Maps of the local contribution for each struc-
tural motif as a function of load were generated and the sensitivity of CARS microscopy
to secondary structure changes was shown.
Second, the cell-penetrating peptide (CPP) Penetratin was used to demonstrate the fea-
sibility of isotopic labelling to find a target protein in cells. Penetratin is a well-studied
CPP capable of trafficking cargos into the cytosol [10,11]. As the average amount of pro-
tein inside cells is more than 200 mg/ml [12], it was necessary to highlight the fingerprint
of penetratin in the CARS spectrum. For this, an isotope-labeling approach was used
where hydrogen in the attached glycine is replaced by deuterium - analogous that used
for in-cell NMR [13, 14]. This shifts the CH2 resonance to a spectral region where no
other intracellular molecules will interfere and enables the identification and localization
of penetratin. The unique CD2 peak is then exploited to separate the spectral signal
of the cell penetrating peptide from the remaining protein using multivariate analysis.
In our study, we link a deuterated hexaglycine tag to the CPP to allow a spectral sep-
aration which is small compared to large DNA or proteins cargos shown previously [10,11].

Based on these results and experimental experience, I developed an experimental approach
to examine the structure of deuterated vimentin intermediate filaments in vivo under dif-
ferent tensed states. HeLa cells are known form an abundant network of intermediate
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Chapter 1. Introduction

filaments including the protein vimentin [15], which, as mentioned above, is predicted to
undergo an α-helix to β-sheet transition during mechanical loading [6, 7]. Similar to ex-
periments with penetratin, vimentin protein was isotopically labelled by 2H to locate it
in cells via BCARS. Deuterated vimentin (d-Vim) was produced in a recombinant bacte-
rial cell culture, purified, and microinjected into HeLa cells for subsequent incorporation
of d-Vim into the native vimentin network. This technique has previously successfully
been used for doping fluorescently labeled actin [16]. Such prepared cells were cultured on
substrates of different stiffness or treated with chemical agents to release cellular tension.
High substrate stiffness is known to lead to larger intracellular tension, and I found that
these cells show more unfolded vimentin while the secondary structure of d-Vim in relaxed
cells was closer to monomeric vimentin. Thereby, we showed that mechanical stimuli can
indeed cause conformational changes of intermediate filaments within cells.

Figure 1.1: Structuring of the three projects covered in this thesis.

1.1.2 Structure of this thesis

This dissertation presents the results, and associated background information, from my
PhD research on intracellular protein secondary structure under mechanical deformation.
In two sub-projects, I demonstrate first that BCARS microspectroscopy is capable of mea-
suring structural changes and second how to locate a specific protein by isotopic labelling.
Based on these results, I analyzed deuterated vimentin intermediate filaments in adherent
cells under different tensed states.

Chapter 1 provides a theoretical background of the work. First, the fundamentals of
secondary structure, the molecular response of proteins to mechanical forces and the spec-
troscopic background on how to characterize different structural motifs by Raman scatter-
ing are discussed. Then, an overview on mechanobiology of cells, explaining cytoskeletal
networks and their interplay is given. The chapter closes with the derivation of signal gen-
eration in coherent anti-Stokes Raman scattering and the necessary processing to obtain
a Raman-like spectrum from it.
In Chapter 2 the experimental techniques used in this project are described: mechan-
ical characterization by rheology, fluorescence-based and molecular vibrational imaging
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and the subsequent data processing. Furthermore, multivariate curve resolution and its
application to hyperspectral datasets are discussed. The biological methods for protein ex-
pression and purification as used for the production of deuterated vimentin are explained.
Chapter 3 focuses on how tensile strain changed the secondary structure in fibrin hy-
drogels. We employ spatial resolved broadband CARS to show conformational changes in
fibrin under load, the different orientation of structural motifs and spatial heterogeneity of
unfolding in deformed samples. (Paper 1, Fleissner et al., ’Microscale spatial heterogeneity
of protein structural transitions in fibrin matrices’ [17]).
Chapter 4 describes the usage of isotopically labelled amino acids as a marker in Raman
spectroscopy. We observe the uptake of a deuterated cell penetrating peptide in adherent
cells and separate its intracellular spectrum by sophisticated component analysis. This
allows us to determine the peptide structure both in the cytosol and the nucleus which
helps to illuminate its uptake mechanism. (Paper 2, Fleissner et al. ’Measuring intracel-
lular secondary structure of a cell penetrating peptide in situ’ [18]).
Chapter 5 combines those established methods and investigates deuterated vimentin
within HeLa cells under different cellular tension. We show that in tensed cells grown
on glass, vimentin IFs undergo a transition from α-helix to β-sheet and that this effect
is reduced in physically and chemically relaxed cells. This indicates that intracellular
conformational changes in vimentin occur in tensed adherent cells. We hypothesize that
unfolding might act as a local mechano sensor within the cytoskeleton and possibly trig-
gers further mechanosresponse of cells. (Paper 3, in preparation, Fleissner et al. Tension
causes structural unfolding of intracellular intermediate filaments).
In Chapter 6 the results from all three projects are summarized and an outlook for
possible future directions is provided.
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Chapter 1. Introduction

1.2 Proteins under mechanical load

1.2.1 Protein secondary structure

Proteins are (arguably) the building blocks of life, which fundamentally consists of poly-
merized amino acids in the form a polypeptide chain. Their biological function is based
not only on the sequence of amino acids but also on their specific shape, which mediates
the interaction of weak chemical forces to enable biochemical reactions [19]. Within the
polypeptide chain, the amino acids usually align in a trans-configuration with the (bulky)
side-chains being located in an alternating pattern. The rotation of each amide plane (the
plane of the peptide bond) is constrained by repulsive forces from neighboring groups as
well as the charge and size of its side-chain. These conditions lead to a most probable and
stable configuration of dihedral angles ψ and ϕ between two amide planes and the α-carbon
in the center (see figure 1.2A). Because both angles only depend on the properties of the
two amino acids that interact at the respective peptide bonds, the polypeptide chain folds
into a shape that is determined by its sequence. The folding process then leads to a sta-
ble three-dimensional arrangement of the protein, named secondary structure, which then
becomes stabilized by hydrogen bonds [19, 20]. Several structural patterns are universal
in all proteins and it is useful to describe their common properties. The most abundant
structural motifs are briefly introduced in the following section.

Figure 1.2: Basic peptide bond geometry illustrating the amide planes in grey (A). The spatial
arrangement is depicted for α-helix (B) and β-sheet (C) with hydrogen bonds being indicated by
dotted lines.

α-helix

When several dihedral angles in a sequence of amino acids have values close to ψ = −40◦

and ϕ = −60◦ the chain folds into a rod-like helix structure (see figure 1.2B). In an α-helix,
the polypeptide chain winds into a counterclockwise spiral with the side-chains pointing
outwards. On average, there are 3.6 amino acids per full turn. Hydrogen bonds form
along the axis of the helix between partially negatively charged carbonyl groups and par-
tially positively charged amino hydrogen four residues further along the polypeptide chain.

Two or more α-helices can twist around each another to form a coiled coil structure
if the sequence has an appropriate pattern of seven-residue repeats known as a heptad
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Proteins under mechanical load

and characterized by nonpolar residues present at position 1 and 4 forming an interior
hydrophobic core [21]. The coiled coil superstructure is stabilized by hydrophobic inter-
actions or disulfide bonds [20,22]. Large α-helical structures (> 22 amino acids) have the
ability to span lipid bilayers, which enables many functionalities with respect to the cell
membrane [23].

β-strand and sheet

The β-strand structure is a polypeptide conformation where the protein backbone is fully
extended [20] and dihedral angles become larger than for the α-helix structure with values
reaching ψ = −180◦ and ϕ = 180◦. In this configuration, carbonyl oxygen and amino
hydrogen are oriented in the same direction while the side chains point alternating up
and down on the strand [19]. A solitary β-strand is sterically stable but rarely found [20].
Two or more β-strands can form a β-sheet structure as shown in Fig.1.2C, where hydrogen
bonds form between the residues of adjacent strands to give stability to the structure. The
hydrogen bonding pattern defines if the β-sheet is in a parallel or antiparallel configuration.
For the parallel case, the neighboring polypeptide strands follow the same direction (from
N- to C-terminal) and the stabilizing coupling occurs with an angle relative to the strand
direction. On the contrary, the sheet is antiparallel if both strands run in opposite direction
[19].

Random coils

As the name suggests, protein segments that show no repetitive hydrogen bonding pattern
are termed random coils or unstructured. The random coil state of a polypeptide indicates
that there is no interaction between the side chains of residues [24] and that in each amino
acid the values of the dihedral angles are independent from neighboring residues [25].
This rotational freedom adds local flexibility to the protein arrangement and lowers the
threshold for conformational changes elsewhere in the polypeptide chain. Furthermore, as
the random coil areas do not form hydrogen bonds within the protein, they are obvious
interaction sites for ligands or other proteins [20].

1.2.2 Mechanically induced unfolding of protein

Specific secondary structures are stabilized by hydrogen bonds (∼4 kJ/mol) and therefore
by energies only about twice as much as the thermal energy (∼2.5 kJ/mol) at room tem-
perature. These bonds can be broken easily by solvents, strong acids and bases or simply
by heating [20]. In general, the loss of secondary structure is called denaturation and leads
to unstructured proteins. Yet another process can cause the breaking of structural bonds,
which is mechanical stress. A daily-life example is the beating of chicken egg white with
a whisk to produce a stable foam that is used for cooking and baking. Here, the physical
stress causes the egg protein to unfold and to form a mesh where air gets trapped in [20].
Such structural transitions of proteins under mechanical load are a core tenant of this
thesis and will be discussed in the next section.

Bell’s theory

Rod-like proteins have the ability to unfold their α-helical domains as well as the coiled-
coil superstructure under tensile force. This gives rise to advantageous mechanical prop-
erties that would not be possible otherwise. Many load-bearing proteins such as myosin,
keratin, vimentin, and fibrin follow the coiled-coil α-helical blueprint, and they all show
strain stiffening that only sets in after large extension of the molecule together with having
large rupture strains [6,21,26–28]. The interplay of mechanical forces acting on individual
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Chapter 1. Introduction

molecules can be described by a theoretical framework postulated first by Bell in 1978 [29].
Using the example of vimentin, an intermediate filament protein of interest in chapter 5,
the theory from Bell was implemented in atomistic simulations to provide detailed insights
in the molecular force response by Ackbarow and Buehler [30]. In the following section,
I will summarize the central statements of this theory and what can be learned from it
with respect to protein unfolding.

Figure 1.3: Plot of the free energy as a function of reaction coordinate (e.g. displacement).

Molecules form noncovalent linkages between each other based on van der Waals, electro-
static, or hydrogen bond interactions. The energies are small (relative to thermal energy),
and therefore it is likely that such a bond might break after some time without the need
of external forces. To allow molecular separation it usually is required to break multiple
bonds simultaneously. Therefore, the lifetime of each single bond must be reduced dras-
tically.
The free energy landscape of a molecular bond as a function of distance as depicted in
Fig.1.3 shows the minimum at the equilibrium binding position. To transition from a
native state to the unfolded state, the molecules has to overcome the energy barrier that
is associated with interactions [29] stabilizing it in a potential well that characterizes the
native state. By applying a force F on the molecules, the energy landscape can be tilted,
and the transition barrier lowered. The separation force thereby provides energy E1 into
the system:

E1 = F · xb (1.1)

where xb is the separation distance. This adds energy to system in the native state as

E = E0 + F · xb (1.2)

which is conceptually similar to saying that it lowers the energy barrier into the transition
state by E1. The minimum force that will annihilate the energy barrier Eb and lead to a
rapidly rupture of the bond follows as

f0 = 1.6 · 10−10Eb
xb

(1.3)

in Newton where the prefactor results from unit conversion when using Eb in electron
volts and the separation distance xb in nanometers. Some typical values occurring in
biochemistry are given in table 1.1. The lifetime τ of a bond can be described by the
product of the reciprocal natural oscillation frequency of atoms in a solid ω0 (∼ 10−13s)
[29], and the exponential effect of the energy barrier modulation on the bond lifetime
as [30]

τ =
1

ω0
exp

(
E0 − F · xb

kbT

)
. (1.4)
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Proteins under mechanical load

type E0 [eV] xb [nm] F0 [N/bond] reference

antigen-antibody 0.37 1 6 · 10−11 [29]

covalent bond 3 0.14 3 · 10−9 [29]

H-bond 0.22 0.1 3.5 · 10−10 [30]

unfolding of α-helix 0.65 0.1 1.1 · 10−9 [30]

Table 1.1: Typical forces required to break bonds in Bell’s theory.

Here, kb is Boltzmann’s constant and T the temperature. A separation force thereby
lowers the lifetime of a bond and makes a rupture event more likely.

Structural transitions in coiled-coils and α-helix under load

The load-bearing proteins of interest in this study, fibrin and vimentin, form a coiled-coil
structure where α-helical domains are wrapped around each another. These coiled-coil
domains define the mechanical properties of both proteins whereas additional terminal or
central linking domains have only a minor structural role. Force spectroscopy, where single
molecules or domains are pulled by an AFM cantilever (or equivalent setup), can be used
to investigate the mechanical properties of proteins. The resistance to deformation of the
sample (force) is recorded while the sample is deformed. This force-extension curve then
provides insights on the mechanisms that are relevant for different amounts of strain [31].
For the coiled-coil domains of vimentin, such a curve was successfully modeled on ba-
sis of Bell’s theory [7, 32]. These in silico experiments revealed the structural transition
from α-helix to β-sheet under tensile load [7, 32], which is consistent with experimental
data [6,33]. Under tensile load, coiled-coils exhibit a characteristic response to mechanical
strain consisting of three defined regimes (see Fig.1.4) that are described in the following:

1: Stretching of hydrogen bonds
At low strain, the sample behavior is fully elastic, and the small deformation is dis-
tributed equally over the entire molecule. Individual hydrogen-bonds within the α-helices
are stretched but not disrupted.

2: Unfolding of α-helices
When all available H-bonds are fully extended the sequential unfolding of α-helical seg-
ments sets in. A second regime starts at a characteristic angular point (see Fig.1.4) where
the linear increase of the force-strain curve ends and a force plateau sets in. The indi-
vidual α-helices are unfolded by force into β-strand structures and neighboring strands
then form β-sheets. Furthermore, as the resistance strength of formed β-sheets is known
to be significantly larger than for α-helix [26, 34–36], firstly more helix residues will un-
fold. This transition from α-helical into β-sheet structure either starts at the ends of the
molecule [30] or a special ’stutter region’ within the helix where the protein sequence folds
into a discontinuity [37]. It continues as an unfolding wave that propagates through the
entire protein where h-bond of all involved α-helices are being ruptured in parallel. While
in an α-helix each residue provides about 0.15 nm in length, the unfolding to β-strand
extends it to 0.32-0.34 nm per residue [35]. Thereby, conformational change results in an
overall extension of the molecule that can reach more than three-fold the initial molecule
length [38]. Remarkably, at low pulling speed (∼ 1m/s in simulations [7,32], ∼ 1µm/s in
experiments [39]) the force response in the unfolding regime results is constant, while for
faster deformation a linear increase in force is observed [30].

3. Coiled-coil unwinding and stretching of covalent bonds
The plateau regime is followed by a non-linear strain-hardening caused by shearing of
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β-strands within their sheet-structure [36] and stretching of the protein backbone itself.
This continuous on until the entire molecule is fully extended and amide bonds fail [30].

Figure 1.4: Schematic force-strain curve of a coiled-coil structure and the occurring structural
changes. Adapted from [7,30].

With respect to conformational changes in proteins, the energy that is required to
break the stabilizing hydrogen bonds in an α-helix structure, is of special interest. As dis-
cussed earlier, the unfolding of α-helices starts at the angular point, where strain becomes
large enough to cause failure of hydrogen bonds. The energy barrier for breaking a single
hydrogen bond is known to be 5-6 kcal/mole (0.22 eV). However, in the coiled-coil con-
figuration it was shown that under tensile force the rupture occurs for three neighboring
H-bonds simultaneously. In consequence, a three-fold higher force is required to convert
a segment of coiled-coil α-helix into β-sheet structure [30].

Transition of a single α-helix

For a single α-helix domain it was found that the unfolding occurs in an unsystematic
fashion where random H-bonds break at different locations. Nevertheless, the overall
stress-response is comparable to the coiled-coil superstructure with small variations in the
transition of the different regimes [30].
The transition from α-helix to β-sheet is reversible for a single molecule assuming no ir-
reversible damage. A protein will fold back into the more stable α-helix structure and
H-bonds again as soon as no tensile force is acting on the molecule [30]. Tensile exper-
iments on myosin proteins, which contain a large coiled-coil domain, showed that the
refolding occurs within less a second [26]. Infrared spectroscopy of fibrin samples under
tensile load demonstrated that the α-helical structure is partially recovered after relax-
ation [9] which is consistent with simulation data [35].
In most experimental work that investigates protein response to force, multiple additional
factors affect the measured response from the sample. For example, macroscopic tech-
niques have use gelatinized samples where a full three-dimensional protein network is
formed. The mesh parameters like branch point density and filament thickness will influ-
ence the mechanical properties as well as additional cross-linking [40]. Furthermore, when
deforming a macroscopic specimen, one has to consider local defects and the sliding of
filaments. Taken together, those effects create a smoother stress-strain curve compared to
single-molecule stretching where the different regimes are less pronounced [6, 40,41].
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1.2.3 Measuring secondary structure with molecular spectroscopy

The secondary structure of proteins can be measured by spectroscopy, where light interacts
with molecular vibrations that are determined by structural motifs. In the following sec-
tion, the theoretical background for this sensitivity, which is the foundation of experiments
in the later chapters, is discussed.

Background on molecular spectroscopy

Atoms in a molecule oscillate along their bonds with a characteristic frequency given by
the reduced mass and their bonding strength. In a ’simple’ case this might be an isolated
O-H stretching vibration in pure water while in complex molecules, such as proteins, a
vibrational mode can be formed by the combined collective motion of several nuclei [42].
The mathematical description of a vibration along a single bond is that of a harmonic
oscillator. The atoms are drawn together by their chemical bond(s) with a potential energy
that depends quadratically on the nuclear displacement from the mean bond length. Such
a system oscillates with a frequency ν that is defined by the reduced mass of all involved
atoms µ and a force constant k representing the bond strength as follows:

ν =
1

2π

√
k

µ
(1.5)

The total energy of a harmonic oscillator contains contributions from both kinetic and
potential energy that reflect the atomic motion and the stiffness of the bond. Because of
the quantum mechanical nature of molecular bonds, the change in energy is only permitted
in discrete steps. This leads to separated energy levels En instead of a continuous energy
range and can be written as

E =

(
n+

1

2

)
hν with n = 0, 1, 2 . . . (1.6)

Here, h is Planck’s constant, n the quantum number of the respective energy level and ν
the frequency of the harmonic oscillator. The ground state energy of the system is given
by 1

2hν. As a consequence of those discrete levels, the exchange of energy with a light field
must be done in matching quanta of light, ergo energy packages [42].
A molecule has 3N-6 degrees of freedom that reflect either a change in length of the chem-
ical bond or in the angles between bonds. The resulting harmonic oscillations are the
so-called normal vibrational modes of the molecule where all involved atoms move with a
defined phase relation and at a certain frequency as illustrated for the water molecule in
Fig.1.5. The normal vibrations of a molecule oscillate at frequencies in the mid infra-red

Figure 1.5: The water molecule has 3N-6 = 3 normal modes that oscillate with respect to the
ground state (A): The symmetric stretch (B), the bending (C) and the asymmetric stretch vibration
(D) [43].

(IR) region (2.5-50 µm, corresponding to 200 cm−1 − 5000 cm−1) and therefore can be
probed by either IR absorption or Raman scattering spectroscopy [42]. In IR absorption,
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the exciting light becomes absorbed by the molecule if the photon energy matches the
energy difference between two excited states or the ground state of a molecular vibration.
Raman scattering on the other hand can be described as inelastic scattering of a pho-
ton. Here, an incident light field excites a mode into a short-living virtual state followed
by immediate emission of a second photon. The energy difference between incident and
emitted photon is transferred to a molecular vibration. Both IR and Raman can pro-
vide information about the energies of different vibrational modes in form of a spectrum,
which gives the frequency-dependent intensity of the scattering or the absorption. Still,
the underlying mechanisms differ fundamentally and lead to specific selection rules that
define if a vibrational mode can be excited or not. A mode is active for IR absorption
if the interaction leads to a change of its transition dipole moment and if the photon en-
ergy matches the required energy for the transition to a higher energy level. For Raman
scattering, the selection rules state that the polarizability of the molecule has to change
by the molecular displacement in addition to the matching in energy [42]. Thus, some
(but not all) vibrational modes are only active in IR absorption while others only show
up in Raman scattering [44]. The Raman process and the possibilities for its nonlinear
enhancement will be discussed in more detail in section 1.4.

In general, the instrumentation for IR spectroscopy is more robust and has superior
signal-to-noise ratios compared to Raman spectroscopy. However, the strong absorbance
of water at IR energies but its poor Raman cross-section makes Raman spectroscopy
the preferred method of choice when it comes to aqueous samples like most biological
specimens [45]. The Raman scattering becomes especially strong for multiply bonded or
electron-rich groups (e.g. C=O, C=N, C=C, S-S, S-C, S-H) while single bonded groups
show less intense Raman bands [45]. In proteins, most Raman active modes are from
molecular vibrations in the peptide backbone, aromatic chains (like in Phenylalanine),
sulfur-rich side chains [45] and C-H oscillations. This results in a characteristic spectrum
as shown in figure 1.6, which is dominated by an intense band between 2800 cm−1 and
3000 cm−1, caused by CH2 and CH3 stretching vibrations, and an informative fingerprint
region (500-1800 cm−1) where most other molecular vibrations can be found [46].
When taking a closer look at the fingerprint region of a protein spectrum, several promi-

nent bands and peaks can be found (see also Fig.1.6). Starting at low wavenumbers,
the first sharp peak at 1004 cm−1 comes from the symmetric ring breathing mode from
phenylalanine followed by several minor peaks C-C vibrations. The region from 1200-1300
cm−1 represents the amide III modes caused by C-N stretching and N-H bending. A clear
peak at 1206 cm−1 represents contributions from phenylalanine and tyrosine. Next, a
band from various CH2 twisting vibrations is located between 1320-1340 cm−1 followed by
a strong band from the CH2 deformation mode between 1440-1460 cm−1. The amide II
band appears relatively weak at 1550 cm−1 while the amide I gives high intensities around
1650 cm−1 [46, 47].

The amide I band

Molecular vibrations in a protein are influenced by its secondary structure. Spectroscopy
therefore can be used to measure those sensitive vibrational bands that reflect different
structural motifs. The most important indicators in structure analysis are the amide
modes that originate from the protein backbone. The intense band from 1600-1690 cm−1

in the Raman spectrum is named amide I and arises predominantly from C=O stretching
vibration of the peptide carbonyl groups and some minor contribution from the stretching
and bending vibration of the C-N bond and N-H bond respectively (see Fig.1.7A) [48–50].
Going to lower wavenumbers, the amide II band is located at 1480-1580 cm−1 followed
by the amide III at 1230-1300 cm−1 [46, 51]. Those two spectral regions result from cou-
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Figure 1.6: Representative Raman spectrum from protein. 200 mg/ml BSA in DI-water were
measured with broadband CARS followed by phase-retrieval and error phase subtraction. A spon-
taneous Raman spectrum of BSA powder (red) shows similar peak positions. The intensity varia-
tion results from differently performed subtraction of the fluorescent background.

pled C-N stretching and N-H bending vibrations [52]. Several more amide bands exist at
wavenumbers beyond 800 cm−1 but can be neglected here due to their weak intensity [51].
Moreover, the amide vibrations are unimpaired from direct influence of the side groups
and allow a somewhat universal analysis independent of the amino acid composition [51].
Hereafter, I focus on the amide I band for a more detailed discussion as this spectral
region is used in the projects described in this thesis (chapter 3-5) to derive structural
information.
The amide I band is the summed-up signal of multiple vibrational modes that each reflect
different structural motifs. The vibrational energies of the amide modes change due to
the secondary structures present in a protein sample. Because the Raman intensities are
linearly dependent on the number of oscillators, the observed amide I band is the summed
signal of each structural motif weighted by the respective contribution. In consequence, the
amide band changes its maximum position and overall band shape due to the secondary
structure present in the probed sample. As the individual peaks overlap to a large degree,
the measured spectrum shows a broad band without clear features and, at first glance,
appears to make a robust, quantitative analysis difficult [53–55]. The lower wavenumber
side of the amide I band is flanked by further vibrations from aromatic side chains like in
tyrosine, phenylalanine or tryptophan [55]. Depending on the amount of these amino acids
in the polypeptide sequence, the additional peaks can affect the overall appearance of the
amide I band. The side chain vibrations are located at 1602 cm−1 (Phe), 1607 cm−1 (Phe
and Tyr ring vibration), 1614-1620 cm−1 (Phe, Tyr and Trp) and 1622 cm−1 (Trp) [46].
Furthermore, the amide I band spectrally overlaps with C=C stretch vibrations either
from protein or lipids at 1650 cm−1 and 1670 cm−1 [46]. Those peaks are assumed to be
weak enough to be neglected in the further data processing. Still, in cell or tissue samples
the presence of lipid signal can disturb the amide I analysis. Thus, it can be summarized
that the measured amide I band results from several slightly shifted peaks that are all
from the C=O vibration and which each can be assigned to a structural motif or aromatic
side chain vibrations. But why are these vibrations shifted?
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Figure 1.7: The amide I vibrations reflect the secondary structure of the sample. A) Molecular
location of the Amide I mode in a polypeptide chain is highlighted by the shaded plane. B)
Amide I band of bovine serum albumin (BSA) and its decomposition into Lorentzians for different
structural elements

To understand the connection between secondary structure and vibrational energies, one
has to consider how the single vibration becomes disturbed by its residues. In a polypep-
tide chain, the amide vibration of one group cannot be treated in isolation anymore as it
is influenced by multiple local modes close by.
The interaction of two or more local modes depends on their spatial distance and their
relative orientation. If the coupling is strong, the individual local vibrations become syn-
chronized and form a delocalized state, a so called vibrational exciton [54]. In the transition
dipole-dipole coupling model the coupling strength β is given by

βij =
1

4πε0

[
µi · µj
r3
ij

− 3
(rijµi)(rijµj)

r5
ij

]
(1.7)

where rij is the displacement vector between the two local modes i and j and µ the
respective transition dipole [54, 56]. This coupling changes the mode energy with respect
to the unperturbed vibration and thereby the resulting frequency as explained below.

Amide I modes for α-helix structure

For a sufficiently long α-helix, one can ignore the influence of the terminal groups when
thinking about possible modes. Such a helix with 3.6 residues per turn is stabilized by
intrachain hydrogen bonds. The α-helix secondary structure must be treated as a 3D
arrangement of local oscillators of each peptide unit j that interact along the chain but
also with residues in the twists above and below [53,54]. Along the helical axis, an excitonic
state A forms with an eigenstate energy of

EA = hν0 + 2
∑
j

βj (1.8)

Perpendicular to the helix axis (in z-direction), two weaker excitonic states can be found
as whose transition dipoles are either in x or y direction and have a shifted energy of

EA = hν0 + 2
∑
j

βjcos

(
2πj

3.6

)
(1.9)

The resulting local mode frequency is expected to be about 1645 cm−1 which is very
similar to the calculated frequency for an unstructured polypeptide chain [54]. This weak
peak shift might seem surprising as the modes become highly delocalized along the helix.
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Yet, the competing couplings partially cancel themselves out as for the nearest neighbor β
becomes large and positive but negative for all other couplings. Thus, the total shift in the
amide I band in a α-helix is only a few wavenumbers lower compared to random structure.
In Raman scattering experiments on predominantly α-helical proteins, the amide I band
was found to be centered between 1640 to 1650 cm−1 [55] which is consistent with those
calculated frequencies.

Amide I modes for β-sheet structure

Different to the α-helix, the β-sheet structure consists of several neighboring polypeptide
chains that are coupled by interchain hydrogen bonds. The sheet-like arrangement is
extended and can be assumed as a planar array of coupled oscillators [54,56]. The excitonic
states can be found with energies that are affected by interchain coupling j as well as
intrachain coupling i [53].

Eij = hν0 ±
∑
ij

βij (1.10)

Sophisticated simulations of transition dipole coupling in anti-parallel and parallel β-
sheets [54] found that only two out of many possible modes are observable by vibrational
spectroscopy. The first one is caused by the interaction of transition dipoles orthogonal to
the chain alignment and leads to a mode at 1620 cm−1. Yet this mode is only IR active
and cannot be probed by Raman scattering. The second dominating mode comes from
a transition dipole moment that lies perpendicular to the sheet plane [53, 54]. While the
local modes between adjacent strands are out of phase and thereby cancel their transition
dipole out, the modes within a polypeptide chain are unison. This excitonic state is Raman
active and causes a shift of the amide I band to 1670 cm−1 [54]. Raman experiments
on predominantly β-sheet structured proteins confirmed this second frequency for the
amide I band [55].
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1.3 Mechanobiology

The following section provides an overview on the mechanical properties of cells and how
mechanical forces are recognized by cells.

1.3.1 Mechanical forces in nature

Cells are constantly exposed to external and internal forces. Every cell is subject to the
pressure from blood flow, shear forces and pushing or pulling by neighboring cells. A cell
is able to generate contractile forces by the actomyosin system [57] as well as protrusive
pressure through actin polymerization [58]. This active mechanical role becomes obvious
in migrating cells, where the cell’s body is moving along a surface or through a 3D tissue
matrix [57]. Moreover, the combined contraction of muscle cells creates the forces required
for any physical work in living entity. The range of the resulting forces spans several orders
of magnitude (see table 1.2), and cells must be sufficiently strong to sustain these loads.
To do so, a complex system of intracellular polymer networks, named the cytoskeleton,
that is linked to the plasma membrane, organelles, and, through specific anchorage points,
to the external environment exists in each cell [59].

Type of force Exerted stress Reference

Shear stress due to blood flow 2.5 N/m2 [59]

Blood pressure 13 kN/m2 [59]

Muscle contraction 100 kN/m2 [59]

Bite (teeth) force, male human > 3000 kN/m2 [60]

Table 1.2: Examples for biomechanical forces over a range of several orders of magnitude.

1.3.2 The cytoskeleton

Eukaryotic cells construct a cytoskeleton consisting of three separate protein networks as
shown in figure 1.8: actin stress fibers, microtubule and intermediate filaments. Each
element of the cytoskeleton has different mechanical properties and functional roles. To-
gether, these structural networks resist deformation and maintain the cellular integrity [61].
The filamentous components are constantly adapted by the cells to compensate forces in
the most effective way. To do so, new filaments are assembled from a soluble pool of
monomers where needed while elsewhere structures are broken down and recycled [62].
There is no singular starting point for building up the cytoskeleton as ’cells form from
other cells’ [62], but only continuous expanding and remodeling of existing structures. In
the following section, I’ll briefly characterize the three major components of the cytoskele-
ton followed by an introduction on the mechanical properties of the combined network
structure.

Elements of the cytoskeleton

Stress fibers consist of multiple polymerized filaments formed from actin, a highly con-
served and abundant globular protein [63]. Stress fibers are bundles of filamentous actin
(F-actin), which itself forms thin filaments only ∼5 nm in diameter. They act as ’ca-
bles’ for all kinds of pulling forces within the cell. Under mechanical load, they show
(relatively) high stiffness of 103 kPa [64] followed by rupture at 20 % strain [65, 66]. In
combination with myosin motor proteins and potentially other crosslinking proteins, actin
filaments form stress fibers (so-called actomyosin filaments) that are able to generate ten-
sion. Myosin molecules link actin filaments and nearby stress fibers to translocate them
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by a coordinated power stroke under consumption of adenosine triphosphate [57]. The
contraction of actomyosin filaments is a potent force generating mechanism of all kind of
cell motility (evident e.g. in muscle contraction) but also plays a pivotal role in setting
the cytoskeleton under a prestress, which will be discussed in more detail later [57, 62].
Microtubules (MT) are tube-shaped polymers of 25 nm in diameter, which are assembled
of α- and β-tubulin dimers. They are the most rigid and stiff component in the cytoskele-
ton and have a persistence length of 1 mm [61, 67]. As a result, they can bear large
compression forces and act as structural rods within the cytoskeleton. Microtubules grow
from a central microtubule organizing center towards the periphery but single branches
can break off and exist further as isolated components [62]. Besides their usual structural
role, MT rearrange into the mitotic spindle that segregates chromosomes into two sets
during mitosis [68]. The third cytoskeletal network is called intermediate filaments (IF).
While the two other components of the cytoskeleton consist of limited number of isoforms,
IF can be built from a variety of different proteins [38]. The most common IF proteins
are vimentin, desmin and keratin for cytosolic IF as well as lamin for nuclear IF [38, 62].
Intermediate filaments are more flexible than f-actin or MT and can be extended to a
multifold of its initial length [6, 69]. IF exhibit a multi-regime strain response that is
caused by conformational changes followed by strain-hardening [6, 66]. These mechanical
properties led to the suggestion that IF contribute to the cellular integrity predominantly
under high-strain conditions where a cell is deformed far above its physiological range [70].
Yet, for many cell types a change in the orientation and density of the IF network can be
observed when shear stress is applied [61, 71]. IF have been shown to be reinforced into
thicker bundles when mechanical stress is applied and thereby make the cells more robust
which indicates a mechanical role of IF also at relatively low mechanical stress [71]. The

Figure 1.8: Elements of the cytoskeleton in adherent cells. A) Schematic of the actin stress
fibers (red), intermediate filaments (green) and microtubules (yellow) in an epithelial cell. The
cytoskeleton is connected by desmosomes to neighboring cells and to the ECM via focal adhesions.
B) Cytoskeletal elements of a HeLa cell shown by fluorescently labelled actin stress fibers (phal-
loidin, red), vimentin IF (GFP, green) and nucleus (DAPI, blue). The scale bar represents 20 µm.
C) Molecular architecture of actin filaments, IF and MT.

cytoskeleton is physically connected to the cell’s environment, ergo neighboring cells or the
ECM, by special contact sites. Cells attach to the ECM using integrin receptors that span
the cell membrane and bind to actin-binding proteins in the cytosol. These actin-binding
proteins, such as talin, vinculin and paxillin, then provide the further linkage to the actin
cytoskeleton [72, 73]. Multiple integrins form clusters called focal adhesions (FA), that
locally anchor the cell to the ECM. These adhesions undergo a constant turnover and
new FAs are formed at locations where mechanical force needs to be transmitted to the
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surrounding while elsewhere existing connections are disassembled. The site-specific force
sensing that allows such an adaptive assembly of FA is realized, at least in part, by con-
formational changes in vinculin [74]. In addition to FA, cells can form connections to
adjacent cells, so called desmosomes, by transmembrane proteins of the cadherin family.
The cytoplasmic part of cadherin proteins is linked to the actin network and the extra-
cellular part binds with similar proteins from other cells. The inter-cellular linkage allows
the force transmission between the cytoskeletons of different cells which has been shown
to regulate the functional state of cells within tissue [75,76].

Diameter [nm] Persistence length [µm] Reference

F-actin 5-10 10 [67]

IF 10 1 [6]

MT 25 103 [67]

Table 1.3: Mechanically relevant parameters of cytoskeletal elements

Mechanics of the cytoskeleton

The different cytoskeletal networks are not isolated but rather interconnected by various
proteins. For example, plectin acts as a universal linker protein that connects IF, MT
and stress fibers to one another as well as towards focal adhesions, desmosomes and the
nucleus [77]. Furthermore, stress fibers can be linked to IF and MT by multiple proteins
of the plakin family [78]. As described above, each individual network possesses unique
molecular qualities that result in distinct mechanical properties - linking structure with
mechanics. While f-actin and IF withstand tensile forces, MT structures are built to re-
sist compression forces. However, to understand how cells response to physical forces, a
universal model that takes all three cytoskeletal elements and their interconnectivity into
account is required.
First, consider the possible configuration of a self-assembled network of loose fibers (f-
actin) connected to rods (MT). Such an arrangement would hardly be able sustain its shape
against any disturbing force as its structural components are not fully constrained [79].
To avoid this freedom in motion, the entire system needs to be ’latched together’ in some
way. Such a so-called prestress to the cytoskeleton is provided by the contractile force gen-
eration by actomyosin. Neighboring actin fibers become cross-linked by multiple myosin
motor proteins that pull on the fibers and thereby create tensile forces [57]. This leads to
a contraction of stress fibers which then causes the entire network to become taut. As the
stress fibers are connected to other components of the cytoskeleton, the prestress is trans-
mitted across the entire interwoven system. Several elements can resist such a contraction:
MT can bear compression and thereby give an internal counterpart to the cell membrane
against tensile loads. Moreover, cells and thereby the cytoskeleton, are constrained in their
surrounding by focal adhesion sites or cell-cell adhesion complexes that resist the cell-
generated contraction. Taken together, this creates a prestressed or tensegrity system,
where pulling forces from stress-fibers are in balance with compression resistance from
MT and external anchorage points [62,79]. This prestress is thereby maintained and effec-
tively stabilizes the cytoskeleton against local mechanical disturbance [62]. This building
principle is called ’cellular tensegrity’ [80] and explains many observed mechanobiological
phenomena in cells [62]. It was adapted from architecture, where the term tensegrity was
firstly coined by the Buckminster Fuller, who described the interplay of tension bearing
cables and rigid struts as an economic and structurally efficient way to construct buildings
and structures [81]. An example how tensegrity gives stability to a large-scale work of art
is shown in Fig.1.9.
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Several experiments have demonstrated that the assumptions of tensegrity can be ap-
plied to cells. For instance, actin filament bundles in living cells were disrupted by
laser nanoscissors and reacted immediately through contraction indicating their tensed
state [82]. Brangwynne and coworkers demonstrated that microtubules bear large-scale
compressive loads by applying compressive forces via microneedles on MT and thereby
causing similar buckling as observed in vivo [83].
So far, the model of a prestressed cytoskeleton did not require the mechanical contribution
of intermediate filaments. Stress fibers as cables and MT as rods should be sufficient to
build a stable structure. Yet, computational modelling of a simple cytoskeleton in tenseg-
rity architecture showed that the addition of IF influenced the time-dependent elasticity
of the system and prevent peak values at specific frequencies [84]. From microrheological
measurements of cell stiffness, it is known that IF contribute to the overall mechanical
response and that the absence of vimentin IF caused a reduced proliferation rate in fibrob-
lasts [70]. However, because IFs are soft at low strain, their contribution to cell elasticity
is assumed to be only relevant for large deformations [62, 70] where strain stiffening sets
in [66].
Indeed, tensegrity is able to describe many cellular phenomena but it is not a complete
model. Multiple aspects of cell mechanics like the elastic properties of cytoskeletal com-
ponents or the presence of multiple compressed MTs at nodes are not covered by tenseg-
rity [85]. Some mechanical behavior can better be understood in model systems that
assume cells as soft glassy material or the cytoskeleton as viscoelastic polymers [86, 87].
Each model thereby covers only parts of the whole system and should be considered as
incomplete in describing cellular mechanics.

Figure 1.9: Tensegrity, the combination of tension and structural integrity, allows the Needle
tower (by Kenneth Snelson, 1968) to stand up to 18 m without having a continuous rigid structure.
Picture taken by the author outside the Hirshhorn Museum and Sculpture Garden in Washington,
DC, United States.

1.3.3 Mechanosensing in cells

Cells are active objects which exert physical forces to their surrounding and can adapt
their cytoskeleton in response to mechanical stimuli [88]. While most cellular processes,
like enzyme activity, reaction rates and affinities are seen as pure chemistry, the influ-
ence of mechanical forces on cell behavior has become increasingly apparent [89]. This

18



Chapter 1. Introduction

mechanosensitivity is most obvious in the senses of hearing and touch, where pressure
is converted into neural activity that leads to a signal and the body’s perception [90].
However, already on the level of single cells (and even single enzymes) one can observe
different reactions to physical forces that influence cell motility or even cell differentiation
into specific lineages [1, 61,91,92].
Recent studies have shown that cells actively pull on their surroundings to probe its stiff-
ness and then convert the obtained information into behavioral changes [93,94]. Thereby,
the matrix stiffness directly influences the cytoskeletal tension, amount of focal adhesions
and adherens junctions, and is able to drive fibroblasts into a tumor phenotype [2].
In tissue, cells use mechanical clues to undergo mitosis in a favorable direction [95]. The
forces between neighboring cells lead to a directed movement of the cell collective, which
is required in morphogenesis [96] and tissue repair [97]. It was shown that these cell-cell
interactions are not only chemical but also physical, and therefore require mechanical sens-
ing. Moreover, a complex tug-of-war like interaction between leader cells at the leading
edge and more remote cells have been found [98]. All those examples cannot be reduced
to one single reaction pathway; instead, a variety of mechanosensitive proteins in different
locations (and under different loads) must be invoked to explain those observed behaviors.

In general, the sensing process can be classified in three distinct steps: 1) force trans-
mission, 2) transduction, and 3) response [88, 89]. First, mechanical forces from external
sources like the ECM, neighboring cells or the substrate as well as internal pressure and ten-
sion are directed to mechanosensitive elements. Here, the force is converted (transduced)
into chemical signals [89]. These cause the binding of molecules, start a polymerization or
switch membrane channels [99] and finally even might change gene expression [61].
As an example, the pulling of nearby cell acts firstly on an adhesion protein like cadherin
which is connected to the cytoskeleton. Next, the force is propagated by rigid proteins or
long-range protein networks like the actin filaments or intermediate filaments to force sen-
sitive proteins (e.g. talin) which respond by changing their conformation [89]. As a result,
the altered protein offers new binding sites that allow reinforcing proteins (e.g. vinculin) to
locally stabilize the cytoskeleton [100]. Taken together, the external tensile force is firstly
passed on to a non-arbitrary intracellular site where sensing takes place and a response
in form of additional binding is initiated [88]. An overview of various sensing mechanism
is given in table1.4. When investigating the effect of mechanical interference with cells,
one has to consider the temporal component, too. Cyclic changing forces might result in
different response than static ones or changed force rates. In addition, the overall duration
of the applied force will cause further mid-term and long-term reactions like migration or
apoptosis [61, 89]. At the heart of all those sensing processes stands a conformational
change of the involved protein that triggers a desired response. In the research chapters of
this thesis, I will investigate a variety of systems that show changes in secondary structure
in response to mechanical forces or surrounding conditions.

1.3.4 Probing cellular mechanics

Several methods have been established to investigate the mechano-response of cells over
the last years.

Active deformation

A first group of experiments uses direct physical probes to apply a local force to the
specimens. In this way, the cellular elasticity can be quantitatively measured by nano-
indentation with AFM [105], which provides information on the in vivo mechanical prop-
erties of cytoskeletal elements [106]. Optical tweezers, where the focus of an intense laser
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Type Description Function Reference

Ion-channel
opening

The mechanosensitive channel
of large conductance’ opens
its transmembrane barrel in
response to increased lateral
tension

Regulation of os-
motic conditions

[99,101]

Exposing
cryptic bind-
ing sites

Talin-1 is bound to focal ad-
hesions and possesses a tail
rich in vinculin-binding sites.
These are mostly inaccessible
in the relaxed state but be-
come exposed under force to
allow vinculin recruitment.

Stabilization of con-
nections between fo-
cal adhesions and the
cytoskeleton

[100]

Exposing
cryptic bind-
ing sites

Tensile load causes P130Cas
substrate domain protein to
extend. This results in higher
levels of phosphorylation and
initiates the RAP1 signaling
pathway

Formation of cell ad-
hesions, morphogen-
esis, cell growth

[102,103]

conformational
change in the
filament

Actin filament bending affects
the location of branch nucle-
ation.

organizing the
cytoskeleton in
response to force

[104]

Table 1.4: Examples of mechanosensitive proteins.

beam creates a local dragging force, can be used to apply forces either by manipulating
microbeads with linker molecules to the cell membrane [107–109] or by optically trap-
ping and thereby squeezing the cell itself [110]. Similar experiments can be performed
with super-paramagnetic beads that are bound to a cell. By applying a high magnetic
field gradient on a metal needle mounted on a micromanipulator one can create precise
displacements of the beads and thereby creating a well-defined local pulling force [111].
Another tool is micro aspiration, where a micropipette and negative pressure is used to
locally suck in the cell surface. From observing how the leading edge moves into the glass
tube one then can gain insights on the physical properties [112,113].
Macroscopic stretching of elastic membranes can be utilized to deform cells that are grown
on such a substrate. Flexible materials such as polydimethylsiloxane (PDMS) can be
molded or spun into optical transparent and biologically inert thin films that are suitable
for culturing cells [114,115]. The deformation of such a membrane is almost homogenous
over the entire area providing a precise local deformation of each cell [115]. As the samples
are covered in medium during the entire time, those cell stretching devices allow long-term
measurements to study oscillatory strain [114,116,117].

Substrate stiffness

Besides those active methods, the substrate itself where cells are grown on top or inside
can act as a mechanical inducement. Cells feel their environment and try to balance out
the external stiffness with internal presstress of the cytoskeleton [62]. One therefore can
vary the substrate stiffness or creep behavior to induce a specific response [1, 91, 118].
The elastic modulus in biological material spans several orders of magnitude from soft
eurkaryotic cells (1 − 103 Pa), muscle cells (104 Pa) tendon (107 Pa) up to bone tissue
(109 Pa) [119]. This variability in stiffness is of special interest in the case of cancer
mutations, where the cellular modulus is increased from ∼170 Pa for normal mammary
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gland cells to 4000 Pa in tumor cells [2]. Substrates of different stiffness are used in a vast
number of studies and led to striking insights on cell mechanics so far [92, 120]. Paszek
and coworkers demonstrated that the matrix stiffness can regulate cytoskeletal tension
and change the tissue phenotype [2]. By altering the collagen substrate stiffness between
170 Pa and 5000 Pa they found changes in single cell and cell colony morphology as well
as upregulated actin, vinculin and focal adhesion kinases on stiff surfaces [2]. Even more
pervasive response to substrate elasticity was shown for mesenchymal stem cells. These
cells developed into specific lineages (neurons, muscle or bone cells) as predetermined by
the respective matrix elasticity [1].

Chemical agents

A more indirect yet powerful way to perturb the mechanical equilibrium of cells is by
manipulating the cytoskeletal components with chemical agents. By selectively removing
or deactivating elements of the cytoskeleton one can investigate its respective contribution
to the global mechanical properties.
Stress fibers can be depolymerized by latrunculin-A, a marine toxin, without affecting the
MT network [121, 122]. The loss of actin cables releases all intracellular prestress and
leads to spherical cells. Another, more gentle way to reduce cellular tension is switching
off the actomyosin system with the molecule blebbistatin, while f-actin stays structurally
intact. Through the inhibition of adenosine triphosphates by blebbistatin, motor proteins
like myosin get blocked which then prevents further f-actin contraction and therefore the
generation of tension [123]. To disturb the microtubule structure, cells can be treated
with colchicine, which binds to the tubulin heterodimers with high affinity and thereby
suppresses the assembly of MT. This results in mostly depolymerized tubulin over time
[124,125]. Intermediate filaments can be specifically disrupted by the drug cycloheximide
while the other cytoskeletal components remain unaffected. The disassembly is reversible
and new IF were shown to form within several hours [126].

1.3.5 Mechanically induced structural transitions in biopolymers

In this thesis, the mechanical behavior of two loadbearing biopolymers is studied: fibrin
in chapter 3 and vimentin intermediate filaments in chapter 5. Both proteins are shortly
described in the following sections followed by a discussion of their common structural
features.

Fibrin as extracelluar loadbearing protein

The essential protein in blood clot formation is fibrin, which forms a mesh-like polymeric
network together with platelets to stop bleeding [27,41]. To form such a macroscopic plug,
the protein gel must be able to withstand the pressure of blood flow as well as occurring
deformations without failure. Therefore, the structure should be able to react elastically
to allow flexible response for small displacements while becoming stiff and rigid for larger
strains [27]. This is achieved by a multi-scale mechanical response that’s based on several
hierarchical acting mechanisms [40,41].
Fibrin is polymerized through the activated protease thrombin from the monomer fib-
rinogen that circulates in the bloodstream [27, 128]. Figure 1.10 depicts the molecular
structure of the precursor fibrinogen consisting of three chains (Aα,Bβ, γ), two terminal
D-regions and a central E-regions which are connected by coiled-coil segments. To initi-
ate the polymerization, thrombin cleavage releases the fibrinopeptides FpA and FpB and
thereby makes the knobs ’A’ and ’B’ accessible for binding.

In a first stage, fibrinogen assembles into protofibrils of half-staggered opposing molecules

21



Mechanobiology

Figure 1.10: Structure of monomeric human fibrin. Figure adapted from [127] and based on
PDB:3GHG

Figure 1.11: Fibrin structure and elastic properties. (A) Scanning electron microscopy image of
a fibrin clot showing thick fibers with few branching points, reprinted from Weisel, 2004 [27]. The
scale bar represents 5 µm. (B) Schematic illustrating the different strain regimes of fibrin. At low
strain the network stiffness is elastic and mainly caused by thermal fluctuations (1). Increasing
strain leads to stiffening of the fibrin sample as the thermal slack from fibers segments is pulled out
(2) followed by a plateau regime where fibers are stretched and undergo conformational changes
(3). Final strain-stiffening sets in when all extendable domains are stretched (4) [40,41].
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followed by lateral connection of protofibrils into fibers. These fibers are non-covalently
bound and equilateral branching takes place to create an interwoven three-dimensional
network (see also Fig.1.11A) [27, 129]. This initial fibrin formation is followed with some
delay by cross-linking by activated factor XIII [130] where the C-terminal γ-chains of ad-
jacent fibrin molecules is linked by covalent isopeptide bridges [27].
A polymerized and cross-linked fibrin hydrogel shows viscoelastic properties that result
from the consecutive responses that take place on the different hierarchical levels of the
network as depicted in Fig.1.11 [27, 40, 41]. Most importantly, high strains are required
to cause strain-stiffening. This offset between initial linear regime (2) and the nonlinear
stiffening (4) is caused by the sequential unfolding of the α-helical domains into β-sheet
leading to a constant force that is necessary for further elongation of the material (regime
3 in Fig.1.11B) [9, 17,41,131].

Vimentin intermediate filaments

Intermediate filaments are formed by a diverse group of proteins that share a similar
structural design. A coarse classification distinguishes keratins, found in hair, nails and
feathers, lamins that supports the nuclear envelope and vimentin-like cytoplasmic IF form-
ing proteins [38]. The following section describes vimentin, the most abundant IF forming
protein in mesenchymal cells, and how it assembles into intermediate filaments.
The vimentin monomer consists mainly of a α-helical rod domain of ∼45 nm length and
non-helical, flexible terminal domains (head and tail) [38, 132]. Its central rod domain is
subdivided in three helices (coil1A, coil1B and coil2) that are connected by linker seg-
ments (L1 and L12) that act as hinges for the otherwise rigid helix domains as illustrated
in figure 1.12A. The head domain is required for the assembly of higher-order structures
but the exact molecular mechanism is still unknown [133,134].
Two individual vimentin monomers form a dimer by curling into a coiled-coil formation,
which is the basic building block for further assembly [38]. The dimers firstly form pre-
mature unit-length filaments (ULFs) consisting of the lateral grouping of typically eight
antiparallel tetramers [38, 39]. Those ULFs then grow stepwise into micrometer-long fila-
ments that form spread out networks in vivo [133]. While the exact process of branching
and network formation within cells is still unknown [135], in vitro studies on hydrogel
systems have shown that vimentin IF form networks of about 1 µm mesh size [136]. The
mechanical properties of vimentin IF have been investigated experimentally in the form
of hydrogels [66] and single filaments (figure 1.12B) [30, 39] as well as by MD simula-
tions [7, 30, 137]. It was found that vimentin IF under tensile load exhibit distinct strain
regimes that reflect different mechanisms. At low strain, the samples behave with linear
elasticity followed by a plateau regime that continues until strain stiffening sets in for large
deformation [7,39]. The extensibility for Vimentin IF is many-fold larger than for actin or
microtubule and can reach up to 350 % of the initial length before rupture [39,66]. Similar
to fibrin, the delayed stiffening results from the sequential unfolding of α-helical structure
to β-sheet structure and the associated gain in molecule length [7, 30]. This unfolding
process is discussed in more detail in chapter 5.

Coiled-coil as a fundamental motif in structural biomaterials

Fibrin and vimentin filaments share common features that can be seen as universal for
structural biomaterials. Both proteins fold to a large degree into α-helical domains that un-
dergo structural transitions into β-sheets under extensional force. The fibrinogen monomer
and the basic vimentin dimer form a coiled-coil motif where several α-helical segments
wrap around each other. This superstructure provides additional structural stability as
the disruption of the coiled chains requires firstly helix unfolding followed by an unzipping
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Figure 1.12: Vimentin structure and mechanical properties. (A) Structural model of human
vimentin dimers based on crystallographic data, adapted from Chernyatina et al. [132]. (B) Force-
strain curves of vimentin filaments at different loading rates, reproduced from Block et al. [39]
under CC BY 3.0.

process. Taken together, this creates a high energy barrier that protects the protein’s
structural integrity against mechanical forces [21, 138]. At low strain vimentin IF [66] as
well as fibrin [41] are very soft materials allowing for elastic response to small deformations.
For both systems, the strain-hardening does not occur immediately (as for actin [139]) but
for large deformation. Before reaching the nonlinear stiffening regime, energy is required
to unfold the α-helix segments into an extended form [6, 7, 9, 32]. Because of the simi-
lar secondary structural design, the mechanical behavior of both proteins under load is
rather similar. While fibrin has to provide stability on the macroscopic scale of a blood
clot, vimentin intermediate filaments have the comparable role of a ’safety belt’ within a
cell [140,141].

1.4 Coherent anti-Stokes Raman scattering

The following chapter outlines the theoretical background for coherent anti-Stokes Raman
scattering (CARS) spectroscopy as it is used for the experiments in this thesis. Starting
from spontaneous Raman scattering, the basics of nonlinear Raman interaction are derived,
followed by a detailed overview on broadband CARS and the required processing that
result in a quantitative spectrum of the probed sample.

1.4.1 Spontaneous Raman scattering

Light can interact with matter by absorption or scattering. When a photon gets elastically
scattered by a molecule the resulting photon contains the same energy as the incident one.
This process is called Rayleigh scattering and no energy is transferred from the incident
photon to the molecule. Thus, no information on the interaction partner can be obtained
from this process when analyzing the (energy of) scattered light [43]. Spontaneous Raman
scattering on the other hand results from inelastic light scattering, where the emitted pho-
tons either lose or gain energy with respect to the exciting ones. A photon with an initial
energy of ~ω1 might lose some energy when colliding with a molecule which then becomes
excited into a higher energy level v. This surplus in energy is converted into vibrational,
rotational or electronic energy of the molecule [43]. The resulting photon possesses a
Stokes-shifted frequency ωs = ω1 − ωv reflecting its lower energy. But also the opposite
situation is possible: If an initially excited molecule scatters a photon, it will be excited
further into a virtual state, which is not necessary an eigenstate of the molecule [43], and
immediately fall back to ground state while emitting a photon that obtains the entire
energy difference. The frequency of such an anti-Stokes shifted photon is ωas = ω1 + ωv.
All three processes are summarized in the level diagram in figure 1.13.
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Figure 1.13: Jablonski diagram of Rayleigh scattering and the two types of spontaneous Raman
scattering.

The scattering mechanism can be understood as a interaction of the oscillating electric
field of a photon and the electron cloud of a molecule if both are brought in close proximity.
The Coulomb force caused by the electric field drives the electrons, which follow the field
instantaneously with the same frequency as the exciting light. Because the electrons are
bound to nuclei, their oscillation is coupled to nuclear motion and energy transfer between
both is possible.
In the non-resonant case, the electric dipole moment µ is given by the product of po-
larizability α(t) and the driving field, defined by its amplitude A and its frequency ω1

as
µ(t) = α(t)E(t) = α(t)Ae−iω1t. (1.11)

The optical polarizability of a molecule depends on the time-dependent internuclear sep-
aration Q(t) and can be written for small displacements in form of a Taylor series as

α(t) = α0 +

(
δα

δQ

)
0

Q(t) + ... (1.12)

The nuclear motion Q(t) can be described as a classical harmonic oscillator that is fully
defined by its amplitude Q0, the nuclear resonance frequency ων and the phase of the
nuclear mode vibration ϕ. We therefore can write

Q(t) = Q0

[
eiωνt+iϕ + e−iωνt−iϕ

]
. (1.13)

Using this definition in eq.1.12 gives the dipole moment µ of a molecule in the expanded
form of eq.1.11 as

µ(t) = α0Ae
−iω1t +A

(
δα

δQ

)
0

Q0e
−i(ω1−ωv)t+iφ +A

(
δα

δQ

)
0

Q0e
−i(ω1+ωv)t−iφ (1.14)

where α0 is a constant polarizability, δα/δQ the coupling strength between nuclear and
electronic coordinates and φ the phase of the nuclear vibration.
An oscillating dipole therefore emits new electric fields when being excited from an in-
cident photon. By taking the frequencies appearing in each term into account, one can
associate the first term to Rayleigh scattering while the two last terms describe Stokes-
and anti-Stokes Raman scattered contributions which allow the direct measuring of the
vibrational frequency of the dipole. Both Raman terms are direct proportional to the am-
plitude of the nuclear motion as well as to its influence on the polarizability. Furthermore,
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the phase-shift φ indicates that the Raman signal of a sample is incoherent because the
phase shift is different for each dipole emitter while the Rayleigh scattering is independent
from the nuclear vibration and therefore coherent.
Raman scattering spectroscopy is a useful and established tool but suffers from the low
cross section of the Raman processes. The emitted intensities at the Stokes- and anti-
Stokes frequency depend on the polarizability of the molecule and are therefore much
weaker than Rayleigh scattering [142]. Thus, only about 1 out of 108 photons are Ra-
man scattered [143] and one has to pay in long acquisition times or high excitation laser
intensities to obtain a sufficient strong signal.

1.4.2 Towards greater signal: CARS

Various techniques have been developed to enhance the weak Raman signal and thereby
increase its sensitivity as a spectroscopic tool. By tuning the excitation laser frequency
close to the molecular vibration of interest, the scattering cross-section becomes enhanced
by several orders of magnitude. Yet, this so-called resonance Raman scattering suffers in
many cases from strong fluorescence and sample decomposition [143]. Another group of
methods employs field-enhancement effects at metallic interfaces (lightning rod effect) to
generate more Raman scattering. Those high local fields can be achieved by rough surfaces
and close to metal nanoparticles (surface enhanced Raman scattering, SERS) [144] from
where the tip of an AFM cantilever can be seen as the most well-defined one (tip-enhanced
Raman scattering, TERS) [145]. A third approach takes advantage of the simultaneous
interaction of multiple fields with the sample which will be discussed in more detail in the
following.
In coherent Raman scattering, additional stimulating fields enhance the probability of
emitting radiation at the Raman-shifted frequencies [42]. The two main optical techniques
are stimulated Raman scattering (SRS) [146] and coherent anti-Stokes Raman scattering
(CARS) [147], which both were firstly described in the 1960th but only became popular to
study biological samples in the last two decades due to technological progress [148–151].
SRS differs from spontaneous Raman scattering in the way how individual modes are
oscillating compared to each another. While in spontaneous Raman scattering the oscilla-
tions are incoherent they become synchronized and therefore coherent in SRS. This results
in a coherent polarization in the samples and thereby an amplification of the scattering
process itself [152]. However, the SRS signal spectrally overlaps with the excitation field
signal and a sophisticated separation by lock-in amplifiers is required to obtain quantita-
tive results [151, 153]. A detailed summary on SRS can be found in recent reviews from
Prince [153] and Cheng [151].
The experiments described in this thesis are based on the CARS technique, which will
be discussed in more detail in the following. To derive the main properties of coherent
Raman scattering with a focus on the CARS process, I follow the line of arguments from
Boyd [154] and Potma [155]. The central question to solve is how to get a stronger signal
without increasing the average laser intensity.

A Raman signal becomes amplified when the interaction of the exciting field with the
molecular vibration gets stronger, for example by driving the oscillator at its resonance
frequency. This can be achieved by combining two incident fields with a frequency differ-
ence matching the resonance frequency of a vibrational mode. For a weak exciting electric
field, the polarization depends linear on the field and can be written as:

P (t) = ε0χE(t) (1.15)

If the incident field becomes large, the electron cloud is no longer able follow the driving
field in a linear fashion and the interaction becomes nonlinear. For such a nonlinear case,
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the induced polarization can be described by expanding eq.1.15 into a power series as
followed:

P (t) = ε0

[
χ(1)E(t) + χ(2)E2(t) + χ(3)E3(t) + . . .

]
(1.16)

where χ(n) is the nth order susceptibility.
In coherent Raman scattering two optical fields oscillating at frequencies ω1 and ω2 are
employed to drive a molecular vibration of a molecule. For ω1 > ω2 the combined fields
cause a nonlinear electron motion at the (difference) beat frequency Ω given by

Ω = ω1 − ω2. (1.17)

Figure 1.14: Interference of two oscillations at different frequencies (panel a and b) resulting
in oscillation at the beat frequency (c). When the oscillation of both fields are in phase, their
summed amplitude becomes maximal while both oscillations annihilate for a phase difference of π.
The perceived oscillation is indicated by the the envelope of the beat pattern (dotted line in c).

The interference of two fields and the resulting acting field is illustrated in figure 1.14.
While the independent fields are oscillating too fast for the inert nuclear vibration to
follow, the beat frequency is not and thereby capable to act upon the molecule. The
resulting interaction of both fields with a molecule induces a time-dependent force F on
the molecule given by

F (t) =

(
δα

δQ

)
0

[
A1A

∗
2e
−i(Ω)t + c.c.

]
(1.18)

For the coherent case, we refine our assumptions by a radiative energy loss that dampens
the molecular oscillation and thereby determines the Lorentzian line profile of the Raman
transition [43]. Then, the damped harmonic oscillation of the nuclear displacement, that
is driven by the force F (t), satisfies the following differential equation:

d2Q(t)

dt2
+ 2γ

dQ(t)

dt
+ ωv =

F (t)

m
(1.19)

where m is the reduced mass of the oscillator and ωv is the resonance frequency. Like in
eq.1.13, the nuclear displacement for such an oscillating system is found by

Q(t) = Q(Ω)e−iΩt + c.c. (1.20)

The dependence of Q with respect to the resonance frequency can be analyzed by looking
at the harmonic oscillator in frequency domain. By applying the inverse Fourier transform
on eq.1.19 one can describe the damped harmonic oscillator as(

d2

dt2
+ 2γ

d

dt
+ ωv

)∫ +∞

−∞
Q(ω)eiωtdω =

1

m

∫ +∞

−∞
f(ω)eiωtdω (1.21)
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∫ +∞

−∞

(
d2

dt2
+ 2γ

d

dt
+ ωv

)
Q(ω)eiωtdω =

1

m

∫ +∞

−∞
f(ω)eiωtdω (1.22)

and after another transformation this results in∫ +∞

−∞

(
−ω2 + 2iγω + ωv

)
Q(ω)eiωtdω =

1

m

∫ +∞

−∞
f(ω)eiωtdω (1.23)

which can be integrated to obtain the algebraic form

(
−ω2 + 2iγω + ωv

)
Q(ω) =

f(ω)

m
(1.24)

By inserting the Fourier transformed eq.1.18 in eq.1.24, one finds the amplitude of the
nuclear displacement as a function of the resonance frequency by

Q(ωv) =
1

m

(
δα

δQ

)
0

A1A
∗
2

ω2
v − Ω2 − 2iΩγ

(1.25)

which becomes maximum when Ω matches the resonance frequency ωv. Furthermore, it
scales with the amplitudes A1 and A2 of the incident fields and the strength of coupling
between the nuclear and electronic coordinates. The interaction between the two incom-
ing fields and the molecule therefore grows rapidly when Ω approaches a resonance of the
nuclear mode.

So far, we have described a way to drive a strong molecular vibration by excitation of
a molecule with two well-defined electric fields (which are completely in phase). But what
are the implications of such a driven mode? The oscillating molecule alters the refractive
index in its surrounding and thereby enhances its electronic polarizability. In consequence,
the molecul’s Raman scattering cross section is enhanced, too. A third electric field - the
so-called probe field - will be strongly Raman scattered by such a molecule and generate
new Stokes- and anti-Stokes shifted fields.

For simplicity, we can suppose a probing field of similar frequency of either ω1 or ω2,
which will then give the Stokes shifted contribution as

ωs = 2ω2 − ω1 (1.26)

and the anti-Stokes shifted frequency as

ωas = 2ω1 − ω2. (1.27)

The corresponding energy diagrams are shown in figure 1.15.

Figure 1.15: Jablonski diagram illustrating the four-wave process of (A) coherent Stokes Raman
scattering and (B) coherent anti-Stokes Raman scattering.
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The intensity of such a scattering process depends on the coherent oscillating polarization
of the involved driven molecules. For an ensemble of N molecules, we find the macroscopic
polarization to be

P (t) = N

[
α0 +

(
δα

δQ

)
0

Q(t)

]{
A1e

−iω1t +A2e
−iω2t

}
(1.28)

More specifically, when looking only at the contribution that is oscillating at the anti-
Stokes frequency and therefore ignoring α0 as well as the term for E2, we find by using
eq.1.25 the amplitude of the polarization in the frequency domain to be

P (ωas) =
N

m

(
δα

δQ

)2

0

1

ω2
v − Ω2 − 2iΩγ

A2
1A
∗
2 (1.29)

The essence of this equation is pooled as the nonlinear susceptibility χNL:

χNL(Ω) =
N

6mε0

(
δα

δQ

)2

0

1

ω2
v − Ω2 − 2iΩγ

(1.30)

Here, the numerical factor 6 originates from total number of contributing permutations
of the field frequencies (3!) [154] and ε0 is the vacuum permittivity. For CARS, the
third-order nonlinear susceptibility χ(3) consists of a non-resonant, frequency-independent

contribution χ
(3)
NR originating from electronic resonances, and a resonant part χ

(3)
R from

the vibrational resonances.

χ(3) = χ
(3)
NR + χ

(3)
R (1.31)

From eq.1.29 one can see that the polarization is comprised of a real and an imaginary
part and the susceptibility can be expanded to:

χ(3) = χ
(3)
NR +

(
χ

(3)
R′ + iχ

(3)
R′′

)
(1.32)

As shown earlier, the induced polarization then can be written as

P (3)(ωas) = χ(3) × E2
1 ∗ E2. (1.33)

The intensity of the emitted CARS signal at the anti-Stokes frequency is thereby propor-
tional to the modulus of the polarization

ICARS ∝
∣∣∣P (3)

∣∣∣2 (1.34)

This raw CARS signal is perturbed relative to the spontaneous Raman spectrum because
of the mixing of non-resonant and resonant contributions resulting in the relation

ICARS ∝
∣∣∣P (3)
NR

∣∣∣2 + 2P
(3)
NR · P

(3)
R +

∣∣∣P (3)
R

∣∣∣2 (1.35)

and is proportional to the nonlinear susceptibility as follows [150]:

ICARS ∝ |χR(ω)|2 + 2<{χ∗R(ω)χNR(ω)}+ |χNR|2 (1.36)

Here, the spectral information about the sample is given by the phase function and thereby
the imaginary part of χR.
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1.4.3 Broadband CARS

So far, CARS was treated as a four-wave mixing process resulting in an anti-Stokes signal
at a well-defined frequency. However, this approach only would involve a single molecular
vibration as set by the tuning of pump and Stokes frequency and result in the intensity
information for a single mode.
To obtain ’chemical information’ of a sample, it is desirable to probe several modes simul-
taneously and modified CARS setups have been designed to achieve this goal. The state-of-
the-art experiments employ a spectrally broadened Stokes beam to excite all Raman-active
molecular vibrations simultaneously and collect a CARS spectrum covering several thou-
sand wavenumbers within milliseconds acquisition time [150]. These methods are termed
differently depending on the spectral bandwidth they provide as multiplex CARS (from
300-1500 cm−1) or broadband CARS (BCARS, 500-3000 cm−1) [156]. Because a full spec-
trum is acquired, a more subtle analysis of the chemical composition is possible [156,157].
In this work, BCARS is used as it acquires signal from both the fingerprint region (800-
1800 cm−1) and the CH-stretch region (2840-3000 cm−1) of the spectrum and therefore
gives a comprehensive insight to biological specimens.

Figure 1.16: Jablonski diagram for broadband CARS. A spectrally broad Stokes field (ω2) is
employed to excite multiple modes simultaneously (instead of a defined Stokes field as shown in
figure 1.15) resulting in CARS signal (ωas) containing the spectral information of the involved
molecular vibrations.

Phase retrieval and background correction

As derived earlier (see equation eq.1.36), the detected CARS signal consists of a non-
resonant and a resonant contribution from which only the imaginary part contains in-
formation on the Raman line shape [158]. Furthermore, χ(3) depends linearly on the
molecular concentration. The spectral phase of the CARS signal is necessary to extract
the =(χ(3)) features, and this signal can be retrieved quantitatively by two functionally
equivalent approaches [159]: a method employing the maximum entropy [158, 160] and a
method that exploits the Kramers-Kronig (KK) relation in the time domain [161].
In this work, the Kramers-Kronig method is used to isolate the imaginary component of
the resonant CARS signal from the non-resonant background (NRB), which will be ex-
plained briefly in the following section.
The Kramers-Kronig relation connects the phase information of a complex signal to its
modulus by integrating over the entire frequency space:

ϕ(ω) = −P
π

∫ +∞

−∞

ln|χ(ω
′′
)|

ω′′ − ω
dω

′′
(1.37)
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Here, P represents the Cauchy principal value to circumvent an otherwise improper inte-
gral.
However, this expression is problematic in nonlinear spectroscopy as the ln(ϕ) diverges
to −∞ when ϕ approaches zero and the experimental data only covers a finite frequency
range. Furthermore, the non-resonant background signal contributes only a real compo-
nent which causes the total CARS signal to be unequal in its complex amplitudes which
violates the assumption of strict causality for the KK relation [150].
To avoid these difficulties, the KK relation is performed in the time domain instead of
frequency domain. To do so, the raw CARS signal and the NRB are Fourier-transformed
(FT) for further usage. Next, the envelope and phase of the NRB needs to be subtracted
from the raw CARS signal to obtain the spectral phase. This can be achieved by replacing
the amplitude of the FT CARS amplitude with the FT NRB amplitude for the negative-
time range. After a subsequent back-transformation into frequency domain, the spectral
phase can be calculated. Mathematically, the process are described by the following steps:
The phase of the CARS signal |χ(ω)| can be written as a function of the detected CARS
signal modulus by expanding the Kramers-Kronig relation.

ϕ(ω) = 2=
{
ψ(ln |χ(ω)|)− 1

2
ln |χ(ω)|

}
(1.38)

Here, ψ indicates an transformation operator defined as

ψ (f (ω)) = F
[
u(t) ? F−1 (f(ω))

]
, (1.39)

where F and F−1 represent the Fourier transform and inverse Fourier transform respec-
tively and u(t) the Heaviside function.
Because a frequency-dependent, non-flat NRB would result in a symmetric function in
time space centred at time zero, the step function is insufficient to describe this behav-
ior [162]. A more accurate representation is found by assuming that the negative-time
component arises only from the NRB while for the positive-time both NRB and reso-
nant component contribute. Thus, we can replace the product of the Heaviside function
u(t) ? F−1(f(ω) from eq.1.39 by the stepwise defined function

η(t : f(ω))

{
F
[
F−1 [f(ω)]

]
t ≥ 0

F
[
F−1 [fNR(ω)]

]
t < 0.

(1.40)

where fNR represents the non-resonant signal.
The phase ϕ(ω) can be retrieved from the known modulus by employing the Kramers-
Kronig relation eq.1.37 and by combining eq.1.40 one gets

ϕ = 2=
{
η (ln |χ(ω)|)− 1

2
ln |χ(ω)|

}
(1.41)

The third-order susceptibility, as described earlier, can be rewritten as a complex number

χ(ω) = |χ(ω)| exp [iϕ(ω)] (1.42)

from which the imaginary part follows as

={χ(ω)} = |χ(ω)| sin [ϕ(ω)] . (1.43)

The Raman-like response can therefore be calculated from the measured signal modulus
|χ(ω)| when the modulus of the non-resonant component is known, as required in eq.1.40.
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Figure 1.17: Data processing to obtain a Raman-like spectrum out of the raw CARS data of
sodium acetate. A) Raw CARS signal and measured non-resonant background. The peaks of the
raw spectrum are distorted and not quantitative. B) Signal of the Fourier-transformed NRB and
CARS in the time domain. C) Resulting imaginary part of χ(ω) and Savitzy-Golay-fit to subtract
background. D) Final Raman-like spectrum showing the correct peak shape and positions.

An experimental way to obtain the NRB signal is by taking a measurement from a reference
material (e.g. the glass coverslip or water). This method is valid if the reference does
not create a significant Raman signal in the spectral region of interest [150, 156, 163].
However, such an empirically obtained NRB is only an approximation of the true non-
resonant component and is affected by numerous errors. Obviously, the NRB might vary
to some degree between different materials and the exact beam aberration depends on the
spatial position. Furthermore, when obtaining hyperspectral images and a heterogeneous
sample is raster-scanned to take CARS spectra for multiple laterally shifted pixel, the
local NRB will differ [150]. Luckily, these distortions of the local NRB with respect to the
measured component can be assumed to vary only slowly in the spectral dimension and
can be represented by a smooth spectral function [156, 161]. The retrieved Raman-like
signal together with a disturbing varying baseline is shown in figure 1.17c. To obtain a
spectrum that represents the molecular vibrations correctly, this background needs to be
subtracted from the intermediate spectrum. As the baseline varies only slowly compared
to the relevant spectral signals, it can be approximated by a higher-order polynomial
function or an iterative non model-based Savitzgy-Golay filtered spectrum with a window
size larger than the Raman peaks of interest. Such a background subtraction then results
in a Raman-like quantitative spectrum as shown in figure 1.17d. One has to keep in mind,
that this method is only valid under ideal conditions like a constant stimulation profile and
an undistorted phase. A copious analysis of arising errors when dealing with real-world
experimental data and how to compensate for them is beyond the scope of my thesis and
can be found elsewhere [150].
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Experimental methods

In this chapter, I describe the essential experimental methods used for my research. First,
the rheology measurements to probe material properties of protein samples are illustrated.
Thereafter, the broadband CARS setup and data processing of the obtained spectra are
explained. As most samples at some time were analyzed by fluorescence microscopy, I
will outline the basic concepts of fluorescent labeling and microscopy techniques. This is
followed by the biochemical work that was done to produce deuterated vimentin for the
experiments of chapter 5. Finally, I outline the creation of a GFP-vimentin expressing
HeLa cell line.

2.1 Rheology

2.1.1 Basic concepts

The mechanical response of a material to deformation contains plenty of information about
its molecular and structural properties. Rheology is the study of material response with
respect to an applied force. It uses deformation experiments to probe the material which
then allows conclusions to be drawn about the intrinsic properties of the specimen. A
sample can be deformed in two different ways: 1) in shear, where the acting force is par-
allel to the surface that experiences deformation or 2) in tension, where the force acts
perpendicular to it (see also 2.1).

Figure 2.1: Geometries in shear rheology (A) and typical plate-plate configuration with a fix
bottom plate and a rotating top plate.

The fibrin and vimentin hydrogel samples studied in this thesis are treated as nonlinear
viscoelastic materials [66,164]. Mechanically, the elastic and viscous behavior of a material
can be described by the combination of two simple elements: the spring and the oil-filled
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dashpot. Hooke’s law describes a mechanical spring with the linear relation between force
and deformation as

τ = G · γ (2.1)

The stress τ is equal to the product of a proportionality constant G and the strain γ that
represents the relative change in length. G is called the elastic modulus and indicates how
soft or stiff a material is. Thus, to cause a certain strain one has to apply higher stress
when G is increased.
A dashpot model can be seen as a piston that is moved within a cup filled with Newtonian
oil. The stress for this element depends on the viscosity of the oil as well as the speed by
which the piston is moved. We therefore can write

τ = ν · γ̇ (2.2)

where γ̇ is the time derivative of the strain.
Both elements can be arranged in series, in parallel or combinations of both to model the
rheological profile of the sample [165, 166]. For the simple serial case one therefore can
describe a viscoelastic sample by

τ = G · γ + ν · γ̇ (2.3)

A convenient way to probe the rheological properties is by using oscillating stress or strain
and performing analysis in the frequency domain. Here, either the frequency ω or the
amplitude can be swept to obtain a response that is defined by an amplitude and phase δ
as illustrated for different cases in figure 2.2. Oscillatory stress of frequency ω is described
by

τ(t) = τeiωt−δ (2.4)

resulting in a strain of
γ(t) = γeiωt−δ (2.5)

The ratio of strain per stress then gives the complex in the frequency domain, give fre-
quency dependent dynamic modulus G∗ [164]

G∗ =
τ

γ
(2.6)

which can contain a complex contribution and therefore may be written as

G∗(ω) = G′(ω) + iG′′(ω) (2.7)

Here, the real term is called storage modulus G′(ω) and the imaginary contribution G′′(ω)
the loss modulus. A physical interpretation is that the storage modulus represents the
stored (elastic) energy in the system during the deformation while the loss modulus de-
scribes the (viscous) dissipation of energy [165]. Biopolymer networks are known to creep
under deformation, especially when not cross-linked. This behavior leads to a discrepancy
in the measured linear and nonlinear response of the system with respect to the actual
material properties when measured with traditional strain sweep methods where the am-
plitude increased with time (see Fig.2.3A). Another experimental problem caused by large
deformation amplitudes is that the response signal will be distorted by higher harmonics.
To avoid these issues, a prestress method was developed [164, 167, 168] where a baseline
prestress is continually increased on the sample upon which a small oscillatory stress is
applied. Even at high prestress, this small signal analysis allows the assumption of quasi-
linear behavior in the force response and thereby the higher harmonics can be neglected.
The applied strain profiles for the traditional method of ramped strain amplitude and
with prestress are shown in Fig.2.3B. Especially in the high strain regime the prestress
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Figure 2.2: Oscillatory stress response as a function of oscillatory strain. Panel (A) shows the
response of a perfect elastic sample where the in-phase stress is modulated only in amplitude. For
a perfect viscous (Newtonian) sample, the amplitude is equal but phase-shifted by π/2 with respect
to strain (B). A real sample (C) has both viscous and elastic components and thereby a phase-
and amplitude changed stress.

Figure 2.3: Types of oscillatory strain profiles in shear rheology. (A) Step-wise increase of the
amplitude results in higher strains. (B) A ramped and then constant prestress that is superimposed
by a small oscillatory stress probes similar stress rates but without the high oscillatory amplitudes.
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approach provides consistent results that are insensitive to creep [164]. Because of the
frequency dependence in such an experiment, the complex tangent differential modulus is
used to describe the material properties here, given by

K =
∂τ

∂γ
(2.8)

This tangent differential modulus can be obtained as numerical derivative of the experi-
mentally obtained stress-strain curve.

2.1.2 Tensile testing

In a tensile test configuration, the sample gets pulled apart in the direction of load as illus-
trated in figure 2.4. Thereby, the initial length l1 gets extended to l2 and the engineering
strain ε results as

ε =
l2 − l1
l1

(2.9)

During the deformation, the force response of the sample is recorded. To determine the
engineering stress, one needs to know the cross-sectional area of the sample. However,
in soft hydrogel samples it was not possible to monitor the sample geometry (especially
the diameter) during the deformation with the available testing devices. Thus, only the
normalized force response with respect to strain is used to describe the tensile properties
of the samples [165].

A tensile testing device (Z005, TestXpert II, ZwickRoell) with a mounted load cell (Z6FD1,
HBM) was used for tensile measurements. The samples were clamped by two grips con-
nected with the load cell (bottom) and a moveable holder (top). Then the sample was
pulled apart with constant speed (usually 10 mm/min) and the force was recorded.

Figure 2.4: Experimental geometry of a tensile test. (A) A force F is applied to a sample of initial
length l1 which then becomes extended to l2 along the direction of load. (B) Picture of a clamped
fibrin hydrogel in the tensile testing device. The initial sample dimensions of the relaxed gel were
approximately 20 mm x 0.2 mm x 5 mm (LxWxH) and direction of deformation is indicated by an
arrow.

2.1.3 Shear rheology

Shear rheology probes the mechanical properties of a sample with respect to parallel
deformation as shown in Fig.2.1A. In a typical setup the sample is placed between a fixed
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bottom plate and a top plate that can be rotated by a motor with a specific frequency and
amplitude (see Fig.2.1B). The sample has contact to the plates over the entire upper and
lower interface. Torque forces that occur for a given rotation are recorded and converted
into shear stress. As described earlier, the nonlinear response of soft hydrogel samples can
be investigated with the prestress method. In shear rheometry this can be achieved by
rotating the movable plate by a calculated angle and then adding an oscillation of small
amplitude. Shear strain is defined by the lateral displacement a caused by a shear force
F divided by the sample thickness h as depicted in Fig.2.1A:

γ =
a

h
(2.10)

The response of viscoelastic samples varies with the applied deformation and often dif-
ferent characteristic regimes (like linear or nonlinear increase) occur in the stress-strain
curves. From the analysis of such patterns and their turning points one can obtain insights
into the underlying material mechanisms that cause the sample stiffness. Experimentally,
those strain-dependent regimens are probed by a rheological prestrain sweep measurement
superposed by a small oscillatory strain where the frequency is fixed (usually at 1 Hz) and
the complex moduli are measured as a function of strain amplitude [169].
A sample is not required to support itself in the shear geometry (see Fig.2.1B) which en-
ables experiments on highly viscous materials. For example, the gel formation of fibrin or
vimentin could be observed over time where the initially liquid protein solution was poly-
merized into hydrogels. For this thesis, experiments were performed on a commercial shear
rheometer (ARES, Rheometric Scientific) and data acquisition was done in TA Orchestra-
tor software. Stainless steel plates of 25 mm diameter were used with a plate separation
of several hundred µm. Evaporation of water at the outer edge during the experiments
was prevented by sealing the samples with silicon oil (Baysilone Fluid, Bayer).

37



Broadband CARS microspectroscopy

2.2 Broadband CARS microspectroscopy

2.2.1 Technology

As described in the theory section above, the CARS process involves four electromag-
netic fields: the pump-, Stokes- and probe-field are required for the coherent excitation
that causes the emission of an anti-Stokes field. In an experimental setup, the pump-
and probe-fields can be provided by the same laser beam without disadvantages. For the
simultaneous excitation of multiple molecular vibrations as illustrated in figure 1.16, the
Stokes-field has to provide a range of different energies. This is achieved by a spectrally
broadened laser beam that contains many frequencies.

Two technological findings stimulated the further spreading of CARS microspectroscopy
[170] since 1999, when Zumbusch and coworkers demonstrated an experimental setup for
vibrational imaging [149]. By using objective lenses with high numerical aperture (NA)
both pump/probe- and Stoke-beam can be tightly focused so that the phase-matching
conditions are relaxed. The high NA generates a large cone of wave vectors that allows
phase-matching of the collinear beams to generate the anti-Stokes signal [149, 171]. Fur-
thermore, because the CARS process scales quadratic to the concentration of vibrational
modes, most signal is produced in the small focal volume where the locally strong CARS
signal can overwhelm the incoherent background of linear intensity dependence [149].

In addition to tight focusing, the performance can be optimized by choosing the laser
range in the near IR region. Even so this is contradictory to the fact that Raman scat-
tering scales with λ−4 [172], (e.g. excitation by 488 nm would generate ∼23 times more
Raman signal than 1064 nm), the lower cross section for non-resonant contributions makes
the usage of near IR lasers favorable [149]. The usage of lasers in the visible wavelength
range resulted in CARS spectra that were dominated by the non-resonant background
signal [170]. Near-IR excitation on the other hand does not excite electronic transitions
in the sample and thereby significantly reduces the NRB. Also, laser sources in the NIR
minimize two-photon interactions that can give rise of further non-resonant signal [148].
Finally, because of the lower scattering cross section at higher wavelength, the Rayleigh
scattering in the sample, especially tissue, is also reduced. This makes larger penetration
depths and thereby three-dimensional imaging inside a specimen possible [148,149].

The CARS signal depends quadratically on χ(3), and therefore the concentration of the
analyte, and cubic on laser power (see eq.1.34) whereas spontaneous Raman scattering
has a linear dependence on both variables [173]. Indeed, for samples of low concentration
and at low laser power, the spontaneous scattering process will provide more sensitivity
than coherent methods. Only when both the concentration and laser power are above a
certain threshold, the CARS process will offer a massively enhanced signal [173, 174]. By
taking the heterodyne mixing contribution into account (second term in 1.36 containing
both non-resonant and resonant signal) the CARS sensitivity can be increased for low
concentrations as this term is linear dependent on concentration [156]. In summary, it
can be ascertained that for similar laser powers and sufficient high local concentrations,
CARS provides a stronger signal than spontaneous Raman scattering and thereby allows
faster acquisition rates for a spectrum of equal signal-to-noise ratio.
This gain in speed makes spatial resolved spectroscopy possible, where a sample is raster-
scanned, and a full CARS spectrum is collected for each pixel [148]. The microspectroscopy
approach thereby collects datasets where the spatial dimensions are expanded by a spec-
tral one - e.g. a two-dimensional scan of a sample results in a three-dimensional data cube
with the third dimension being spanned by the wavenumber axis.
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2.2.2 Experimental setup for BCARS microspectroscopy

The broadband CARS setup used in this work is based on a nanosecond-laser that pro-
vides the two required laser fields as spectrally narrow pump/probe beam and white-light
Stokes beam. First experiments of multiplex CARS were built for this laser source by the
Hamaguchi group [175,176].
The setup design of the current BCARS setup is depicted in figure 2.5 and figure 2.7
and shown in 2.6. The laser beams are generated by a dual-output compact laser source
(CARS-SM-30, Leukos) where a passively Q-switched microchip laser emits spectrally
narrow sub-nanosecond pulses at λ = 1064 nm and 30 kHz repetition rate. Those ini-
tial pulses are equally divided into the pump/probe-beam and Stokes-beam. While the
pump/probe-beam is directly passed on to the optical setup, the Stokes-beam is coupled
into a photonic crystal fiber (PCF). Here, the monochromatic pulse is broadened in spec-
tral space by strong third-order nonlinear effects along the propagation in the fiber [176]
to obtain a white-light supercontinuum in the range of 0.4 to 2.4 µm. The output power
from the laser source was measured as 101 mW for the pump/probe beam and 120 mW
for the Stokes beam with a spectral power density of ∼100 µWnm−1.
After leaving the PCF, the Stokes beam is spectrally clipped to a range of 1100-1600 nm
by two filters (LP700nm, LP830nm) and linearly polarized by a Glan-Thompson polar-
izer. The pump/probe beam is slightly divergent from the laser source. It is therefore
collimated by a telescope configuration of two plano-convex lenses (L1, f=50 mm and L2,
f=100 mm). To compensate the temporal delay of the Stokes-pulse (which has to propa-
gate through the PCF first), a delay line extends the optical path by several meters length.
Hereafter the beams polarization is rotated by a λ/2 plate (1064nm) and spectrally filtered
(FL1064-10 notch filter).
Both beams are superimposed by a dichroic mirror that reflects for 1064 nm and intro-
duced via a periscope into the inverted microscopy (Eclipse Ti-U, Nikon). An objective
lens (60x/NA:1.2 NIR water immersion, Olympus or 100x, NA:0.85 air, Zeiss) is used to
tightly focus the beams in the sample plane. The total average laser power in the focal
volume is ∼30 mW. For spectral imaging, the sample stage is mounted on a xyz piezo stage
(Nano-PDQ 375 HS, Mad City Labs) for small area (75 x 75 x 50 µm) raster scanning and
a motor driven micro stage for coarse sample movement (Micro-Drive, Mad City Labs).
CARS signal that is generated in the sample is collected by a second objective lens (10x,
NA:0.25, Zeiss) and guided to the spectrograph. As only the anti-Stokes shifted signal is of
interest for the further analysis, the pump/probe and Stokes beams are blocked by a notch
filter (NF03-532/1064E-25, Semrock) and a short-pass filter (FES1000, Thorlabs), respec-
tively before entering the spectrometer (Shamrock 303i, Andor). Here, the remaining
signal is spatially separated by a diffraction grating and the spectral intensity is analyzed
with an attached cooled CCD camera (Newport DU920P-BR-DD, Andor). This results
in a spectral range from 500 cm−1 to 4000 cm−1 with a spectral pitch of ∼ 4cm−1 and
thereby covering the fingerprint and CH2/CH3 region of the Raman spectrum. The setup
is controlled by a graphical user interface written in LabView (National Instruments).
In addition to the BCARS features, the setup also allows to view the sample in normal
bright field microscopy mode. Therefore, the gold mirror in the microscope turret is ro-
tated out the optical path and the sample image is captured by a CCD camera (EXI-blue,
Chromaphor) that is mounted to the side port. The live images are displayed in the
µmanager software package (Open Imaging) for ImageJ [177].
In its current configuration, the setup provides a S/N that requires acquisition times of
100-500 milliseconds per spectrum to obtain valuable spectral data in the fingerprint re-
gion for biological sample such as adherent cells or protein gels. The imaging capability is
thereby limited to frame rates of several minutes and small images (usually 81×81 pixel).
Compared to confocal laser scanning microscopy [178] or single line CARS [151], the col-
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lection time per pixel is long. However, in broadband CARS a full Raman spectrum is
obtained instead of only an intensity value for a given wavenumber at every position.
This makes a detailed chemical analysis of the sample possible. One therefore trades
spatial-temporal resolution versus spectral information.

Figure 2.5: Schematic of the BCARS setup: part 1: ’on the table’. The two beams have to match
in space, ergo in the sample, and in time. Thus, the pump/probe beam are directed through a
delay line that adds more optical path length and thereby run time for each pulse. Filters, mirrors
and lenses are used to define the wavelength range, beam shape, polarization and direction of both
beams.

Figure 2.6: Photo taken from the current BCARS setup where the optical pathway of both
(invisible) beams is indicated by an artistic representation (Stokes beam in blue and pump/probe
beam in red).
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Figure 2.7: Schematic for the BCARS setup, part 2: ’BCARS microscope’.

2.2.3 Phase retrieval to obtain Raman-like spectra

The acquired raw BCARS spectra need to be processed further to obtain quantitative
data that is comparable to spectra from spontaneous Raman spectroscopy. This step is
done in a semi-automated way by multiple scripts in IgorPro. A schematic flow chart of
the different processing steps is shown in Fig.2.8.

Figure 2.8: Flowchart for BCARS data processing in Igor. The χ(3) component is retrieved from
the raw CARS data and prepared into a Raman-like spectrum.

Besides the raw BCARS data, a spectrum of the background (ambient light, detector
noise) and a spectrum of the non-resonant background are required for the processing.
Usually, the NRB spectrum is taken either inside the glass slide of the sample or in the
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water/buffer solution next to a specimen. This method assumes that no resonant sig-
nal is generated in the reference medium and potential resonant peaks collected with the
NRB spectrum will be eliminated during the processing [150, 161]. For the background
spectrum, the microscope shutter is closed to block the laser beams. Otherwise, both
supplementary spectra are recorded under the same conditions as the actual dataset. The
current processing assumes a constant NRB and background for all positions which can
lead to artifacts in heterogeneous samples. To filter out any signal not related with the
CARS process, the background spectrum is subtracted from all raw CARS spectra as well
as from the NRB spectrum.
The further processing, as described in the previous theory chapter, is done sequentially
for all collected pixels of the spectral dataset. In an optional step, the data range can be
clipped to a spectral range of interest (e.g. the fingerprint or the CH region only) to avoid
edge effects during error phase subtraction.
First, the Fourier transform of the NRB spectrum and the raw CARS spectrum is cal-
culated. The negative time component of the FT CARS spectrum is replaced by the
negative FT NRB spectrum (compare to eq.1.40). Thereafter, the complex susceptibility
χ(3) and the phase angle φ are determined by exploiting the Kramers-Kronig relation (see
eq.1.37). Finally, the Raman like response is calculated by taking the imaginary part of
the multiplied χ(3) and the sine of the phase angle (eq.1.43).
The retrieved CARS spectrum is perturbed by an error phase that is slowly varying over
the entire spectrum. It is removed by an asymmetric, iterative Savitzky-Golay filter pro-
cedure where a filtered version of the spectrum is subtracted and negative values are set
to zero until an optimum is found. This is functionally similar to asymmetric least squares
as implemented by others in Raman scattering [179].
After all pixels are processed, the now Raman-like dataset can be analyzed for specific
spectral features. By integrating a spectral range of choice an intensity map can be cre-
ated to show the spatial distribution of the feature.
The data set or single spectra can be exported as ASCII text where the three-dimensional
data is unfolded into a linear number sequence.
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Figure 2.9: Example for BCARS microspectroscopy of a polystyrene bead in water. (A)
Schematic of the sample arrangement where a polystyrene (PS) bead of 2 µm diameter is placed on
a glass surface and is surrounded by water. (B) The sample is raster-scanned in 250 nm step size in
x and y to obtain a hyperspectral data set from which an image is calculated where the brightness
indicates the integrated intensity in the range of 995-1005 cm−1 (ring breathing mode [180]. (C)
Raw CARS spectra from a location in the PS bead (blue box) and from nearby in the water (red)
as acquired in the experiment. The water spectrum consists mostly of NRB contribution and a
broad band of the OH-vibrations from 3000-3700 cm−1 (partially clipped) [181]. Polystyrene shows
multiple strong CARS peaks with a dispersive line-shape (see also Fig.1.17). (D) Background cor-
rection to remove the slowly varying error phase from the retrieved phase. (E) Spectral image of
the corrected, Raman-like data and same spectral range as in (B). (F) Final, Raman-like spectra
of polystyrene showing Lorentzian shaped peaks at the expected positions [180]. As the water was
used as NRB, all its peaks are eliminated in the retrieved spectrum.

2.2.4 Multivariate curve resolution

Multivariate curve resolution (MCR) is a chemometric method to resolve a dataset of mix-
tures into its pure components without having prior information or training. It is applied
for separating the spectral components from BCARS hyperspectral images via a MatLab
toolbox (MCR-ALS GUI 2.0) in chapter 4 and 5. In the following, the basic concepts of
MCR and chemometric data processing are described.

The aim of MCR in this work is to represent hyperspectral image data that consists of
many spectra, by a simplified version that is defined by a set of pure components weighted
by their local concentrations. This idea is comparable to digital images, where an object
is represented by three basic colors for each pixel (see Fig.2.10).
There are some very basic prerequisites to consider for the MCR processing: what actu-

ally represents the spectrum? How can different chemical species be distinguished? How
many input spectra are required?
A pure spectrum, i.e. from a single substance, usually consists of multiple peaks originat-
ing from different vibrational modes of the sample molecule(s). For the MCR analysis,
the ratio between those peaks is assumed to be constant and independent of a changing
environment. The spectral pattern of each pure component is conserved throughout the
entire data set and the individual values for each wavenumber are highly correlated to
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Figure 2.10: Representation of a colored image by the basic colors red, green and blue and their
local weighing. Image taken from
https://commons.wikimedia.org/wiki/File:Oak tree with moon and wildflowers.jpg, under cre-
ative commons CC BY-SA 3.0 by Matthew Roth.

each another. A component must have a dominant presence in the entire data, hence hav-
ing distinguishable spectral features and a sufficient intensity in multiple spectra, to be
recognized by the algorithm. Furthermore, the spectral shape must be assumed to change
linearly with concentration for constant experimental conditions (laser power, acquisition
time) [182]. Having this last assumption in mind it is clear that the raw CARS data does
not fulfill these requirements and the phase retrieval is necessary to obtain RL data for
the later processing.

In the projects of this thesis, the secondary structure of a target protein or peptide is
changing with different treatments. This also results in a change of the spectral shape
in the amide regions and therefore a reference spectrum taken from a pure sample will
not help for separating the component of interest. The experimental trick we use is to
introduce an additional peak from isotopic labelled amino acids [183,184] that allows sep-
arating the target protein from all other protein signal.
The number of required input spectra depends highly on how spectrally different the indi-
vidual components are and how many components are assumed. Theoretically (2 · n+ 1)
spectra should be sufficient to obtain an over-determined system of n components. How-
ever, the real data often varies only little at certain vibrational frequencies and always
includes noise and artifacts. Thus, as a rule of thumb a 10fold number of input spectra
as components will provide reasonable results from the MCR-ALS algorithm and more
initial data will lead to more accurate component spectra.
Based on those considerations a sufficient large data set can be processed to obtain the
purest components. Mathematically, a system of multiple independent (here: from differ-
ent spatial positions) spectra can be expressed by a system of linear equations which is
solvable when the number of equations is larger than the one of variables. Then, the given
data Matrix D can be represented by the sum of i different chemical species as follows

D =
∑
i

CiSi + E (2.11)

where C is the component intensity matrix (’loadings’) and S the pure spectra matrix.
Here, E represents an error term that is independent of the chemical species in which all
unexplained variance as well as noise is binned. The MCR method assumes that every
chemical species has a unique spectrum and that the components can be mixed in bilinear
fashion [185]. A single spectrum in the initial data set is thereby reproduced through the
summation of a given number of weighted pure component spectra.
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MCR shares some concepts with principal component analysis (PCA) [182, 186]. While
in PCA the data is decomposed in orthonormal components that strictly maximize the
explained variance [187], the constraints in MCR represent an additional framework for
the components. This results in MCR components that may not explain the variance in
the data optimal but follow the given physical meaningful constraints. Furthermore, the
obtained pure component profiles have chemical meaning, and the ’scores maps’ can be
interpreted as local concentration and spectra, respectively [186].
The adequate application of constraints determines if the MCR method provides useful
results. Possible constraints are [185,188]

• Unimodality: each loading profile must have a unimodal peak

• Non-negativity of the loadings

• Non-negativity of the spectra

• Closure: the sum of all component loadings always must be 1.

These constrains introduce basic physical assumptions to the model. For the spectroscopic
data used in this work, the two non-negativity constrains were applied as one can assume
that both the pure spectrum and the local concentration must be zero or positive.
An established method to solve the fundamental equation (eq.2.11) of MCR is by Alter-
nating Least Squares (ALS) as proposed by Tauler [185]. Beforehand, the number of pure
species that shall be included in the model must be determined. This can be done either
manually or by a chemical rank analysis where the possible components are sorted by their
eigenvalues and thereby their contribution to the whole data set [189,190]. As usually no
a priori information on the components is known (e.g. how the pure spectrum looks like),
an initial estimate of the concentration profile of the data or the spectra is done by evolv-
ing factor analysis [191] or singular value decomposition [192]. Next, the alternating least
square method [192] is used to optimize the initial estimations in eq.2.11 [193]. After each
iterative step, a new estimation of the C and S matrix is found which replaces the previous
values in case of a more optimal result or is discarded if not. The algorithm is repeated
until a sufficient good combination is found or a limit of allowed steps is reached [185,186].
As a result, the MCR-ALS algorithm presents an optimal set of pure component spectra
S together with a loading vector C for each component. The individual steps of the pro-
cedure are shown in Fig.2.11.
A critical step during a MCR analysis is to decide on the number of allowed components.
If all components in the experiment are known, e.g. in a defined mixing series, the number
of pure species is obvious. However, in complex systems such as hyperspectral data of cells,
this is not trivial anymore. The state-of-the-art solution for this problem as described in
a recent review is a ”‘trial-and-error approach based on different rank estimations”’ [186].
One therefore has to figure out first, how heterogeneous the input data is and how dom-
inant occurring artifacts, especially from e.g. spectroscopic etaloning or sample drifting,
are. The number of components then can be set as the different chemical distinguishable
species plus one component where non-random disturbing signals, e.g. from etaloning, is
gathered up.
Another problem of multivariate data analysis is rotational ambiguity which must be seen
as an intrinsic theoretical limitation of the method [194]. The relation given by eq.2.11
that connects the experimental data to the matrices of loadings and pure spectra does not
provide a unique solution [185]. Instead, it only might result in one of multiple feasible
solutions for the given data and constrains [194]. An indicator for possible rotational am-
biguity is given by the error estimation from the MCR-ALS algorithm as well as by the
percentage of data represented by the results [194,195].

45



Broadband CARS microspectroscopy

To close this section I would like to add some comments about the data processing with
the MCR-ALS Matlab GUI.

• The toolbox limits the allowed size for the input data matrix to 10000 in both
spectral dimension and number of different spectra. This can be overridden in the
code without severe consequences besides longer calculation times.

• Often it is useful to clip the input spectra to regions of interest. For example, the
CH2 region shows high variability for data obtained from cells which might overrule
the more subtle changes in the fingerprint region.

• The background subtraction during the CARS processing often creates nonlinear
trends close to the range limits. Those are avoided by selective clipping, too.

• Assuming more than three components might slow down the processing a lot.

• The required time scales with the number of input spectra and their vector size even
if empty. Eliminating empty rows and columns therefore speeds up the procedure,
too.

• If etaloning or gradual trends, which are both not random noise, occur in the data,
one might consider including more components to dump those disturbing patterns
and to clean up the remaining pure spectra.

• Finally, one should check the loading distribution over the data. Single pixel can
disturb the whole dataset if their values are extreme outlier for example from cosmics
or saturated pixels in the raw CARS spectrum.

Figure 2.11: Flowchart of the analysis using the Matlab toolbox MCR-ALS GUI 2.0 [195].
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2.2.5 Decomposition of amide I band

The amide I band in Raman spectroscopy consists of several underlying peaks that are
assigned to different structural motifs. Peak center positions are known from literature
[46, 55] and can be exploited to decompose the experimentally obtained BCARS spectra
into contributions from different secondary structure. In chapters 3-5 of this thesis, this
method is used multiple times to analyze the structural compositions in fibrin gels, in vivo
structure of a cell penetrating peptide called Penetratin, and in vivo vimentin IF.
A fitting procedure was written in Matlab featuring the in-build nonlinear least-squares
solver ’lsqcurvefit’, based on the Levenberg-Marquardt algorithm. The first step was to
clip the spectrum of interest to a spectral range from 1585 cm−1 to 1723 cm−1, and a
linear background was subtracted. The prepared spectrum is then fitted by a user-defined
function given in eq.2.12 consisting of the sum of seven Lorentzian peaks and a constant
baseline (y0).

p = y0 +A1
0.5 ·WL1

(x−Xc1)2 + (0.5 ·WL1)2 +A2
0.5 ·WL2

(x−Xc2)2 + (0.5 ·WL2)2

+A3
0.5 ·WL3

(x−Xc3)2 + (0.5 ·WL3)2 +A4
0.5 ·WL4

(x−Xc4)2 + (0.5 ·WL4)2

+A5
0.5 ·WL5

(x−Xc5)2 + (0.5 ·WL5)2 +A6
0.5 ·WL6

(x−Xc6)2 + (0.5 ·WL6)2

+A7
0.5 ·WL7

(x−Xc7)2 + (0.5 ·WL7)2

(2.12)

Each peak is defined by a center wavelength and width that are allowed to vary within some
upper and lower boundaries as stated in table 2.1 and shown in Fig.2.12. The resulting

Peak # center [cm−1] FWHM [cm−1] structure

1 1640 14-16 α-helix

2 1650 18-22 α-helix

3 1660 18-22 Unstructured

4 1674 18-22 β-sheet

5 1693 8-12 Unstructured

6 1600 8-12 Tryptophan

7 1612 8-12 Tyrosine

Table 2.1: Parameters for amide I fitting.

peak parameters are used to integrate the individual peak area. Peak 1-5 are assigned to
secondary structure and their summed up peak area is set as 100% of structural content
while peak 6 and 7 result from side chains and are ignored in the secondary structure
percentage calculations. Peak 1 and 2 together represent the amount of α-helix, peak 3
and 5 contribute for random coil structure and peak 4 is assigned to β-sheet structure.
The peak areas are normalized to the total peak area resulting from secondary structure
motifs and converted into percentage of structural contribution.
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Figure 2.12: Decomposition of the amide I mode in Matlab. (A) Center position and FWHM
for seven Lorentzian peaks and a constant baseline as given in eq.2.12. (B) A Raman-like CARS
spectrum from BSA is fitted with the given function indicating a predominantly α-helical structure.

2.3 Fluorescence microscopy

Light microscopy is the omnipresent tool in biology to visualize structures and processes
that occur on sub-micron scales. As a frame of reference, epithelial cells typically have
dimensions of several dozens of micrometers whereas organelles and other intracellular
structures often scale on the lower limit of optical methods at only several hundreds of
nanometers [43, 196]. While simple bright field microscopy creates contrast from absorp-
tion, scattering, or phase shifts when passing through a specimen, the method of fluores-
cence microscopy utilizes the luminescent emission of fluorophores as a signal [197].
Fluorescence describes absorption of light of a certain wavelength followed by the emission
of photons at longer wavelength. The fluorescence signal is therefore Stokes-shifted with
respect to the excitation light. Figure 2.13 shows the absorption and emission spectra
of typical fluorophores used in following projects. Depending on the molecular structure,
the different fluorophores molecules can be excited in a specific wavelength range with
the emitted photons being about 50 nm red-shifted [197]. The physical theory for the
fluorescence process can be found elsewhere [198]. Fluorescent molecules can be used to
selectively examine single cellular components of interest. This can be realized by staining
with

• Small molecule fluorophores (e.g. DAPI, Rhodamine 123, Phalloidin) that partition
into certain compartments or bind to certain proteins

• Immunofluorescence, in which fluorophores are covalently linked to a protein - most
often a primary or secondary antibody (e.g. AlexaFluor and Anti-vimentin) that
binds to a target in the cell or

• Cellular expression of fluorescent proteins (e.g. GFP, YFP, etc.) with a target
protein [199,200].

2.3.1 Wide-field microscopy

In conventional light microscopy, a sample is homogenously illuminated by a white light
source and a magnified image is produced by an objective lens. The image then can be
acquired by a camera or viewed through an eyepiece. For epi-fluorescence microscopy, a
standard light microscope is equipped with set of filters together with a dichroic mirror to
illuminate the sample with the excitation wavelength, and the same objective is used for
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Figure 2.13: Absorption and emission spectra of common fluorophores. Spectral data was taken
with permission from the fluorophore database from www.chroma.com.

illumination. As the light illuminates a wide field-of-view, e.g. the entire specimen, this
mode is also called ’wide-field fluorescence’.
The schematic illumination path for a wide-field fluorescence microscope is shown in
Fig.2.14. To excite the fluorescently labelled sample, a high-power light source (typi-
cally an arc lamp or LED source) with a quasi-white spectrum in the visible range is used.
The light passes a short-pass filter to limit the spectrum to the excitation range of the
chosen fluorophore. Subsequently, the light is reflected towards the sample by a dichroic
mirror that shows high reflectance only for the required excitation wavelength. The light
is then delivered to the sample by the objective lens. The light is absorbed by fluorophores
that label the target structure, and thereby create the red-shifted fluorescence photons.
They are collected in epi-direction by the same objective lens, this time passing through
the dichroic mirror and a longpass-filter right behind that blocks scattered excitation light.
The fluorescently generated light is imaged onto a CCD-camera where an intensity image
of the fluorophore distribution against a black background is formed [197].

Wide-field microscopy provides a lateral resolution that is a function of the numerical
aperture (NA) of the used objective lens. The resolution for a self-luminous object, such
as a fluorescently labelled specimen [201], is according to the Rayleigh criterion given by

Rxy ≈
0.61 · λ
NA

(2.13)

where Rxy is the lateral resolvable feature radius and λ the wavelength of the image
creating light [196, 199]. It states the minimal distance between two infinitesimally small
point sources such that they are resolvable from one another is where the first minimum
in the diffraction (Airy) pattern of point A coincides with the maximum of the nearby
point B [196]. The Abbe limit provides a similar, slightly more restricted definition for
the resolution based on considerations about the diffractive orders from an illuminated
scattering object [201]. Along the z-axis (optical axis) the focal volume is more extended
than in lateral dimensions and the focus extends over a range Rz given by

Rz ≈
2 · λ · n
NA2

(2.14)
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Figure 2.14: Basic setup design in an wide-field fluorescence microscope

where n is the refractive index of the mounting medium [196,199]. Therefore, the optical
resolution is worse in depth, and the z-position of a fluorophore is less precise than for x
and y.
Experiments in this thesis were performed on an Olympus IX-81 inverted microscope
(Olympus), and images were acquired with a F-View II CCD camera (Olympus). Fluores-
cent illumination was provided by a X-cite 120PCQ excitation lamp (Excelitas technolo-
gies) with filter sets covering the range from ∼ 300-650 nm.

2.3.2 Confocal microscopy

A more advanced imaging technique is confocal microscopy. Here, only light from within
the focal volume is collected by a detector while out-of-focus light is physically blocked by
a pinhole.
The experimental configuration for optical sectioning by a confocal pinhole is shown in
Fig.2.15A. Monochromatic light (usually from a laser source) is directed by scanning mir-
rors through an objective lens where it is focused in a defined spot. The size of the focal
volume is defined by the NA of the lens and the refractive index of the medium between
objective lens and specimen. In the sample, fluorescent molecules are excited by the
illuminating laser, and a fluorescence signal is generated. Linear fluorescence excites fluo-
rophores along the entire optical path of the beam in the sample, not just the focus. All
the created fluorescent signal is collected and passed through a dichroic mirror and further
filters. To filter out all unwanted signal from out-of-focus events, a pinhole is positioned in
the conjugate image plane to the focal point in the sample. In this way, fluorescent light
that is produced in a different focal plane is defocused on the pinhole and will be mostly
blocked. Only signal that arises from the focal volume will pass the pinhole and create an
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intensity signal at the detector (usually a photomultiplier tube) for the selected position
in the sample. By raster-scanning the focus through the sample and measuring the light
intensity at each position a three-dimensional image of the fluorophore distribution can
be obtained [199].
The size of the pinhole defines how much light can reach the detector and how strong
the depth discrimination is [202]. While increasing the excitation laser power will result
in more fluorescence it also will bleach the fluorophore and might damage the sample.
Optimal imaging conditions therefore depend strongly on the stability of the sample and
the fluorophore.
This superficial explanation gives only an overall idea of confocal microscopy. A more
detailed theoretical analysis of the image formation process reveals further benefits such
as an axial and spatial resolution that is improved by ∼

√
2 compared to conventional

light microscopy [202].

Figure 2.15: Schematic of a confocal microscope and the focal volume. (A) Only light from the
selected focal plane (here indicated in blue) is able to pass through a confocal pinhole before the
detector. Fluorescence signal from different focal planes in the samples (red) will be filtered out
by the pinhole positioned in confocal configuration in front of a detector. (B) The focal volume
describes the volume where the light intensity profile decays to 1/e [196]. It forms a spheroid
extended along the optical axis resulting in an improved lateral resolution. In confocal microscopy,
the probed focal volume can be shrunk with respect to the usual wide-field microscopy.

Confocal microscopy experiments were performed in this work on Leica TCP SP5
confocal microscopes (Leica microsystems) in epi mode. The detailed experimental pa-
rameters varied with the different types of samples. Measurements were done, depending
on the available laser sources, either at MPIP or at the IMB microscopy core facility. The
obtained images were processed in the FIJI software package [203], which is an open-source
package initially developed by the National Institutes of Health. If not stated otherwise,
a constant background intensity taken from a specimen-free region was subtracted from
all raw images.
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2.4 Protein expression and purification of vimentin

For experiments on intermediate filaments described below in this thesis the protein vi-
mentin and deuterated vimentin are used. Therefore, protein was expressed with normal
and semi-deuterated medium in E.coli followed by purification via nickel-NTA affinity
chromatography. This project was done in collaboration with the research group of Prof.
Dr. Dirk Schneider at the Institute of Pharmacy and Biochemistry, Johannes Gutenberg-
University Mainz. The following protocols were tested for high yields and protein func-
tionality by Dr. Noreen Klein and Daniel Wirth and later further adapted by me.

2.4.1 Preparation of chemically competent E.coli cells

E.coli cells were made chemically competent for subsequent transformation as described
in the following. The bacterial strain E.coli BL 21 (DE3)-Gold was used in all processes.
A starter culture of E.coli cells were inoculated and grown over night in 3 mL LB (Luria-
Bertani) medium (without antibiotics), under shaking and at 37◦C. The next day the
starting culture was diluted 1:100 to 50 ml fresh LB medium and grown further as before
until an optical density of 0.5 at 600 nm absorption (OD600) was reached. Afterwards, the
culture was centrifuged (3220g, 4◦C, 10 min) to collect bacteria pellet from the medium.
The obtained pellet was resuspended in 5 mL ice-cold Tryptic Soy Broth (TSB)-medium.
After 10 minutes of incubation on ice the suspension was aliquoted in 100 µL batches and
flash frozen in liquid nitrogen, thereafter aliquots were stored at -80◦C until further usage.

2.4.2 Transformation

For the expression of His-tagged vimentin, the genetic information must be introduced into
the bacteria. To do so, a plasmid for human vimentin containing a C-terminal His-tag and
ampicillin resistance was purchased (EX-D0114-B31, tebu-bio, Germany) and transformed
into chemical competent E. coli BL21 (DE3)-Gold cells following the method from Chung
and Miller [204] using 1 µL plasmid DNA and 100 µL suspension of BL21-Gold competent
cells. The mixture was incubated on ice for 30 min and heated in a thermomixer for 45 s at
43◦C. Afterwards, 400 µL of LB-media were added to the solution and placed in a shaker
at 200 rpm for 45 min at 37 ◦C. The solution was centrifuged (1 min, 13000 rpm), and the
pellet was resuspended in 150 µL of the supernatant. The transformed cells ’B21-Vim’
were plated on ampicillin containing (100 µg/mL) LB-agar and incubated overnight at
37◦C to check for colonies.

2.4.3 Expression of vimentin in LB medium

LB medium (50 mL) containing 50 µL ampicillin (100 µg/mL) was inoculated with a
single colony of BL21-Vim picked from an agar-plate. The pre-cultures were agitated
at 200 rpm and grown at 37◦C overnight. Subsequently, 2 1-L flasks filled with LB-
medium supplemented with 2 mL ampicillin (100 µg/mL) were inoculated with 50 ml
of the overnight culture (1:40) and shaken at 37 ◦C, 150 rpm until an optical density of
approximately 0.6 at 600 nm was reached. Protein expression was induced by adding 1 mL
1 M IPTG (final concentration 500 µM). 6 h after IPTG induction the cells were harvested
by centrifugation (6000 g, 10 min, 4 ◦C). The pellet resulting from 1-L expression culture
was resuspended in 40 mL phosphate buffer and stored at -20 ◦C.

2.4.4 Expression of vimentin in deuterated minimal medium

Isotopic labelled vimentin, where hydrogen atoms are replaced by deuterium, was produced
as it provides spectral contrast in BCARS imaging without the need of fluorophores. This
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was achieved by growing E.coli in minimal medium and only a deuterated carbon source
available which leads to the biosynthesis of deuterated protein. However, the final product
was only partially labelled as H2O was used as solvent in all experimental steps and thereby
exchange back to hydrogen occurred.
A pre-culture of BL21-Vim cells was picked from a single colony and grown in ampicillin
(100 µg/mL) containing LB-medium agitated and at 37◦C over night. Before inoculation
of the expression culture, the cells were centrifuged (10 min, 3220 g) and the supernatant
was removed to deplete available ’normal’ carbon sources. Cells were then resuspended
in M9 medium without acetate, and the centrifugation was repeated once. Afterwards,
M9 medium was added to the previous volume, and the expression culture in M9 medium
containing deuterated acetate and ampicillin (100 µg/mL) was inoculated in a ratio of
1:40. The culture was agitated at 200 rpm and grown at 37◦C until an optical density
of 0.6 at 600 nm was reached. Expression of vimentin was induced by the addition of
500 µM IPTG, and the antibiotic protection was refreshed by adding further 100 µg/mL
ampicillin to the medium. Thereafter, the bacteria were grown over night agitated and
at 37◦C. Cells were harvested by centrifugation (1700 g, 10 min, 4◦C), and the resulting
pellet was resuspended in phosphate buffer (40 mL buffer per 1 L initial culture volume).
If not used immediately afterwards, the cell suspension was stored at -20◦C until further
usage.
Deuterated sodium acetate-d3 (C2D3NaO2, Sigma-Aldrich) was chosen as carbon source
for bacteria growth (based on the work by Paliy et al. [205]) as it showed the best protein-
for-money ratio in pre-tests. For the later upscaling of the production of deuterated
vimentin a cost efficient process was essential.

2.4.5 Cell lysis

To break up the cell membranes and thereby make the expressed protein, present in
inclusion bodies, available solution of vimentin expressed bacteria was treated with ultra-
sonication. Cell lysis was performed on a Omnisonic Ruptor400 sonicator for 12 in (40%
power, 50% duty time) and the solution being cooled by ice. Afterwards the inclusion
bodies where sedimented by centrifugation at 6000 g, 4◦C for 30 minutes. The obtained
pellet was solubilized at room temperature by adding 600 µL urea buffer for 2-3 h. Before
usage the Ni-NTA spin columns were equilibrated two time in 10 mL di-water followed by
3 x in 10 mL urea buffer per column. Solutions were run through the columns with help
of vacuum suction.

2.4.6 Purification of vimentin by Ni-NTA

Recombinant produced protein containing the His-tag (6x His) was purified by nickel-
charged nitrilotriacetic acid (Ni-NTA) resin. Small spin columns filled with Ni-NTA (Qi-
agen, Ni-NTA Superflow 1.5 mL) were used for purification and one column was sufficient
for 50 mL expression culture.
The cell lysate was added to the Ni-NTA column and passed through the column by help
of vacuum suction. The flow-through was pipetted again on the column and passed a sec-
ond time at similar conditions. During the slow centrifugation, the His-tag of the target
protein is supposed to bind to the Ni-NTA. To remove unbound protein and cell fragments,
the columns were washed in a subsequent step by 2x 5 mL rinsing buffer with increasing
imidazole concentrations (0, 5, 10, 15 mM).
The protein bound to the Ni-NTA was eluted by rinsing with increased imidazole concen-
trations. Imidazole competes with the His-Tag for binding to the Ni-NTA and thereby
displaces the formerly immobilized protein. For elution, 5 mL rinsing buffer containing
imidazole (100 mM, 200 mM and 400 mM) were pipetted on the column and run by vac-
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uum suction. This step was done twice per imidazole concentration and each eluate was
stored separately. Thereafter, the protein concentration was measured by light absorp-
tion at 280 nm (ε280 : 26360M−1cm−1, calculated by the software tool Expasy ProtParam
using the sequence for vimentin). SDS-PAGE of the different elution fractions showed a
majority of vimentin being in the 400 mM imidazole rinsing fraction (see Fig.2.16).

The protein containing fractions from the elution step were unified and imidazole was
removed from the solution by dialysis. Therefore, the protein solutions were filled into an
equilibrated dialysis membrane (MWCO 12-14 kDa) and incubated in dialysis buffer of
decreasing urea concentrations (6 M, 4 M, 2 M urea for 1 h and 0 M urea overnight). A
100-fold excess in buffer was used and dialysis took place while stirring the buffer at 4◦C.

Figure 2.16: SDS-PAGE analysis of the Vimentin (54.880 Da) purification process. A 10% SDS-
PAGE gel was loaded with the different fraction from purification and proteins were separated
by their electrophoretic mobility. In a subsequent step, the protein position was made visible by
staining with Coomassie Brilliant Blue. The lanes are assigned as follows: Left lane is the protein
marker, (1) pellet of inclusion bodies after centrifugation, (2) supernatant of first centrifugation.
(3) pellet and (4) supernatant after solubilization in urea buffer, (5) - (8) washing steps with
increasing imidazole concentration and (9), (10) elution steps with 400 mM imidazole. The shown
gel analysis was prepared by Dr. Noreen Schneider and Daniel Wirth.

2.4.7 Concentrating the protein

Following the dialysis, the protein was concentrated to final concentrations of 1.6 - 2
mg/ml. First, aggregated protein was removed by sedimentation (15 min at 13000 rpm and
4◦C). Thereafter, the supernatant containing the monomeric vimentin was concentrated
in Centricons (Vivaspin 6, MWCO 30 kDa), and the protein concentration was checked
by light absorption at 280 nm. The final protein stock was flash frozen in liquid nitrogen
and stored aliquoted at -80◦C.
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2.4.8 Test for filament formation

The functionality of the produced vimentin was tested by its ability to form filaments.
As described by Perez-Sala and coworkers, monomeric vimentin in salt-free buffer can
be polymerized by the addition of sodium chloride to a final concentration of 340 mM.
Vimentin samples at 1.6 mg/ml concentration were polymerized at 37◦C for 30 min and
samples were checked in light microscopy subsequently. Figure 2.17 shows representa-
tive microscopy images of intermediate filaments from non-deuterated vimentin that were
formed in vitro. The filamentous structure is clearly visible at large magnification. ULF
filaments and aggregated vimentin were observed in some samples. A similar filament
formation was successfully shown for deuterated vimentin. The mechanical properties and
further test assays of the produced vimentin were done by Daniel Wirth and are covered
in his bachelor thesis [206].

Figure 2.17: Phase contrast microscopy images of polymerized vimentin filaments with error bars
representing 50 µm.
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2.4.9 Appendix: Buffer and media used for protein production

Material Description

Luria-Bertani (LB)-agar 1 % (w/v) Tryptone, 0.5 % (w/v) yeast
extract, 1 % (w/v) NaCl, 1.5 % (w/v)
Agarose, autoclave and add antibiotics af-
ter cooling below 50◦C

LB-Medium 1 % (w/v) Tryptone, 0.5 % (w/v) yeast
extract, 1 % (w/v) NaCl, autoclave and
add antibiotics after cooling below 50◦C

Tryptic Soy Broth-Medium
(TSB)

10% (w/v) PEG 4000, 5 % (v/v) DMSO, 2
% (v/v) 1 M MgCl2, 1 % (w/v) Tryptone,
0.5 % (w/v) yeast extract, 0.5 % (w/v)
NaCl, sterile filter final solution

Phosphate buffer (PB) 50 mM Phosphate, pH 8.0 (43 mM
Na2HPO4 · 7H2Oand7mMNa2H2PO4 ·
H2O), 300 mM NaCl, 10% (v/v) Glycerol,
DI-water

Urea buffer 100 mM NaH2PO4, 10 mM Tris-HCl, 150
mM NaCl, 8 M Urea, DI-water, pH 8.0

Rinsing buffer 100 mM NaH2PO4, 10 mM Tris-HCl, 150
mM NaCl, 8 M Urea, 0, 5, 10, 15 mM
Imidazol, DI-water, pH 8.0

Elution buffer 100 mM NaH2PO4, 10 mM Tris-HCl, 150
mM NaCl, 8 M Urea, 200 mM, 400 mM
Imidazol, DI-water, pH 8.0

Dialysis buffer 0/2/4/6 M Urea, 5 mM Tris-HCl, 5 mM
DTT, DI-water, pH 7.0

M9 salt solution 800 mL DI-water, 64 gNa2HPO4−7H2O,
15 g KH2PO4, 2.5 g NaCl, 5.0 g NH4Cl,
Stir until dissolved, then ajust to 1000 ml
with distilled H2O. Sterilize by autoclav-
ing

Minimal medium 700 mL DI-water, 200 mL M9 salt solu-
tion, 2 mL 1 M MgSO4 (sterile), 20 mL
of 20% sodium acetate-d3 (C2D3NaO2),
100 µl of 1M CaCl2 (sterile). Adjust to
1000 mL with DI-water.

Table 2.2: Buffer and media used for protein production

2.5 Creation of a GFP expressing HeLa strain

A stable cell line HeLa GFP-Vim was established to investigate vimentin intermediate
filaments without the need of immunostaining. Commercially available lentiviral particles
(LentiBrite, EMD Millipore) were used to introduce genes for vimentin and GFP into HeLa
cells [207] resulting in the expression GFP-labelled vimentin IF. By this, a continuous live
cell observation of the IF morphology under different drug treatments was possible.
Before transduction, the Multiplicity of Infection (MOI) was determined from viral titer
(2.01×109 IFU/ml) indicated on the vial as infectious units (IFU). HeLa cells were seeded
onto a 6-well plate in filtered DMEM culture media containing 10 % fetal calve serum

56



Chapter 2. Experimental methods

(FCS) without antibiotics ∼12 h prior to transduction. The seeding density was chosen
as 105 cells/well in a seeding volume of 2 mL, so that cells become ∼60 to 70% confluent
at the time of transduction.
The stock solution containing the lentiviral particles was diluted in 1 ml serum-free DMEM
to the desired MOI and then added to the cells. In order to optimize the transduction,
the MOI can be varied (10, 20 and 40) between different wells. Next, cells were incubated
to allow viral uptake. The viral genome will be integrated into the host cell genome
after 24-48 h post transduction. A successful transduction results in the expression of
green fluorescent protein (GFP), which is fluorescent when excited at a wavelength of 483
nm. After 48 h, cells were washed three times in PBS to remove remaining lentiviral
particles followed by normal incubation in DMEM + 10% FCS. The rate of transduced
cells was found to be 10-20 % of all cells as measured by counting GFP-expressing cells in
fluorescence microscopy.
To increase the percentage of GFP-Vim expressing cells, the transduced cells were sorted
by fluorescence-activated cell scanning (FACS). Cell sorting was done in collaboration
with the Core facility for Flow Cytometry at the Institute for Molecular Biology, Mainz,
and excellent help from Mrs. Ina Schaäfer. As cell sorting required partial non-sterile
conditions, the addition of antibiotics (penicillin and streptomycin) is necessary for further
culturing of the cell strain. The sorted cells were re-planted in T75 flasks, grown to 70%
confluency and then frozen as cryo stocks. HeLa GFP-Vim cells were shown to have stable
GFP-vimentin expression over at least 30 passages.

Gene Donating organsim Description

TagGFP2 Aequorea macrodactyla Optimized version of TagGFP, a
mutant of the GFP-like protein
[208] showing fluorescence when ex-
cited at 483 nm.

Vim human Vimentin, class-III intermediate fil-
ament forming protein

EF-1 human Human elongatio n factor-1 alpha
(EF-1 alpha), Promoter for Gen-
expression in in vitro and in vivo-
applications

Table 2.3: Transgenes used in Lentibrite-Vimentin particles
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Figure 2.18: Lentiviral transduced HeLa cells expressing GFP-vimentin. Merged images from
confocal microscopy showing unspecific staining of the cytosol by DRAQ5 in blue and GFP-
vimentin in green with the scale bar indicating 20 µm. Cells were incubated for 48 h to reach
a high percentage of GFP-expressing cells. The filamentous IF network spreading in the cytosol
and forming a cage-like shell around the nucleus is visible.
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Microscale spatial heterogeneity of
protein structural transitions in
fibrin matrices

Reprint from the article ‘Microscale spatial heterogeneity of protein structural transitions
in fibrin matrices’ by Frederik Fleissner, Mischa Bonn and Sapun H. Parekh in Science
Advances, 08 Jul 2016, Vol. 2, no. 7, e1501778, DOI: 10.1126/sciadv.1501778

This work is licensed under CC BY-NC (http://creativecommons.org/licenses/by-nc/4.0).
c©2016, The Authors.
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Introduction

Abstract

Following an injury, a blood clot must form at the wound site to stop bleeding before
skin repair can occur. Blood clots must satisfy a unique set of material requirements;
they need to be sufficiently strong to resist pressure from the arterial blood flow but
must be highly flexible to support large strains associated with tissue movement around
the wound. These combined properties are enabled by a fibrous matrix consisting of
the protein fibrin. Fibrin hydrogels can support large macroscopic strains owing to the
unfolding transition of α-helical fibril structures to β-sheets at the molecular level, among
other reasons. Imaging protein secondary structure on the submicrometer length scale, we
reveal that another length scale is relevant for fibrin function.We observe that the protein
polymorphism in the gel becomes spatially heterogeneous on a micrometer length scale
with increasing tensile strain, directly showing load-bearing inhomogeneity and nonaffinity.
Supramolecular structural features in the hydrogel observed under strain indicate that a
uniform fibrin hydrogel develops a composite-like microstructure in tension, even in the
absence of cellular inclusions.

3.1 Introduction

Fibrin is the primary filamentous protein component in blood clots during hemostasis.
Blood clots need to be sufficiently strong to prevent further bleeding, while also being suf-
ficiently flexible to support large strains [209]. Under shear strains of more than ∼ 20%,
clots exhibit nonlinear elasticity - an increase in elasticity with strain amplitude, known
as strain hardening. This mechanism allows a blood clot to be flexible when relaxed and
to become robust and resistant under large external forces [40,209]. Following hemostasis,
fibrin degradation occurs as the skin is rebuilt toward the end of wound healing. Interest-
ingly, it has been shown that fibrin degradation is significantly slower (more than 10-fold)
in ’tight’ clots and fibrin under tensile strain [210]. Fibrin monomers have a coiled-coil
structure consisting of six α-helices. To form the hydrogel, fibrin monomers self-assemble
resulting in double-stranded protofibrils with monomers staggered relative to one another
by roughly half a protein length (45 nm) [211]. Multiple protofibrils further assemble into
larger fibers with a final thickness in the range from 50 to 200 nm and fiber length from
0.3 to 4.8 µm [40, 130]. These fibers are the primary structural unit of fibrin hydrogels.
At an even larger scale, fibers form branches and entanglements between each another
until a three-dimensional network is established with a mesh size of order 1 µm [27, 129].
This hierarchical and complex structure of fibrin networks gives it unique mechanical
properties, with the network responding to strain on several length scales. At the molec-
ular level, the α-helices can be unfolded into β-sheets under tensile force, which has been
shown in both single molecule experiments [212] and in strained fibrin networks. Small
angle x-ray scattering (SAXS) has revealed that structural transitions of the coiled-coil
α-helices in fibrin monomers must play a role in the elongation of a fibrin starting at 15
% tensile strain [41]. Recently, attenuated total internal reflection Fourier transform in-
frared (ATR-FTIR) spectroscopy on fibrin clots directly showed that secondary structure
content of fibrin clots was altered under compression and tension [9]. Spectral analysis
of the amide I and amide III vibrational bands revealed that relaxed human fibrin gels
contained 31 % α-helix, 37 % β-sheet, and 32 % turns, loops and random coils, which
changed to 16 % α-helices and 52 % of β-sheet structures under large (400%) extensional
strain [9, 213]. Combined with previous rheological studies, a physical-chemical descrip-
tion of fibrin at the molecular (from spectroscopy and scattering) and macroscopic (from
rheology) scale in response to strain is becoming clear. However, a description that spans
the molecular- to micro-scale of fibrin is comparatively absent. Since fibrin clots contain
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micron-sized platelet inclusions that exert contractile forces, a description of load bearing
and structure on micron length scales is highly relevant to understanding the underlying
physics governing stress distribution in the material. A microscopic mechanical descrip-
tion of collagen recently showed rich mechanical properties not observable (or explainable)
from continuum theories using holographic optical tweezers, which highlights importance
of measuring local mechanics in protein hydrogel materials [214]. Morphological evidence
of spatially heterogeneous strain is clear from ultrastructural images and confocal fluores-
cence of fibrin networks [9,41,215]; however, these images do not provide any evidence of
local force distribution in the network, which (as mentioned above) is related to fibrin pro-
tein structure. Therefore, by measuring spatially-resolved fibrin protein structure within
the hydrogel, it would be possible to visualize the local load distribution directly. This
would allow identification of rich local mechanical properties in fibrin, similar to those
recently discovered in collagen. Observation of spatially heterogeneous protein structure
as a function of load requires measuring protein structure at the sub-micrometer scale
(ideally on the fiber length scale,∼ 100 − 300nm) combined with defined mechanical de-
formations. Raman spectroscopy is ideally suited for this purpose as it is capable of
probing amide I and III molecular vibrations similar to FTIR, yet possesses much bet-
ter (∼ 400nm) spatial resolution, and does not suffer from the intense water absorption
in aqueous samples that can mask amide vibrations [216]. Indeed, spontaneous Raman
spectroscopy has been used to quantify secondary structure in various biopolymers, in-
cluding whelk egg capsules [217]), keratin [218], and collagen fibers [219]; however, not as
a function of external strain. Unfortunately, the signal intensity in spontaneous Raman
is limited as only 1 out of 1010 photons is inelastically Raman scattered [216, 220]. Thus,
it is challenging to perform spectral imaging without excessively long measurement times
that could complicate interpretation for even slightly viscoelastic materials. One route to
overcome the limitations of spontaneous Raman is nonlinear Raman scattering such as
coherent anti-Stokes Raman scattering (CARS). Here, the Raman signal is generated in
a four-wave mixing process where the signal strength is resonantly enhanced by up to 6
orders of magnitude [216]. This is realized by spatial and temporal overlap of two laser
beams where the energy difference between the two lasers defines the Raman frequency
that is probed. Quantitative band analysis of broadband CARS spectra is possible with
established routines, and thus CARS provides Raman-like vibrational spectra at increased
speed [221]. In this study, we employ hyperspectral broadband coherent anti-Stokes Ra-
man scattering (BCARS) [156, 176, 222, 223] - in which an entire vibrational spectrum
(800 - 4000 cm−1) is acquired in a single acquisition at each spatial location - to deter-
mine spatially-resolved secondary structure in fibrin hydrogels. We combine the BCARS
approach with tensile measurements of fibrin gels to quantify mechanically-induced sec-
ondary structural changes at sub-micron spatial length scales. Our results show that the
secondary structure in fibrin becomes increasingly heterogeneous with increasing tensile
load with micron-sized regions showing primarily α-helix next to similarly sized β-sheet
regions.

3.2 Results

Fibrin networks strain-stiffen both in shear and tension

Before investigating structural properties of fibrin hydrogels using BCARS, we measured
the viscoelastic properties of our hydrogels with shear rheometry and tensile testing. Pre-
strain sweeps on both partially cross-linked - defined here as fibrin gels polymerized from
as-received fibrinogen - and FXIIIa-cross-linked fibrin samples - defined here as fibrin
cross-linked with saturating FXIIIa - were conducted to measure the so-called differential
shear modulus, K, of the materials [40, 167, 224]. It should be noted that our partially
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cross-linked fibrin samples have trace amounts of FXIII as it co-purifies with fibrinogen but
still less than in cross-linked samples (Fig.3.6) [225]. Figure 3.1A shows prestrain sweeps
in shear for both types of gels and shows a characteristic plateau storage modulus K’ at
low strains of 320 Pa and 420 Pa for the partially cross-linked and cross-linked samples,
respectively. The plateau modulus for our fibrin gels was comparable to that observed in
other studies [40, 226], and prestrain sweeps of fibrin hydrogels with cfibrin = 15mg/mL
show the characteristic increase in K’∝ cfibrin

11/5 as well as K’ convergence at large pre-
strains (Fig.3.7). The onset of nonlinear elasticity in shear occurred at a strain of ∼
40% for partially cross-linked and 50% for cross-linked samples, respectively as judged
by the intersection of linear fits to the high and low strain region for each curve. We
performed additional shear creep recovery experiments for both partially cross-linked and
fully cross-linked hydrogels (Fig.3.8). These measurements show that additional FXIII
led to a decreased dissipative response and faster response dynamics to steady mechan-
ical perturbation compared to partially cross-linked fibrin. As an additional mechanical
characterization, we also performed tensile tests on the hydrogels. From this data, we see
a critical strain of ∼ 35 % extension where the normalized force vs. strain curve changes
from a shallow slope at low strain to a large slope at high strain (Fig.3.1B). However, these
measurements do not show substantial differences between partially cross-linked fibrin and
cross-linked fibrin hydrogels. Taken together, the shear and tensile measurements do not
show substantial differences in the nonlinear mechanics of the fibrin hydrogels. Neverthe-
less, the shear measurements - both rheology and creep recovery - show a clear increase
in the linear differential modulus and reduced dissipative response, as is expected with
additional cross-linking of fibrin [225,227,228].

Figure 3.1: Strain-dependent elasticity fibrin hydrogels. A) Shear rheology of partially
cross-linked and cross-linked 7.5 mg/mL fibrin. Three hydrogel samples were averaged per strain
point, error bars are SEM. B) Tensile tests for the same types of samples. Force-strain curves were
normalized to the rupture force. The average (black and red) represents 5 measurements from
independent samples; SEM is depicted as gray area.

Helix and sheet structures are orthogonal under tensile strain

In our BCARS measurements of protein structure, we apply uniaxial tension to fibrin
hydrogels, which defines a clear anisotropy in the material along the loading direction.
Fibrin fibers are known to align under increasing strain, which should occur prior to any
tension-based protein unfolding [41]. Previous molecular dynamics simulations have shown
that the orientation of the coiled-coil helices (present at low strains) and sheet structures
(present only at large strain) are organized such that their stabilizing hydrogen bonds are
orthogonal to each other. Thus, we initially focus on identifying the orientation of the
β-sheet with respect to the uniaxial load to maximize our sensitivity for strain-induced
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β-sheets. To determine secondary structure in fibrin gels in situ, we acquire hyperspectral
BCARS datasets of fibrin (one spectrum at each spatial position) and decompose the vi-
brational amide I spectra (1570 - 1700 cm−1) from each resonantly retrieved Raman-like
spectrum to determine the contribution of α-helix, β-sheet, and random coils structure
in each spectrum (see CARS data processing in Methods). The amide I vibration (corre-
sponding to the NH-coupled C=O vibration) is present in any protein; however, because of
the local hydrogen bonding that stabilizes α-helices and β-sheets, the amide I vibrational
resonance shape is distinct for each secondary structure: α-helices have a peak at 1640
cm−1 while β-sheets have a peak at 1667 cm−1. In an α-helix, the C=O group in one pep-
tide is hydrogen bonded to secondary amines of another peptide bond in a direction that
is parallel to the helical axis. Corresponding hydrogen bonds that stabilize β-sheets are
formed orthogonal to each β strand [229]. The characteristic spectra of these structures, an
additional mode from random coils, and two tyrosine ring breathing mode vibrations [46]
were used to fit the amide I region of each spectrum. Prior to decomposition, spectra
were normalized by the amount of protein in each spectrum as given by the CH3 vibration
(2934 cm−1) that arises from protein side chains [46]. After spectral decomposition, the
fractional area of each component relative to the total area was quantified to determine the
percentage contribution of each structural motif in every spectrum (Fig.3.2A and 3.2B).
Similar decomposition of Raman spectra has been shown to correspond better than 95 %
with structural percentages determined by X-ray diffraction [55]. By scanning the sample,
we can measure the relative contribution of particular secondary structural motifs within
0.5 x 0.5 x 3.5 µm3 voxels in native, unlabeled samples. Since the amide I vibrational line

Figure 3.2: Phase-retrieved and CH3-normalized B-CARS spectrum of fibrin. (A)
Never loaded and (B) 80% strained fibrin hydrogel. The amide I band was decomposed with a
sum of five Lorentzians: green, blue and red peaks that represent structural species indicated as
well as two smaller ring modes depicted in grey related to tyrosine rings. The contribution of each
species to the amide I band was determined by the fractional area under each component. Black
is the raw data and orange lines are the Lorentzian fits.

shapes of β-sheet and α-helix motifs are different due to the stabilizing hydrogen bonds
within each structure, it is possible to investigate the orientation of these structures by de-
termining the angular dependence of the amide I resonance for each structural motif. The
orientation of sheet and helix motifs in partially cross-linked fibrin hydrogels (cf ibrin =
7.5 mg/mL) was measured by rotating the sample relative to the microscope (and lasers)
and measuring BCARS hyperspectral datasets at each rotation angle in both never loaded
and strained fibrin. At each angular position, a hyperspectral map of 5 x 5 µm2 (11 x
11 pixels) was acquired, and the 30 pixels with the highest protein content, as judged by
the value of CH3 vibration, were selected for quantification of secondary structure. The
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structural content, % contribution of each structural motif to the total amide I band area,
was averaged for these 30 pixels. We found that including the 30 pixels with the high-
est protein content was an acceptable number to represent the hydrogel average behavior
while allowing for automated, unsupervised analysis. Including additional pixels in the
analysis did not change the results significantly (Fig.3.9). In the case of the never loaded
fibrin we observe an angularly isotropic Raman contribution for both α-helix and β-sheet
peaks, as indicated by observing nearly circular shapes in polar plots (Fig.3.3A). When
stretching the sample to 60 % strain, we observe a change in the spectral shape (Fig.3.2)
and opposing trends for the two peaks with respect to sample rotation angle (Fig.3.3B).
The polar plot of the peak related to β-sheets shows an elliptic orientation with a major
axis nearly orthogonal to the laser axis. The second peak, indicative of α-helices, shows
an ellipticity with a major axis parallel to the laser polarization. Figure 3.3B shows that
the contribution of β-sheet structures to the amide I vibration is maximized when the
loading axis and laser polarization are nearly orthogonal (angle ∼ 80◦) while for α-helices
the contribution is maximized when the laser and loading axes are parallel. This can be
generalized to note that the stabilizing hydrogen bonds within the β-sheet and α-helices in
fibrin are orthogonal to one another under load, which is consistent with the α-helix and
β-strand elements lying along the loading direction, as previously postulated [35]. Fur-
thermore, the angle-integrated (total) contribution for α-helix decreases by 11 % under
strain while for β-sheet it increases by 19 %, showing that the amount of β-sheet increases
under tension and assumes a preferential orientation.

Figure 3.3: Polar plots show the orientation of the different secondary structure motifs
in a never loaded and strained fibrin gel. 30 spectra from a single gel (at rest, then strained)
with the most intense CH3 peak (2934 cm−1) were averaged to generate each point in these plots.
Error bars are SEM. (a) At 0 % strain, both motifs show an isotropic distribution, as expected. (B)
At 60 % strain, the two motifs exhibit elliptical shapes indicating a preferred direction of the load
with respect to the laser polarization (double headed arrow). The α-helix peak shows a maximum
intensity when the load aligned to the polarization of the lasers, indicated by the arrow, whereas
the β-sheet peak maximum is rotated 80◦ with respect to the α-helix. Lines show fits to a sine

function, y = y0 + A · sin
(
π(x−xc)

90◦

)
. For each secondary structure motif, the contribution to the

amide I spectrum was calculated by integrating the fit function over the entire polar range. (C)
Example schematic of α-helix (structure from PDB: 2MJ2) and (D) antiparallel β-sheet (structure
from PDB: 1SLK) under load (indicated by the arrow) similar to secondary structures present in
fibrin fibers. Hydrogen bonds are shown as dotted lines.
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Strain-induced increase in β-sheet content is more pronounced in cross-
linked hydrogels

Following identification of the β-sheet motif orientation relative to the loading direction,
we measured the secondary structural changes as a function of increasing tensile strain in
both cross-linked and partially cross-linked fibrin. In the following measurements, the laser
polarization was fixed nearly perpendicular to the loading direction, which was chosen to
maximize the sensitivity to new β-sheets formed with increasing strain (indicated by the
angle between the major axis in the polar plot relative to the laser in Fig.3.3B (red)).
We stretched gels from initial length to 110 % strain. For larger strains, many of the
gels broke or started to slide; however, all gels withstood 110 % strain without failure.
The contribution of α-helix and β-sheet structures are plotted against the local strain,
by averaging over the 30 most protein-rich spatial pixels in a 5 x 5 µm2 field-of-view
(Fig.3.4). Because all spectra were normalized to protein concentration, we combined the
spectra from five independent hydrogel samples and binned the measurements along the
strain axis into 20 % increments, starting from 10 %. The local strain in the sample
was quantified by measuring the displacement of polystyrene beads in the field-of-view
from bright field images (see Methods). The local strain, calculated from different pairs of
polystyrene bead displacements in the field-of-view, varied by less than 5 %. Therefore, the
strain was assumed to be applied uniformly over the sample. As the tensile load stretches
the gel relative to the fixed mounting point, the field-of-view, and hence the analyzed
collection of pixels included in our calculation for secondary structure, are not the same
for each strain level. Consistent with previous results by Brown et al. [41], showing water
expulsion with tensile strain, we observe increased fibrin concentration (inferred from an
increased CH intensity) with increasing strain on fibrin hydrogel samples (Fig.3.10). The
contribution of the peak centered at 1667 cm−1, representative of β-sheet structures [55],
increased for both hydrogel samples starting at ∼ 30 % strain - excluding the initial jump
from 0 - 10 % strain that arises from sample handling, as will be explained below. We
observed that partially cross-linked hydrogels yielded a lower amount of β-sheet over the
entire range of strains compared to additionally FXIIIa-cross-linked fibrin. Looking at
each of the curves in figure 3.4A, the amount of β-sheet sharply increases from 30-90 %
strain (more so for FXIIIa-cross-linked samples) and flattens out by 90 % strain in both
samples. The standard error of the mean increases under load relative the ’true’ 0 %
measurement. From decomposition of the amide I band, we determine the amount of
β-sheet increased to a final content of 42 % for partially cross-linked gels and 52 % for
cross-linked gels. The contribution of the peak centered at 1640 cm−1, representative of α-
helical structures [46], decreased with increasing deformation for both samples (Fig.3.4B).
Coincident with a strong increase in β-sheet content at 30 % strain, a decrease in α-
helix content was seen starting at the same strain (neglecting the small decrease from
0-10 % strain). The α-helix content in the partially cross-linked gel seems to stabilize
at 25 % whereas the cross-linked does not stabilize by 110 % strain. The measured
contribution from random coils, represented by a peak centered at 1650 cm−1, remained
largely constant at all strains (Fig.3.11), consistent with previous IR data [9]. As a ’true’
0 % strain measurement, BCARS hyperspectral maps of fibrin directly formed between
two coverslips were acquired and processed for both partially cross-linked and FXIIIa-
cross-linked hydrogels, which are shown at 0% in both plots of figure 3.4. The ’true’ 0 %
measurement shows the largest contribution for α-helices and smallest contribution of β-
sheets. Therefore, we surmise that the initial change in secondary structure seen form 0-10
% strain contains effects from sample handling, which is unavoidable in our experiment.
Minimal deformations of fibrin hydrogels have been shown to cause both rearrangement
of fibers along the loading axis of the samples [40], and even minimal tensile strains (∼ 15
%) in handling could lead to unfolding of fibrin [41]. Both of these effects would lead to
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an increase in β-sheet content at 10 % strain in our measurements compared to the ’true
0 %’ measurement where no handling occurs. For both α-helix and β-sheet structures,
it is clear that the absolute change in each secondary structure motif is smaller at all
strains for partially cross-linked fibrin compared to the FXIIIa-cross-linked gel. Another
noticeable trend is the larger error bars at larger strains in both motifs, in both types of
gels. Since the data for figure 3.4 were determined by pooling all spectra from partially
cross-linked or cross-linked samples at each strain, it is challenging to determine whether
the fibrin gel exhibits more structural (and therefore load-bearing) heterogeneity at larger
strains or if the larger scatter comes from increased measurement noise. We note that the
spread of values of the CH3 vibration relative to the mean at each strain - indicative of
protein concentration heterogeneity - at low and high strain for both gels changes only
slightly (in the cross-linked gel) and not at all in the partially cross-linked gels (Fig.3.12).
Furthermore, the uncorrelated spatial features between protein content and β-sheet when
never loaded (Fig.3.13), strongly suggest structural heterogeneity develops in the gel due
to increasing load that is independent of any measurement uncertainty.

Figure 3.4: Secondary structure content for increasing strain in partially cross-linked
and cross-linked hydrogels. A) % contribution of β-sheets and B) % contribution of α-helices
to the amide I band at increasing strain. Each data point represents the average of 150 spectra
(top 30 from five independent experiments) with SEM as error bars.

Tensile strain increases structural heterogeneity

To examine if the spatial distribution of secondary structure in fibrin hydrogels becomes
more heterogeneous under strain, we acquired hyperspectral data from 20 x 20 µm2 re-
gions (41 x 41 pixels) to create images depicting the contribution of β-sheet, α-helix and
random coil structural elements in both gel formulations. The spatial pixel spacing in
each image is 0.5 µm, which is roughly the same size as the largest fiber diameters in
the gel. We note that all gray pixels in the maps are fluid or polystyrene pixels that do
not contain any detectable protein signature (based on absence of CH3 vibration). The
image of β-sheet content - related to the distribution of local force - in a never loaded
partially cross-linked gel (0 % strain) is somewhat homogeneous with ∼ 37 % β-sheet
content on average (Fig.3.5A). The α-helix and random coil content look equally homoge-
neous (Fig.3.14 and Fig.3.15). Figure 3.5B shows the corresponding histogram of β-sheet
contribution for all spatial pixels in the map. This histogram depicts the relative spatial
homogeneity with a mean (µ) of 37.2 % and standard deviation (σ) of 2.8 % when fit with
a Gaussian distribution. By stretching the hydrogel to 50 % local strain, more β-sheet
content appears on average, as expected. Interestingly, the β-sheet map (Fig.3.5C) now
shows more heterogeneity. The histogram of all the protein-containing pixels demonstrates

66



Chapter 3. Microscale spatial heterogeneity of protein structural transitions in fibrin
matrices

that the distribution of β-sheet has broadened when compared to the never loaded case,
µ = 38.0 and σ = 3.2 (Fig.3.5D). For 100 % local strain, the β-sheet heterogeneity is
even more pronounced (Fig.3.5E) as quantified by the increasing standard deviation in
the Gaussian fit of the histogram (µ = 43.2, σ = 6.6%, Fig.3.5F). Coupled with the sim-
ilar decreasing heterogeneity in the spatial distribution of α-helix content and increasing
heterogeneity in the random coil structure with increasing strain (Fig.3.14 and Fig.3.15),
these data demonstrate that fibrin structural heterogeneity increases under load in a non-
trivial manner. Looking closely at the high strain β-sheet maps, for multiple experiments
we observe that a supramolecular structure with ∼4-6 µm scale appears (Fig.3.16). The
random coil and α-helix contributions seem to be complementary to the β-sheet. We note
that similar results to figure 3.5 were obtained with cross-linked gels (Fig.3.17). This in-
dicates that fibrin possesses a structural (and load-bearing) disorder on the micron-scale
that becomes apparent under uniform strain and is not present when never loaded.

Figure 3.5: Images and histogram plots showing the β-sheet contribution as % content
in partially cross-linked fibrin gels at different strains: never loaded (A, B), 56 % vertical
strain (C, D), and 100 % vertical strain (E, F). The direction of load is indicated by the arrow.
Pixels with CH3 values below threshold as well as pixels that showed polystyrene signal were
excluded from further analysis and are shown in gray. Scale bars represent 4 µm. Histogram plots
of all three samples had a bin size of 1 %.

3.3 Discussion

All tested fibrin hydrogels strain-stiffened in shear rheology measurements (Fig.3.1). The
cross-linked network had a 30 % larger plateau shear modulus than the partially cross-
linked network while the nonlinear elasticity (both onset and moduli) was very similar
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for both samples, which is consistent with previous measurements [225, 227]. Though
the nonlinear elasticity was similar for the two networks, additional FXIIIa cross-linking
resulted in substantially increased tension-induced β-sheet content in the gel (Fig.3.4),
similar to that seen previously by Brown et al. [230]. The β-sheet content for gels was
∼30 % when never loaded and increased to 42 % and 52 % at high tensile strain for
partially cross-linked and FXIIIa-cross-linked gels, respectively. The results for secondary
structural content of the partially cross-linked gel at high strain are nearly identical to
those obtained using ATR-FTIR by Litvinov et al. on ’naturally’ cross-linked fibrin gels at
100 % extensional strain, which also contain trace amounts of FXIII [9]. It is well known
that CARS (and generally all vibrational) signal strength depends both on the orientation
of the molecular vibration (axis of polarizability) with respect to the laser polarizations as
well as on the concentration of vibrational oscillators in the focal volume [157, 173]. Our
results from Fig.3.3 demonstrate that rotating the fibrin gel sample relative to a constant
laser polarization reveals the specific orientation of the α-helical and β-sheet motifs in the
gel under strain. Fibrin(ogen) proteins contain multiple α-helices, specifically between the
two D domains and E domain of the protein. These helices have been shown to lie along
the long axis of the protein [27]. Therefore, a strongly directional amide I contribution
for the α-helices, with a maximum signal when the loading direction is parallel to the
laser polarization, is consistent with the helical axis being parallel to the protofibrils (and
fibers) and with the alignment of fibrin fibers under uniaxial tension. The ∼ 80◦ rotation
of the β-sheet major axis confirms the prediction that the β-strands of the β-sheets are
nearly parallel to the long axis of the protein as this would result in hydrogen bonded
C=O vibration nearly orthogonal to the β strands [35]. From previous knowledge about
the hierarchical assembly of fibrin molecules into protofibrils, fibers, and entangled gels,
and the semiflexible nature of fibrin gel elasticity [40], we expect that protofibers will
align to a unidirectional load [217]. Therefore, it is possible that the Raman signal in
the amide I region is affected by two coupled effects: 1) reorientation of fibrin fibers
(and constituent proteins) leading to reorientation of secondary structural elements and
corresponding reorientation of the hydrogen bonded C=O moieties in the proteins and
2) structural transitions from α-helix to β-sheet with increasing load. From integrating
the polar plot traces in figure 3.3B over all angles, it is evident that the total β-sheet
contribution to the amide I spectrum increases by 19 % when the network was strained by
60 % compared to the never loaded network while the total α-helix contribution decreased
by 11 %. The loading axis was fixed at 80◦ relative to the laser polarization for measuring
force-induced structural transitions and spatial heterogeneity. At this orientation, an
increase from 32 % to 42 % β-sheet contribution was observed under 60 % tensile strain
(Fig.3.3). If one only accounts for new β-sheet formation (on average a 19 % increase),
the signal at 80◦ orientation would have increased from 32 % to 38 %, meaning that the
remaining 4 % comes from reorientation of existing β-strands. Indeed, the native fibrinogen
molecule is known to contain trifle disordered β-strand structures in the outer D domains,
which assume no particular orientation with respect to the long axis of the protein and
may potentially reorient under load [231,232]. Nevertheless, the majority of the additional
β-sheet signal at the 80◦ orientation comes from new β-strands created by strain-induced
transitions from α-helices to β-sheet. Looking at the trends in structural changes from
our BCARS measurements, we observe that cross-linked gels exhibit greater increase in
β-sheet (and greater decrease in α-helix) content. It is known that FXIII addition leads
to formation of more tightly coupled protofibrils, which increases the bending rigidity of
fibers, leading to a larger plateau modulus (as indeed observed in figure 3.1) [40, 225].
The gel nonlinear elasticity is believed to originate from the resistance to extension of
protofibrils themselves in the following way. First, the αC-domains in fibrin monomers
that connect protofibrils can be elongated. Second, forced unfolding of the coiled-coils
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(α → β) within the monomers is possible [40, 41]. Covalent bonds catalyzed by FXIIIa
enhance the γ-chain connections as well as the α-chain linkage [233]. Helms et al. proposed
that γ−γ cross-linking might change the pattern of stress propagation from a dominating
αC-domain deformation towards an unfolding mechanism. Instead of routing the stress
back and forth via αC-domain connections, the strong γ − γ linking in FXIII-cross-linked
gels channels the stress through the coiled-coil region of monomers in protofibrils. This
pathway would result in enhanced unfolding of coiled-coil α-helices that connect the D-
and E-domains into β-sheets [227, 234]. Our data supports this hypothesis as additional
FXIIIa cross-linking increases the strain-induced changes in secondary structure compared
to the partially cross-linked gels. Interestingly, we observe similar changes in secondary
structure with strain in samples with reduced mesh size (partially cross-linked 15 mg/mL
fibrin gels) as those in 7.5 mg/mL cross-linked samples (Fig.3.18 and Fig.3.19). This
indicates that decreasing the mesh size also results in greater structural transitions at a
given tensile strain in partially cross-linked fibrin. BCARS imaging of secondary structure
directly showed increasing β-sheet content and substantial spatial-structural heterogeneity
in strained samples when compared to never loaded samples. From our structural images
over 20 x 20 µm2 regions, we observed that discrete sections of the fibrin mesh exhibit
large β-sheet content under uniaxial strain while others show very little β-sheet content.
Complimentary heterogeneity was found in the random coil and α-helix structural content
(Fig.3.14 and Fig.3.15). Considering previous electron micrographs of fibrin gels under
400 % tensile strain [9], as well as confocal micrographs of fluorescently labeled fibrin
under shear strain [235], it is clear that not all fibers align to the load. Correspondingly,
a unidirectional deformation will cause only parts of the gel to unfold while other may
stay relaxed. Thus, it is plausible that some fibers will not actively resist the load. Based
on autocorrelation of multiple β-sheet structural images at greater than 85 % strain, our
data reveals that β-sheet bands, separated by ∼4-6 µm, occur within strained fibrin gels
(Fig.3.16). These β-sheet bands are orthogonal to the loading direction and identify regions
that bear larger forces compared to neighboring helix-dominated regions. This length scale
is ∼5-fold larger than the largest fiber diameters reported to date and shows that fibrin
cannot be considered an isotropic bulk, even at the micron scale, but is rather a reticulated
material that shows non-affine behavior structurally, as well as morphologically. This
strongly suggests that fibrin is itself becomes a composite at increasing strain and this non-
uniformity must be accounted for in theoretical descriptions in order to accurately describe
the mechanics of fibrin-based materials Fibrin composites - fibrin plus red blood cells and
platelets - are one of the most important biocomposite materials. Interestingly, the spatial
structure observed in the β-sheet map shows that an initially uniform fibrin gel becomes
a structured material on the micron-scale under external tensile strain. With conflicting
reports in the literature about the reversibility of secondary structural changes, future
experiments are aimed at determining if these structural transitions and heterogeneity
observed in this work are reversible after removing all strain [40,130,236,237]. A possible
physiological implication of the structural heterogeneity under tension is in regulating
fibrin degradation within the blood clot environment. It has been shown that, in addition
to pore size and fiber density [238], stretching fibrin reduces the rate of fibrin lysis by
plasminogen [210,239]. The suggested mechanism assumes that fibrin unfolding leads to a
loss of binding sites for tissue plasminogen activator due to exposed hydrophobic regions of
fibrin and expulsion of water [41,238,239]. Following this logic, the structural heterogeneity
observed in our experiments strongly suggests that fibrin degradation occurs in a similar
spatially heterogeneous pattern. External loads, as well as contraction of platelets, may
cause parts of the fibrin network (that are load bearing) to unfold and thus become more
resistant to lysis. Consequently, only regions that are not load bearing - those in the
native conformation - would be removed in the beginning of fibrinolysis. This would be an
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intrinsic mechanism to regulate degradation of the entire fibrin mesh as it would maintain
clot stability during clot turnover and skin rebuilding.

3.4 Conclusion

BCARS microscopy of fibrin hydrogels was used to determine mechanically-induced changes
of secondary structure. The identification of orthogonal α-helix and β-sheet hydrogen
bonds experimentally confirms the proposed geometry of these structures in previous
work [35]. Spectra of FXIIIa-cross-linked fibrin under load showed a reduced amount
of α-helix, as well as increased β-sheet content, compared to partially cross-linked gels.
From structural maps, we directly observe the heterogeneity of secondary structure in the
hydrogel under unidirectional tensile loads, which shows clear non-uniform force distribu-
tion. The combination of structural transitions and heterogeneity in the fibrin structure
under load give additional insight into the fundamental mechanisms of elasticity of fibrin
gels and how fibrin local structure helps to maintain stability throughout wound healing.

3.5 Methods

Hydrogel preparation

Fibrin hydrogels were prepared as described by Piechocka et al. [40]. Human fibrino-
gen monomers (FIB 3), human thrombin (HT 1002a) and human fibrin stabilizing factor
(HFXIII) were obtained from Enzyme Research Laboratories (Swansea, UK). Fibrinogen
was diluted in 20 mM Hepes and 150 mM NaCl at pH 7.4. To promote cleavage by throm-
bin, 5 mM CaCl2 was added to the buffer to ensure thrombin activation. Hydrogels were
mixed to achieve final concentrations of 7.5 mg/mL fibrinogen and 1.05 U/mL thrombin.
This protocol resulted in full polymerization of fibrin as judged by SDS-PAGE (Fig.3.20).
For additional cross-linked gel, FXIII was activated by thrombin at the same unit con-
centration to form FXIIIa. The solution was kept at 37◦C for 10 minutes before further
usage to allow complete cleavage of FXIII. To form stabilized fibrin hydrogel, FXIIIa was
added with a final concentration of 8 U/mL to a gel with 7.5 mg/mL fibrinogen [227,240].
For all gel solutions (partially cross-linked or cross-linked), 3 µm diameter polystyrene
microspheres (Polyscience GmbH) were doped at low concentration. In an area of 50 ×
50 µm, typically ∼25 beads could be found. This allowed post-processing calculation of
the local gel deformation in the hydrogels under load. The final mixture was pipetted
into glass molds of 150 µm thickness and allowed to polymerize in an incubator (100 %
humidity, 37◦C, 5 % CO2) for at least 2 h.

Rheology and tension

Shear rheology of hydrogels was performed on a commercial shear rheometer (ARES,
Rheometric Scientific) with the parallel plate geometry. Data acquisition was done in TA
Orchestrator software (TA Instruments). Fibrin hydrogels were prepared by polymerizing
150 µm fibrin solution between two circular cover glasses (d = 24 mm, Menzel) and sealed
by silicon oil (Baysilone medium viscosity, Bayer) to prevent drying of the gel. The two
cover glasses were fixed to the steel plates of the rheometer with double sided adhesive
tape (Tesa SE). A normal contact force of 0.1 N was applied to the sample, which resulted
in a gap spacing of approximately 175 µm between the plates. Prestrain sweeps were
executed by changing the prestrain from 1 % to 500 % superposed by an oscillating strain
with amplitude smaller than 10 % of the prestrain value. For tensile tests of fibrin gels
a material testing machine (Z005, TestXpert 2.0, Zwick Roell) equipped with a load cell
(Z6FD1, HBM) was used. The initial sample geometry was approximately 5 mm x 20
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mm x 0.2 mm. Fibrin gels were physically clamped and stretched at a constant rate of 10
mm/min until samples broke.

BCARS microspectroscopy

We used a nanosecond-based BCARS system for microspectroscopy of fibrin hydrogels
as depicted in figure 3.21. The details of this setup have been described extensively
elsewhere [241] and additional details are provided in the supplemental information.

Sample handling and strain application to fibrin hydrogels

A small piece of polymerized fibrin (∼ 0.5 mm × 5 mm × 150 µm) was cut by a scalpel
from the mold, carefully picked with a precision tweezer and placed on two coverslips such
that the two ends of the gel could be fixed on the coverslips with super glue (Loctite
454, Henkel). Care was taken to ensure that no glue was in the center of the gel where
the measurements took place and. After gluing, the sample was sandwiched between two
additional cover slips and surrounded by buffer solution to ensure the sample was fully
hydrated throughout the measurement. The sandwich was transported to the microscope
and mounted as shown in the zoomed image in figure 3.21. Fibrin samples were raster-
scanned in plane with a step size of 0.5 µm. For most data presented in this study, an area
of 5 × 5 µm was scanned to acquire 121 spectra for statistical evaluation and mapping.
The exposure time for each spectrum was set to 1 s to acquire sufficient signal-to-noise.
Uniaxial strain was applied by translating one coverslip, to which the gel was glued, with
respect to the fixed coverslip, by a known amount relative to the original length of the
gel (Fig.3.16). The local displacement in the hydrogel where the BCARS spectra were
acquired was determined by quantifying embedded microsphere displacement in bright-
field images at each strain. Bead tracking was done using ImageJ (National Institutes of
Health).

CARS data processing

Because raw BCARS contains both resonant and non-resonant component, recorded spec-
tra must be processed into Raman-like spectra to allow quantitative analysis [221]. To
extract the resonant, Raman-like, component from the CARS spectra a Kramers-Kronig
transform that included a causality constraint was employed using Igor Pro 6.3 (WaveMet-
rics) as described in [156,242]). Further data processing to determine secondary structure
was done in Matlab (R2012a, MathWorks). To account for variations in hydrogel thick-
ness and non-systematic variations in the experimental setup, all spectra were normalized
by the peak value of the CH3-stretching mode at 2934 cm−1, which is proportional to the
amount of protein in the focus. The intensity of Raman signal related to α-helices, β-sheet
and random coil secondary structure was found by decomposition of the amide I band.
We found that five different peaks were necessary to fit the amide I region between 1570
cm−1 and 1730 cm−1: 1640 cm−1 for α-helices, 1650 cm−1 for random coil, 1667 cm−1 for
β-sheet and two minor peaks at 1612 cm−1 and 1600 cm−1 for tyrosine ring modes [46].
Each peak was defined as a Lorentzian function with given line width, constrained (but
floating) center frequency and floating (but positively constrained) amplitude. The fitting
was executed on the normalized spectra using least-squares with a Levenberg-Marquardt
algorithm. To identify polystyrene containing pixels, we searched spectra for strong peaks
at 998 cm−1 (ring breathing phenyl ring), 1029 cm−1 (CH in-plane bending mode) and
1597 cm−1 (ring breathing phenyl ring) [46]. Any spectra that showed spectral features
from polystyrene microspheres were excluded from further processing.
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Data and materials availability:

All data needed to evaluate the conclusions in the paper are present in the paper and/or
the Supplementary Materials. Additional data related to this paper may be requested
from the authors.

3.6 Appendix I

Supplementary Data

Figure 3.6: SDS-PAGE of reduced fibrin gels without (Fib-) and with additional cross-linking
by FXIIIa (Fib+). Samples were polymerized, washed 3x in buffer and prepared with SDS sample
buffer containing 500 mM β-mercaptoethanol. The gel was loaded with 8µg fibrin for the gels and
1 µg fibrinogen (Fg) for comparison. The γ − γ segment is visible in both fibrin samples but more
pronounced for the FXIIIa sample.

Creep recovery experiments

In addition to viscoelastic measurements of the elastic modulus in shear and tension we
performed creep recovery experiments as described earlier for fibrin [228]. This allows
additional quantitative mechanical characterization of our samples in addition to the bio-
chemical differences shown by SDS-PAGE (Fig.3.6). Under a constant shear stress σ, the
sample reacts with an initial strain γ1, which increases until an equilibrium is reach at a
final strain γ′1. The recovery is characterized by the relaxation time from the initial strain
γs and γ′s after removing the stress. Similar to Nelb et al. we use the ratio of γ1/γ

′
1 to

represent the amount of creep and the fractional recovery (γ′1 − γ′s) /γ′1 to measure the
creep recovery of both types of fibrin gels (see Table 3.1). Fibrin without additional FXIII
needs a longer time to reach a steady strain level in creep as well as in recovery compared
to fully cross-linked fibrin as shown in figure 3.7 (reproduced below). Furthermore, fully
cross-linked fibrin recovers to a higher degree while fibrin without external FXIII recovers
to a lesser degree. These results demonstrate that external FXIII ligates fibrin fibers and
further prevents network sliding under steady shear stress. This behavior is consistent
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Figure 3.7: Differential storage modulus measured as a function of pre-strain for three different
mixtures of fibrin hydrogels. Three separate hydrogels averaged per data point. Error bars are
SEM.

partially
cross-linked
fibrin

cross-linked
fibrin

Unligated
fibrin
from [228]

Ligated
fibrin
from [228]

γ1/γ
′
1 0.84 0.96 0.55 0.92

(γ′1 − γ′s)/γ′1 0.41 0.79 0.68 0.81

Table 3.1: Results from creep recovery experiments for partially cross-linked and fully cross-linked
fibrin.
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Figure 3.8: Creep recovery tests of partially cross-linked and fully cross-linked Fibrin gels. a)
Temporal shear strain changes over time for both gels. b) Zoom-in of the first 180 seconds.

with results from Nelb et al., for uncross-linked and cross-linked fibrin and indicate that
our partially cross-linked gels are likely somewhat ligated.

Representing average fibrin behavior by a subset of pixels

It was necessary to ensure that we are analyzing only protein, and therefore have to
discard areas of the image that contained microbeads and those pixels in the data with
prohibitively low protein concentration such that the spectral decomposition became unre-
liable. Neither of these effects was a constant number of pixels from image to image. Using
the 30 pixels with highest protein concentration was done to ensure a consistent number
of spatial pixels for analysis of datasets where average structure content was calculated
(Fig.3.3, 3.4 and 3.11). Thus, pixels with polystyrene signatures in the BCARS data were
initially removed, and then the top 30 pixels in protein concentration from the remaining
pixels were used as representative pixels for calculating the average secondary structure
within the hydrogel. While, indeed, the number 30 is somewhat ambiguous, and we could
have selected more or less pixels, we empirically found 30 to be an appropriate number
to include a reasonable proportion of the total area, ensure that the spectral decomposi-
tion would not fail for unsupervised data processing, and ensure that all calculations for
figures 3.3, 3.4, and 3.11 had the same number of data points for each experiment and
each strain level. We are aware that this selection biases our analysis to regions of the
sample with larger fibrin concentration; however, including additional pixels with lower
protein concentration changes the derived secondary structures by less than 2 % as shown
in figure 3.9 below.

Influence of mesh size to the change of secondary structure

To briefly explore the influence of higher fibrinogen concentration, and therefore a smaller
mesh size in fibrin hydrogels, on changes in secondary structure with tensile load, we
repeated the tensile deformation experiments for partially cross-linked fibrin of 15 mg/mL
fibrinogen concentration. Multiple studies have shown that an increased concentration
of protein leads to a smaller mesh size and more branching points in the hydrogel [40,
130, 239, 240]. Estimations of the mesh size from confocal microscopy images showed a
decrease of the mesh size ξ with the relationξ ∼ c−0.5 to the fibrinogen concentration [40].
In agreement with these observations, our resulting gels showed a denser network with
a higher number of branching points as can be seen by representative confocal images
(see Fig.3.18). Both images shown were acquired 20 µm above the coverslip to ensure
that the bulk properties are measured. To investigate the mechanical properties of the
high-concentration gel, we used shear rheometry as described in the methods section.
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Figure 3.9: Curves showing average α-helix, β-sheet, and random coil content of a typical relaxed
hydrogel as a function of number of pixels included in the calculation, sorted from maximum protein
content (CH value) to minimum protein content. The total number of pixels is 121. In this example,
15 pixels were automatically excluded and set to zero because either of too low CH signal or the
appearance of spectral features indicating the presence of a polystyrene bead.

Figure 3.10: a) Integrated CH intensities of a BSA dilution series demonstrates the proportion-
ality between this quantity and protein concentration over the values measured in fibrin gels. b)
Integrated CH intensity from phase-retrieved CARS data (proportional to protein concentration)
for 3 different sample strains from the same sample position (to within ∼ 10µm). Error bars are
the standard deviation from all pixels over an 81 x 81 pixel area.
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Figure 3.11: Random coil content for increasing strain in three different hydrogels. Each data
point represents the average of 150 spectra (top 30 of five experiments) with SEM as error bars.

Figure 3.12: Standard deviation of CH3 intensity (2930 cm−1) within the top 30 highest protein
signal pixels normalized to the average CH3 intensity of the experiment. The data points show the
mean of 5 experiments taken per strain.
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Figure 3.13: Spectral maps for never loaded partially cross-linked 7.5 mg/mL hydrogel showing
the CH3 (2930 cm−1) from the Raman-like spectra (a), and decomposed β-sheet content (b). Scale
bars are 5 µm.

The 15 mg/mL fibrin had a higher K’ in the linear regime compared to the 7.5 mg/mL
fibrin (Fig.3.7). The onset of the linear regime was earlier than for the low concentration
gels. Similar measurements were previously performed for a broad range of concentrations
from Piechocka et al. [40]. Our experimental results on changes in secondary structure
with tensile strain show that the low protein concentration (7.5 mg/mL) gels showed less
pronounced changes in the secondary structure (Fig.3.19) than gels of high concentration
(15 mg/mL). Interestingly, the changes in secondary structure appear very similar to that
observed in fully cross-linked 7.5 mg/mL hydrogels. In such a denser fibrin network,
tensile forces are distributed amongst more entangled structural components. Apparently,
this results in increased force transmission within the network fibers and more protein
unfolding as opposed to sliding of fibers.

Supplementary Methods

Broadband CARS microspectroscopy

A spectrally narrow pump beam (λ = 1064nm) and a spectrally broad Stokes beam
(λ = 400−2400nm) are provided from a commercial source (Leukos-CARS, Leukos). The
Stokes beam is filtered to produce a final bandwidth from 1100-1600 nm with a spectral
power density of more than 100 µWnm−1. The beams are sent to an inverted microscope
(Eclipse Ti-U, Nikon) where they are focused into the sample via a water immersion
objective (60x IR, 1.2 NA, water-immersion, Olympus). At the sample the total average
laser power is 16 mW. The sample is mounted on a xyz piezo stage (Nano-PDQ 375
HS, Mad City Labs) to raster-scan with a step size of 0.5 µm. CARS signal is collected
in the forward direction by a second objective (63x IR-VIS, 1.0 NA, water-immersion,
Zeiss), and the pump and Stokes beams are removed by a notch (NF03-532/1064E-25,
Semrock) and a short-pass filter (FES1000, Thorlabs), respectively. The CARS light is
then dispersed in a spectrometer (Shamrock 303i, Andor) and analyzed by a cooled CCD
camera (Newton DU920P-BR-DD, Andor) (Fig.3.21). The grating and focusing into the
spectrometer resulted in a spectral range from 500 cm−1 to 4000 cm−1 with a spectral pitch
of ∼ 4cm−1. The instrument is controlled with software written in LabView (National
Instruments).
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Figure 3.14: Images and histogram plots showing the α-helix peak contribution as % content
within partially cross-linked fibrin gels at different strains: relaxed (a, b), 56 % vertical strain (c,
d) and 100% vertical strain (e, f). Pixels with CH3 intensity below threshold as well as pixels that
showed polystyrene signal were excluded from further analysis and are shown in gray. Scale bars
represent 4 µm. The load was applied vertically. Histogram plots of all three samples had a bin
size of 1 %. Gels had a protein concentration of 7.5 mg/mL.
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Figure 3.15: Images and histogram plots showing the random coil peak contribution as % content
within partially cross-linked fibrin gels at different strains: relaxed (a, b), 56 % vertical strain (c,
d) and 100 % vertical strain (e, f). Pixels with CH3 intensity below threshold as well as pixels
that showed polystyrene signal were excluded from further analysis and are shown in gray. Scale
bars represent 4 µm. The load was applied vertically. Histogram plots of all three samples had a
bin size of 1 %. Gels had a protein concentration of 7.5 mg/mL.
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Figure 3.16: Normalized autocorrelation of spectral maps of the β-sheet content from a) relaxed
and b) strained fibrin gels. The full-width half maximum of the central lobe is 1.4 ± 0.25µm
in deformed samples and side maxima displaced by 5.4 ± 1.4µm to the zero position are seen.
Autocorrelation by conjugate multiplication in the frequency domain was performed in ImageJ.

Figure 3.17: Spectral maps for 85 % vertical strained cross-linked hydrogel showing the decom-
posed α-helix content (a), β-sheet content (b) and the random coil content (b). Pixels with CH3

intensity below threshold or one that showed spectral features of polystyrene microbeads are shown
in gray. Scale bars represent 4 µm.

Figure 3.18: Confocal fluorescence microscopy of fibrin gels of different fibrinogen concentrations
(total field of view: 48x48 µm2). a) partially cross-linked 7.5mg/mL hydrogel shows a large mesh
size and low number of branching points. b) partially cross-linked 15 mg/mL fibrin sample is much
denser and has a smaller mesh size. The scale bars represent 10 µm.
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Figure 3.19: Contribution of β-sheets to the amide I band for increasing strain in low and high
concentration fibrin. Each data point represents the average of 150 spectra (top 30 from five
independent experiments) with SEM as error bars.

Figure 3.20: SDS-PAGE of the supernatant from different hydrogels to check the complete
polymerization of fibrinogen monomer.
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Figure 3.21: Schematic of the B-CARS microscope setup. Pump and probe beam are generated
at λ = 1064nm. A photonic crystal fiber (PCF) broadens the Stokes laser spectrum, which is
then spectrally filtered (LPF) to a range of λ = 1100 − 1600nm. Both beams are combined by a
dichroitic mirror (DM) and directed to an inverted microscope. The beams are focused into the
sample excitation objective (Exc. Obj.), and the created forward CARS signal is collected by the
collection objective (Col. Obj.). Two water immersion objectives are used to reduce losses due to
reflection and to obtain a tighter focus in the hydrogel sample. The pump and probe beam are
filtered (NF/SPF) and the CARS signal is spectrally analyzed by a spectrograph with an attached
CCD camera. The zoomed drawing depicts the geometry of the objectives and hydrogel sample.
The fibrin hydrogel is glued to two cover slides, one that is fixed and the other that is moveable
and mounted to a translation stage. To perform B-CARS raster scanning, the entire device is
mounted on a xyz piezo-stage.
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Confocal microscopy

Fibrinogen from human plasma conjugated with Alexa Fluor 488 (#F13191, Thermo
Fisher Scientific) was mixed with unlabeled fibrinogen in a ratio of 1:10 and let polymerized
as described in the methods section. To analyze the mesh size samples were then imaged
on a TCS SP5 confocal microscope (Leica) equipped with a HCX PL APO CS 63.0x 1.20
WATER UV objective (Leica). Scanning was done with a step size of 48 nm along x
and y and 125 nm along the z axis. Confocal images were deconvolved with the Huygens
software package (Scientific Volume Imaging) and contrast adjusted in ImageJ.

Shear rheology for creep recovery tests

Creep recovery experiments were performed on a stress controlled Gemini 200 shear
rheometer (Bohlin Instruments) with parallel plate geometry at room temperature and
100 % humidity. The samples had a thickness was 250 µm and a diameter of 25 mm.
Fibrin samples were polymerized in the rheometer for 2h and sealed with silicon oil after
polymerization to prevent drying of the samples.
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Measuring intracellular secondary
structure of a cell penetrating
peptide in situ

Reprinted with permission from the article ’Measuring intracellular secondary structure of
a cell penetrating peptide in situ’ by Frederik Fleissner, Sabine Pütz, Mischa Schwendy,
Mischa Bonn, and Sapun H. Parekh in Analytical Chemistry, 2017, 89, 11310-11317.
DOI:10.1021/acs.analchem.7b01895

c©2017, American Chemical Society.
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Abstract

Cell penetrating peptides (CPPs) are short peptide sequences that can translocate across
cellular plasma membranes and are thus potential delivery vectors for diagnostic and ther-
apeutic applications. Many CPPs exhibit some sort structural polymorphism, where the
secondary structure of the peptide is altered strongly by its local environment, which is
believed to facilitate membrane translocation. However, the fate and structure of CPPs
within cells is much less known due to measurement difficulty. Here we employ isotopic la-
belling combined with hyperspectral, quantitative coherent-Raman vibrational microscopy
to localize a model CPP - deuterated Penetratin (d-Pen) - and determine its secondary
structure in different cellular compartments. Our results show d-Pen is more α-helical in
the cytosol and acquires a more β-sheet and random coil character in the nucleus. The
increased helicity in the cytosol is similar to that in previous studies with model lipid
membranes, suggesting that the peptide is associated to membranes in, e.g. endosomes
(or lysosomes) in the cytosol. The ability to both localize and determine the secondary
structure of a CPP within cells is critical for clarifying the mechanism of peptide-mediated
translocation and delivery of cargo molecules to specific cellular destinations.

4.1 Introduction

Cell penetrating peptides (CPP) are small peptides that are able to translocate across
cellular plasma membranes, and in some cases nuclear membranes. The wide range of
possible bioactive loadings, such as drugs, peptides or nucleic acids, and their biomimetic
nature makes them promising candidates as delivery vectors for diagnostics and thera-
peutics [243, 244]. One such well-studied CPP is Penetratin, which is derived from the
third helix of the Antennapedia homeodomain [245]. Penetratin has been shown to un-
dergo internalization into cells via both endocytosis and direct translocation and has been
successfully conjugated to various cargo complexes for delivery of these cargos into the
cytosol [243, 246, 247]. Penetratin has been found in the cytosol of HeLa and other cell
lines within the first 30 minutes after its addition to the medium (and as fast as 10
minutes) [183, 248–250]. Thereafter, it was primarily localized in or near lipid environ-
ments [249]. Finally, after extended incubation periods, Penetratin can enter the nucleus,
where it accumulates and binds to the negatively charged DNA and RNA [248,249,251].

As a CPP, the ability of Penetratin to achieve direct translocation through the plasma
membrane, maintain a non-aggregated stated in the cytosol, and translocate into the nu-
cleus is undoubtedly related to its structural polymorphism [252, 253]. Instead of a well-
defined secondary structure, Penetratin exhibits a secondary structure that varies strongly
based on its local environment. Several studies have shown that Penetratin’s secondary
structure, like other CPPs, is sensitive to the nature of the solvent, peptide concentration
and membrane composition [252,253]. Penetratin has been shown to exist both as mostly
unstructured (largely as a so-called random coil) in aqueous buffer solutions near phys-
iological pH 9, [254–257]. A conformational transition to a primarily α-helix structure
was observed upon interaction with nominally neutral phosphatidylethanolamine vesicles,
while similarly neutral phosphatidylcholine vesicles induced a Penetratin structure having
different amounts of α-helix, β-sheet, and random coil depending the exact lipid compo-
sition and lipid:peptide ratio [254,255,257–260]. Moreover, the formation of β-aggregates
following a favorable helical conformation during the initial binding to lipid interfaces was
observed by X-ray diffraction and circular dichroism spectroscopy for high lipid:peptide
ratios [261]. Similar helical β-strand transitions were observed with increasing charge den-
sity of the lipid interface [254].
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As is evident from these examples, many experiments have focused on clarifying the struc-
ture of Penetratin have by studying lipid-Penetratin interaction, despite the fact that
Penetratin is found both in the nucleus and in the cytosol in affected cells as well as in
the extracellular space. Works by Bechara and coworkers have demonstrated the influ-
ence of glycosaminoglycans on Penetratin structure [245, 262]. However, only one recent
study by Ye et al. has attempted to resolve the structure of Penetratin within cells using
vibrational spectroscopy [183], but the ability to spatially localize Penetratin throughout
cells was limited.

To study Penetratin (or any CPP) in terms of its structure during trafficking, the most
direct and informative measurement is to localize the CPP molecules and measure their
structure in cells in situ. Fluorescence imaging of labeled Penetratin has been used to
localize uptake Penetratin alone [246] and uptake with attached cargo [248,249,263,264].
Another fluorescence strategy is immunohistochemical staining where the protein of in-
terest is located via antibodies or affinity tags. This approach has been widely used for
localization of Penetratin within the cell cytosol [265]. Unfortunately, it is very challenging
- if not impossible - to determine the secondary structure of any protein that is visualized
with fluorescence alone.
An alternative approach to localize and determine secondary structure of Penetratin si-
multaneously in situ is Raman microspectroscopy. In this method, contrast is derived
from the inherent chemistry (vibrations of chemically-bonded nuclei) within the excita-
tion volume and a full Raman (vibrational) spectrum is acquired at each spatial location
in the sample. Raman scattering is well established as a method to quantify secondary
structure of a proteins based on the spectral shape of the so-called Amide I vibrational
mode (NH-C=O) [55, 266, 267] and was recently used to study Penetratin within human
metastatic melanoma cells [183]. By applying advanced nonlinear variants of spontaneous
Raman like stimulated Raman scattering (SRS) or coherent anti-Stokes Raman scatter-
ing (CARS), quantitative spectral imaging with sufficiently low integration times is now
possible [150, 151, 156, 221, 268] such that it is possible to spatially map the location and
secondary structure of proteins within a sample. This method was recently used, for ex-
ample, to image secondary structure of proteins in hydrogels [17] and human hair [269].

In this study, we employ broadband CARS (BCARS) microspectroscopy to investigate the
uptake, intracellular distribution, and secondary structure of isotopically-labelled Pene-
tratin. By combining hyperspectral BCARS imaging with multivariate data analysis,
we reconstructed the intracellular Penetratin spectra in several regions of interest and
quantified its secondary structure by spectral decomposition. We measure the secondary
structure in proximity to intracellular lipids, in the cytosol and in the nucleus, which
provides a detailed picture of structural transitions of Penetratin at different stages of
intracellular trafficking.

4.2 Results

Cellular uptake and localization of d-Penetratin with BCARS imaging

In order to measure specific protein vibrational spectra in cells, we require a method to re-
trieve the vibrational spectrum of only Penetratin within the cellular milieu, which has an
average protein concentration of 200 mg/ml [12]. Since all proteins have numerous Amide
I vibrations (peptide bonds), a powerful and minimally perturbative method to investigate
specific molecules in complex environments, which is well-established in nuclear magnetic
resonance and vibrational spectroscopy, is stable isotope labelling. Chemical imaging us-
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ing vibrational spectroscopy combined with isotopic labelling was previously done by van
Manen et al. and Ye et al. for cellular imaging of protein metabolism (via 2H amino
acid incorporation) [270] and Penetratin (via 13C and 15N substation for phenylalanine),
respectively [183]. We produced a Penetratin peptide with an N-terminal hexaglycine
’cargo’ where deuterated glycines (d-Pen), instead of hydrogenated glycines were used.
The isotope substitution allowed for straightforward spectroscopic identification of d-Pen
relative to all other cellular proteins since deuterium is naturally very rare. D-Pen has
red-shifted carbon-deuterium (CD) vibrations into the so-called quiescent region of the vi-
brational spectrum (1800 - 2600 cm−1, Fig.4.1) relative to typical carbon-hydrogen (CH)
vibrations, which can be used as a spectroscopic marker for detection within the cell.
As an independent method to localize d-Pen, we additionally added a C-terminal biotin
that allowed for traditional immunohistochemistry staining. The resulting sequence for
d-Pen was G’G’G’G’G’G’-RQIKIWFQNRRMKWKK-K(biotinyl), where G’ is deuterated
glycine. We verified the functionality of d-Pen as a CPP in C2C12 myoblast cells by
incubation with 50 µM d-Pen in media and found its secondary structure to be simi-
lar to standard Penetratin (Supplementary Data 4.5 and 4.6). Phase contrast microscopy
showed that approximately one third of all cells showed a pronounced nucleus with brighter
appearance within 10 minutes of incubation (Supplementary Data 4.5), consistent with
descriptions for Penetratin entry into cells from earlier reports [183]. Further imaging of
the uptake process was done with confocal imaging (Supplementary Data 4.7, 4.8, 4.9 and
4.10). Control experiments with a scrambled peptide (d-Random) at the same concentra-
tion showed only minimal changes in cell morphology, even for overnight incubations (see
Supplementary Data 4.11 and 4.12). Additional washing with heparin and trypsin did not
reduce the signal from fluorescently labelled intracellular d-Pen and thereby indicated that
the majority of peptide is indeed intracellular (see Supplementary Data 4.13 and 4.14).

Figure 4.1: A) Schematic of the BCARS microspectroscopy setup. B) Raman-like spectra from
a cell containing d-Pen and a control cell both normalized to their respective Amide I peaks. The
quiescent region (1800-2600 cm−1) shows characteristic peaks of the CD2 vibration at 2165 cm−1

and 2240 cm−1 for the d-Pen containing cell.

To demonstrate the ability to localize d-Pen using vibrational microscopy and deter-
mine its secondary structure in cells, hyperspectral imaging of C2C12 cells was performed
by raster-scanning the sample and acquiring a BCARS spectrum at each location (see
Fig.4.1A). Each spectrum is computationally processed to produce a Raman-like (RL)
spectrum that is linear in concentration and contains information about the local chemi-
cal composition, which is nearly identical to a spontaneous Raman spectrum (see Meth-
ods) [158,159,161,221,271].
RL spectra from BCARS imaging of C2C12 cells that were incubated with d-Pen, clearly

88



Chapter 4. Measuring intracellular secondary structure of a cell penetrating peptide in
situ

show the characteristic Raman peaks assigned to the modes for symmetric (2165cm−1)
and asymmetric (2240 cm−1) CD2 stretching vibrations (Fig.4.1B) as well as the Amide
I band (1600-1680 cm−1) - where spectral shape strongly depends on protein secondary
structure [55, 266, 267, 269]. From these spectra, images of particular vibrations were cre-
ated by plotting the integrated signal over a frequency window, e.g. the CD2 vibration
from 2150-2250 cm−1 (Fig.4.2A). These images show linear, quantitative data representing
the concentration of CD2 at each spatial location.

To ensure that BCARS imaging depicts the true location of d-Pen in cells, we compared
the fluorescence distribution of d-Pen from immunohistochemistry with that observed in
CD2 images (see Fig.4.2). In these samples, C2C12 cells were incubated with d-Pen for 2
h to maximize the probability of uptake before immunohistochemically staining prior to
fluorescence or BCARS imaging (for more details on the cellular uptake see Supplemen-
tary Information figures 4.7, 4.8, 4.9, 4.10, 4.11, 4.12). Figure 4.2 exhibits a distribution
of d-Pen over the cytosol visible in both BCARS (Fig.4.2A, green channel) and confocal
microscopy (Fig.4.2B, green channel). Co-localization in between the fluorescence and
BCARS images is clear, but we also observe a sparser signal in the BCARS, likely re-
lated to the reduced sensitivity compared to fluorescence. Neither confocal nor BCARS
microscopy showed a substantial d-Pen signal in the nucleus. As a complementary image,
figure 4.2C shows the distribution of all proteins from BCARS within the cell by plotting
the integration over the Amide I band, which appears as a spatially largely homogeneous
signal over the entire cell.

Figure 4.2: Co-localization of images from BCARS microspectroscopy and confocal microscopy
of cells treated with d-Pen. Cells were incubated for 2 h with 50 µM d-Pen, then fixed and
stained with DAPI for DNA and Alexa555-Streptavidin for d-Pen. (A) BCARS image depicting
the intensity of the CD2 vibration green (integrated RL intensity from 2150-2250 cm−1) and DNA
(calculated by the difference in RL intensity at 3003 cm−1 minus 2853 cm−1 as shown by Parekh
et al.28) in red. (B) Confocal microscopy image of the same cell in (A) showing the nucleus in
red and streptavidin-labelled d-Pen in green. (C) Total protein distribution in the cell shown by
integrating the Amide I peak (1600-1680 cm−1) in the RL spectra. Scale bars in all images are 10
µm.

Isolation and quantification of d-Penetratin secondary structure in com-
plex protein mixtures using multivariate curve resolution

As seen by the difference between figures 4.2A and 4.2C, cells incubated with d-Pen contain
a plethora of proteins with Amide I vibrations, only a select few of which are associated
with the d-Pen molecule. Therefore, the spectral information of d-Pen is mixed with
Raman signals from all other proteins in the probing volume of each pixel. To obtain
information about the secondary structure of only d-Pen within the cellular environment,
we need to spectroscopically isolate not only the unique d-Pen signals (CD2 vibrations),
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but also the critical Amide I features, which reflect secondary structure information. A
convenient methodology to demix a dataset containing several spectral components of in-
terest is multivariate curve resolution by alternating least squares (MCR-ALS) [186,195].
This method is essentially a matrix-based global fit with non-negativity constraints that
is used to optimize both the spectral shape and concentration of different components
quasi-simultaneously [272]. In order to demonstrate the capability of this method to
quantitatively extract concentration and structural information of a deuterium-labeled
peptide from an impure mixture, RL spectra from a dilution series of d-Pen and BSA in
PBS were collected and separated back into the reconstructed ’pure’ components. Five
ratios of d-Pen:BSA (1:5 ,1:4, 1:1, 4:1, 5:1), in addition to the pure solutions, were mea-
sured with BCARS, and the spectra of all mixtures were bundled into one data set matrix
and processed with MCR-ALS to globally identify the best two component spectra that
represent the data. The results from this decomposition are shown in figure 4.3. The com-
ponent spectra of both d-Pen and BSA produced from MCR-ALS match the spectra from
pure solutions with near perfect agreement (Fig.4.3A and B). The reconstructed and the
original solution spectra clearly show the CD vibrations around 2150 cm−1. Importantly,
the Amide I band, which is different for d-Pen and BSA, were faithfully reproduced, with
near identical shape compared to the pure (100 %) d-Pen and BSA spectra. While for BSA
the Amide I band shows its maximum at 1653 cm−1, indicating a substantial α-helical
structure, it is shifted to higher wavenumbers (1660 cm−1) in case of d-Pen reflecting
the primarily unstructured peptide secondary structure in PBS. Because MCR-ALS finds
only essential, non-random, spectral attributes, it is possible to reduce correlated noise
in all spectra, which results in partial noise-suppression in the reconstructed component
compared to the measured input spectra. The concentrations of the reconstructed com-
ponents found by MCR-ALS were averaged and normalized to add up to one within each
mixture. The resulting, decomposed concentrations for d-Pen and BSA are in good agree-
ment with the known mixing ratios (Fig.4.3C and D). We find that for the given spectral
data the MCR-ALS method is able to reproduce the variance to 92 % from the calculated
components.

Reconstruction of intracellular d-Penetratin spectra

To obtain information exclusively about the secondary structure of d-Pen in cells, we used
MCR-ALS to isolate its spectral contributions from the cellular background after incuba-
tion with 50 µM d-Pen for 120 minutes at 37◦C. Similar to disentangling the different
contributions from d-Pen and BSA in figure 4.3, we separated the d-Pen signal from other
protein components based on the distinctive features provided by the CD2 vibrations. In
this case, spatial pixels containing a CD2 signal were identified and used as input into the
MCR-ALS algorithm to produce two components, a cell background and d-Pen compo-
nent. We calculated the d-Pen secondary structure by analyzing the shape of the Amide
I band in the d-Pen component using multi-peak fitting to established Raman secondary
structures modes [55,267,272]. The spectral decomposition of the Amide I band into sec-
ondary structures was benchmarked by measurements of various other proteins of known
structure against circular dichroism spectroscopy or published crystal structures (see sup-
plementary data 4.17, 4.18 and 4.2). Furthermore, the Amide I analysis of secondary
structure for pure d-Pen in PBS from our data was almost identical with analysis of cir-
cular dichroism spectroscopy of d-Pen at the same pH (see Supplementary Data 4.15, and
4.16) and previous reports from literature [183, 254–257], showing 46 % unstructured, 23
% α-helical, and 31 % β-sheet structure.

Moving forward, we quantified the secondary structure of d-Pen after 2 hours of d-Pen
incubation with C2C12 cells. Each sample was scanned by 81 x 81 pixels with 0.5 µm step
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Figure 4.3: Demixing of d-Pen and BSA solutions with MCR into two components and their
concentrations. The reconstructed component spectra from mixture solutions show similar spectral
features like the RL spectra of the pure solutions for BSA (A) and d-Pen (B). For both components,
the calculated average contributions correspond to the input concentrations (C and D). The error
bars represent the standard deviation calculated for 484 spectra from four independent samples
per data point.

size resulting in 6561 spectra from which ∼50-80 % contained signal from the specimen
as judged by the presence of CH signal. We stratified the intracellular space into cytoso-
lic, lipid droplets, and nuclear compartments, and six different cells were analyzed, each
showing at least 20 spatial pixels of detectable d-Pen (CD2) signal in the RL data in each
compartment. A mask was created for pixels showing CD2 signal, and these pixels were
then grouped based on whether they were located near lipid droplets, in the nucleus, or in
the rest of the cell - here called the cytosol region (see Methods for detailed explanation
of segmenting). These compartmentally segmented, CD2-containing RL spectra were fed
into the MCR-ALS algorithm to extract the spectral component associated with the CD2

vibration and fitted with our model for the Amide I band to obtain the secondary struc-
ture. The structural analysis was averaged over all cells to calculate a secondary structure
for d-Pen in different cellular compartments as shown in figure 4.4. Plots of the complete
spectral range and component spectra representing the cellular background are available
in the supplementary data 4.19 and 4.20.
The component spectra obtained from the MCR-ALS processing showed an altered sec-
ondary structure of d-Pen anywhere within cells (Fig.4.4B and C) compared to in PBS
(Fig.4.4A). While the random coil and β-turn content decreased with respect to the PBS
sample, the α-helical peaks centered at 1652 cm−1 and 1638 cm−1 became more pro-
nounced. D-Pen containing pixels in the cytosol showed an increased α-helical conforma-
tion (53 %) while the content of β-sheet (19 %) and unstructured peptide (28 %) were
reduced when compared to the PBS sample (Fig.4.4B). Within the nucleus and near lipid
droplets (Fig.4.4D), the % of each secondary structural motif were very similar, but col-
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lectively exhibited statistically significant differences from the secondary structure in the
cytosol. Compared to the cytosol, lower amounts of α-helical structure (38 %) and a more
pronounced contribution from β-sheet (27 %) and random coil structure (35 %) were ob-
served (Fig.4.4C) in the nucleus and near lipid droplets. Regardless of location, the d-Pen
component spectrum showed only weak contributions from the sidechain peaks.

Figure 4.4: Secondary structure of d-Pen for different cellular locations. (A) RL spectrum of
d-Pen in PBS at 0.25 M concentration appears mostly unstructured (RC = random coil). (B) The
average MCR resolved spectrum for d-Pen from the cytosol shows a strong α-helical contribution
while the relative β-sheet and RC content are decreased compared to in PBS. (C) The average
MCR resolved spectrum for d-Pen from the nucleus shows less α-helical and more β-sheet and RC
content compared to the cytosol. D-Pen in lipid droplets is structurally very similar to the nucleus
(spectrum not shown). (D) Comparison of secondary structures from the band decomposition in
different cellular compartments. The content is given as % of the summed secondary structure with
error bars showing the standard deviation of 6 samples. For each structural motif, the statistically
significant differences between the group from cytosol and the group from nucleus (or lipid droplets)
was determined by one-way ANOVA and significance level are indicated as ns for P > 0.05, ∗ for
P ≤ 0.05 and ∗∗ for P ≤ 0.01.

4.3 Discussion

Attaching a six deuterated amino acid cargo to Penetratin introduced additional peaks
in the BCARS spectrum of the target peptide. The new CD2 vibrations between 2150
and 2250 cm−1 allowed direct visualization of d-Pen in cells with a similar distribution as
the d-Pen distribution from fluorescence staining in the same cell (Fig.4.2). Importantly,
constitution of the peptide did not alter its uptake propensity, specificity (D-Random was
not taken up), and structure (circular dichroism was identical to native Penetratin in
buffer,4.5). However, BCARS was much less sensitive and requires a high local peptide
concentration to detect specific vibrations, which is somewhat expected since Raman cross
sections are typically 108-109 fold smaller than effective fluorescence cross sections [220].
Accordingly, regions with small amounts of peptide (see 4.8 in Supplementary Data) show
up in fluorescence staining but do not show above-threshold signal in BCARS. The unique
CD vibrations of d-Pen provided sufficiently strong spectral features to allow a faithful

92



Chapter 4. Measuring intracellular secondary structure of a cell penetrating peptide in
situ

separation and reconstruction of d-Pen spectra from non-deuterated protein in solution
mixtures. Using MCR-ALS on RL data of mixtures containing d-Pen and BSA, we were
able to reproduce the spectral features of both components to a high degree. Most impor-
tantly, the shape of the Amide I band - when compared to a pure solution of BSA and
d-Pen - was reproduced correctly by the algorithm. Building on the ability to isolate d-
Pen spectra from non-deuterated protein spectra in solutions, we used the CD fingerprint
as a threshold and binned different spatial pixels into groups based on their location in
the cell, e.g. cytosol, lipid droplets, or nucleus. For these subsets MCR-ALS was used to
calculate the corresponding average spectrum of d-Pen. By analyzing these spectra via
spectral decomposition, we found that d-Pen in different cellular compartments adopted
different secondary structures, which reflect the local environment around the peptide.

Our experimental parameters of high CPP concentration and incubation conditions (37◦C,
120 minutes) will tend to favor endocytic uptake over translocation [247, 273]. The in-
creased α-helical content in the cytosol suggests that d-Pen in the cytosol is likely as-
sociated to or within vesicular compartments as numerous studies have shown increased
helicity of Penetratin when incubated with vesicles [254, 259, 260, 273]. Indeed our own
circular dichroism experiments of d-Pen (and Pen) with small unilamellar vesicles show a
modest growth of helical structure at pH 7 (4.6), supporting the idea that cytosolic d-Pen
is somehow in contact with vesicular membranes.

We observed that the d-Pen structure within the cell, regardless of position, is considerably
more α-helical when compared to the structure in PBS. The study of Ye and coworkers
found the secondary structure of Penetratin to be mainly random coil and β-strand in the
cytosol, never showing a dominant α-helical signature [183]. This discrepancy possibly
arises due to the following three reasons: 1) Ye et al. studied Penetratin uptake at room
temperature, where uptake tends (more) towards passive translocation compared to our
studies where the cells were incubated at 37◦C and only very short treatment times for
the cytosol measurements of 2-40 min, while in the present study cells were incubated at
37◦C and 2 h resulting in an overall faster metabolism and intracellular processing; 2)
Principal component analysis (PCA) did not fully reconstruct the labelled peptide Amide
I spectrum but only weak spectral features in the Amide I region in addition to the clear
isotopically shifted phenylalanine peaks. The resulting penetratin structure was then as-
signed based purely on peak locations rather than on quantitative fitting. It is clear that
the location and widths of the different peaks in the Amide I will influence any derived
structural characterization from vibrational spectra, and the highly overlapping peaks for
α-helical and unstructured conformation give room for ambiguity. We confirmed the ac-
curacy of our peak analysis method by measurements of various other proteins of known
structure benchmarked against circular dichroism spectroscopy or published crystal struc-
tures (see supplementary data 4.17, 4.18 and 4.2). 3) The cytosolic data likely included
spectra from lipid droplets (while here a preselection was performed), and PCA possibly
allocated α-helical amide signal into the lipid component as stated by Ye et al.

We found the β-sheet and random coil content to be on average 43 % and 16 % higher,
respectively, in the nucleus than in the cytosol, with a corresponding reduction of 30 %
helical content in the nucleus compare to the cytosol; however, the helical content was
still well above that in PBS, and the β-sheet content was almost identical to that in PBS.
The changes in secondary structural elements observed in the nucleus compared to the
cytosol are consistent with previous studies showing that Penetratin interacting with high
charge density molecules such as DNA or similar highly charged lipids (shown to compete
for Penetratin) compared to less charged lipids [254,273].
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Interestingly, the structure of d-Pen associated with lipid droplets - harboring neutral
lipids - was almost identical to what was observed in the nucleus. Lipid droplet cores ex-
hibit a fairly hydrophobic environment for which Penetratin was shown to fold into helix
structure by solution experiments in trifluoroethanol/water mixtures [183,248,256]. Even
though we cannot state if the CPP stays at the surface or is incorporated in the lipid
droplet, this conformational change towards α-helical structure is therefore plausible. The
similarity between d-Pen secondary structures in the nucleus and that associated with
lipid droplets suggests that both highly charged and hydrophobic environments lead to
similar structural manifestation of Penetratin though likely for different reasons. While,
to the best of our knowledge, this is the first demonstration to use MCR-ALS analysis
to accurately retrieve a specific protein spectrum within a protein-rich cell, our method
has certain shortcomings. The method as implemented here inherently calculates average
secondary structures both spatially and chemically as explained in the following. It was
not possible to calculate secondary structure of d-Pen on a pixel-by-pixel basis due to the
necessity of an overdetermined system to calculate pure components by MCR-ALS.

Nevertheless, when compared to the method of Ye et al., which attempted a similar
analysis using PCA, our method is benchmarked against a mixture of deuterated/non-
deuterated protein and clearly produces chemical spectra that isolate the contribution of
d-Pen relative to cellular background. In the MCR-ALS optimization, we used boundary
conditions and physically rational constraints to find components that can be interpreted
as chemical meaningful spectra. While a PCA analysis (as used by Ye et al. [183]) strictly
maximizes the explained variance, MCR identified only a d-Pen component in a way that
an average chemical fingerprint (spectrum) minimizes the error in the optimization [158].
Moreover, the method use here is more robust compared to ’cellular background subtrac-
tion’ that can be ill-behaved due to unknown amount of and possibly time-dependent
cellular background in each pixel. Taken together, the evidence provided here supports
the idea that coherent Raman imaging with MCR-ALS and stable isotope exchange is a
promising platform for localizing proteins within cells and determining their structure in
a reliable way in situ.

4.4 Conclusions

Quantitative vibrational microscopy combined with isotopic exchange and multivariate
data analysis was used to localize a deuterated CPP, Penetratin, in cells and to isolate its
vibrational spectrum from the cellular background in situ in a label-free manner. From the
derived spectra of Penetratin, the secondary structure in different cellular compartments
was calculated, showing that Penetratin is substantially more helical in cells, regardless
of location, than in solution. We further found that Penetratin in the cytosol is highly
α-helical, resembling the structure of Penetratin interacting with low and moderately
charged lipid membranes, whereas it was more unfolded and sheet-like in the nucleus
and near lipids. The vibrational imaging and spectral unmixing method presented here
provides a framework for localizing and quantifying the secondary structure of arbitrary
proteins within distinct cellular compartments.
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4.5 Methods

Synthesis of deuterated Penetratin (d-Pen)

Penetratin with an isotopic cargo of six deuterated glycine (G’) and biotinylated ly-
sine was synthesized on a peptide synthesizer (Liberty, CEM, USA) using solid phase
peptide synthesis and standard Fmoc chemistry. The full sequence is G’G’G’G’G’G’-
RQIKIWFQNRRMKWKK-K(biotinyl)-NH2 for d-Pen and
G’G’G’G’G’G’-RRIFNKMQIWRWQKK-K(biotinyl)-NH2 for the scrambled peptide d-
Random. Amino acids and biotinylated lysine were purchased from Novabiochem (Merck,
Germany) and deuterated Glycine (2,2-D2, 98 %) from Cambridge Isotope Laboratories.
Further details can be found in the SI.

Cell culture fixation and staining

C2C12 cells were grown in collagen coated glass bottom dishes (MatTek) and normal cul-
ture medium (Dulbecco’s Modified Eagle’s Medium + 10% fetal calf serum, Dulbecco).
Cells were used from passage 4 to 20 and not synchronized. Before incubation with
d-Pen, the medium was changed to serum free medium to prevent immediate degrada-
tion [274] [275]. Next, d-Pen was added to a final concentration of 50 µM and incubated
at 37◦C, 100 % relative humidity and 5 % CO2 for the specified time. Fixation and staining
described below procedures were performed at room temperature. Incubation with d-Pen
was stopped by washing with PBS and fixation for 30 min (4 % Paraformaldehyde in PBS,
pH 7.4). Samples were washed three times for 5 min in PBS and permeabilized by incu-
bation for 10 min with 0.1 % Triton X-100 and 0.025 % CHAPS (3-[(3-Cholamidopropyl)-
dimethylammonio]-1-propane sulfonate) in PBS. For immunohistochemistry, cells were la-
belled with Alexa555 streptavidin (for d-Pen) and DAPI or DRAQ5 (for nuclei) - all from
Molecular Probes - and subsequently washed three times in PBS. Fixed and stained spec-
imens were stored in PBS at 4◦C and analyzed within 3 days. For comparison of CARS
and immunofluorescence, a confocal z-stack was acquired for each individual cell, and the
slice with the closest similarity was compared against the distribution from BCARS. See
SI for details of confocal imaging.

BCARS phase retrieval into Raman-like spectra

BCARS microspectroscopy data was acquired by raster scanning a region of interest,
normally covering a single cell, and recording an entire BCARS spectrum for each pixel.
Details of our acquisition system can be found in the Supporting Methods. A recorded
BCARS spectrum represent the sum of a resonant and a non-resonant component, which
needs to be processed into Raman-like spectra for quantitative analysis [221]. Therefore,
self-written scripts in Igor Pro 6.34 (WaveMetrics) were used to perform the following
steps: First, a Kramers-Kronig transformation, which included a causality constraint,
was used to separate the resonant component as described in by Liu et al. [156] [161].
Next, the error from the phase retrieval was corrected and normalized to the non-resonant
background following the method from Camp et al. [268].

Multivariate curve resolution on solution spectra

RL data of mixtures containing BSA and d-Pen was bundled into one data matrix and
processed further in Matlab (R2015, MathWorks). For each mixing ratio, the analysis
covered 484 spectra from four independent samples. To extract the pure d-Pen component,
we employed multivariate curve resolution using an alternating least squares algorithm
(MCR-ALS) [186] as provided in a Matlab toolbox (MCR-ALS GUI 2.0) from Tauler, de
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name spectral range purpose

amide I 1600 - 1680 cm−1 total protein concentra-
tion [46]

CD 2150-2250 cm−1 signature of deuterated
glycine originated from
d-Pen

LD 2865 - 2880 cm−1 lipid droplets [241]

nucleus manually defined mask
on data set

nuclear region

cytosol mask(amideI)-
mask(nucleus)-
mask(LD)

cell region which is not
nuclear region or LD re-
gion

Table 4.1: Overview of masks used to filter the initial BCARS data

Juan and Jaumot [195]. The data set D was assumed to be constructed from a linear
combination of two pure components S - representing BSA (I) and d-Pen (II) - and their
local concentration C. An error term E, which covers noise and uncorrelated spectral
features, is also included.

D = C · S + E (4.1)

This system of linear equations is solvable for an overdetermined system, which requires
more individual spectra than allowed components. The optimization was constrained
to non-negativity of spectra and concentrations. Furthermore, component spectra were
normalized to the Euclidean norm.

MCR unmixing of the intracellular d-Pen component

The variation in spectral features is high when taking into account an entire cell. A MCR
decomposition, as described earlier, of a full data set found besides an average protein
component only more dominating features like DNA or lipids. Therefore, to enable the
MCR algorithm to judge contributions of different components with regards to d-Pen, it
was necessary to limit the data set down to relevant pixels (see also supplementary data
4.21). Only spectra showing the CD2 vibration, indicating the presence of d-Pen to some
extent, were used for the component separation. From the given spectral data we created
spatial (binary) masks assigned to total protein concentration and lipid droplets (see 4.1).
Furthermore, data was categorized to either the cytosol or the nucleus by manual masking
based on bright field images.

From logical conjunctions of these masks we created subsets for LD ∧ CD, Nucleus
∧ CD and Cytosol ∧ CD allowing a separated analysis of d-Pen signal close to lipid
droplets, within the cytosol and the nucleus. For each subset, the two most influential
component spectra based on their eigenvalue rank were calculated by the MCR algorithm.
By limiting the number of allowed individual components to two, only the dominant ’d-
Pen’ and average ’cell background’ components were obtained, and less prominent spectral
features were ignored. The obtained component spectrum for d-Pen (the one that has the
CD peaks) is taken as the spectrum of the peptide for each cellular compartment.

Calculation of local secondary structure

Both averaged RL spectra and component spectra from MCR analysis were quantified with
respect to their secondary structure. The contribution of different structural motifs was
calculated by decomposition of the amide I band (1570 - 1730 cm−1) via least square peak
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fitting with a Levenberg-Marquard algorithm in Matlab (R2015, MathWorks). Thereby,
the amide I region was decomposed into Lorentzians, which are designated to structural
motives and the resulting peak areas were normalized to the total secondary structure.
The algorithm was terminated when the results were stable within a tolerance of 10−6 in
peak area deviation.
In contrast to our previous publication, the peak fitting procedure was refined to cover
the more diverse spectra obtained from cell samples [17]. As described by Berjot et al. we
included two peaks for α-helix at 1635 and 1647 cm−1, 1660 cm−1 for random coils, 1667
cm−1 for β-sheets, 1693 cm−1 for β-turn and two minor peaks at 1612 and 1600 cm−1 for
tyrosine, tryptophane and phenylalanine ring modes to fit the Amide I band [55] [46]. All
peaks were defined as Lorentzian functions, where linewidth and center frequency were
floating within a defined range and positive floating amplitude.

Supporting Information Available

A comparison of d-Pen and standard Penetratin, details on cellular d-Pen uptake, high
quality fluorescence images of intracellular d-Pen distribution, additional experiments on
surface-bound peptide, circular dichroism and BCARS data used for peak deconvolution,
additional data on MCR components and further method descriptions are provided in
Appendix II.
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4.6 Appendix II - Supplementary Information

Supplementary Data

Comparison of d-Pen and standard Penetratin

To test if the additional glycine and K(biotinyl) affect the conformation of d-Pen with
respect to standard Penetratin (RQIKIWFQNRRMKWKK-NH, purchased from Bachem,
Switzerland), we performed circular dichroism spectroscopy of both peptides. Circular
dichroism spectroscopy of 50 µM peptide in salt free phosphate buffer at pH 7 and at room
temperature was performed as described in the methods section. Figure 4.5 shows that
the circular dichroism spectra of d-Pen and Penetratin are identical and indicate mostly
unstructured peptide under these conditions. The cargo attached to d-Pen therefore has
no significant effect on the secondary structure of the peptide.

Figure 4.5: Circular dichroism spectra of d-Pen and commercially obtained Penetratin at pH 7.
Both spectra show characteristic minima at 200 nm indicating mostly unstructured conformation
under these conditions.

Penetratin and d-Pen interaction with lipids

The interaction with small unilamellar vesicles (SUV) was tested in circular dichroism
spectroscopy for d-Pen and Penetratin. 1,2-Dioleoyl-sn-glycero-3-phosphocholine (DOPC,
Sigma Aldrich) and 1,2-dioleoyl-sn-glycero-3-phospho-(1’-rac-glycerol) (DOPG, Avanti
Lipids) were first dissolved in chloroform and mixed in molar ratio of 4:1. The mixture
was then dried by evaporating the chloroform under a nitrogen stream followed by placing
the lipids in vacuum for 15 minutes. The lipid film was then re-suspended in NaCl free 50
mM phosphate buffer, pH 7, and 1 mM lipid concentration and vortex for 5 minutes to
obtain multi-lamellar vesicles. SUVs were then formed by lipid extrusion (Mini-Extruder,
Avanti Lipids) where the lipid solution was repeatedly forced through a polycarbonate
filter (Nuclepore 0.05, Whatman) with 50 nm pore size. This resulted in a transparent
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solution with sufficient low scattering in circular dichroism spectroscopy.

For circular dichroism spectroscopy, 50 µM peptide was added to 0.5 mM SUVs all in
buffer solution at pH 7, incubated for 15 min at RT and spectra were acquired at RT as
described in the methods section. As reference, either Penetratin or d-Pen in the same
buffer and 50 µM final concentrations were measured. Addition of SUV to the peptide
solution induces slight helical formation for both d-Pen and Penetratin as can be seen in
the reduced circular dichroism values from 215-230 nm as shown in figure 4.6A and B. A
predominantly α-helical sample would result two minima at 208 nm and 220 nm as shown
in Fig 4.16B for BSA and Fig.4.17A and B for vimentin and fibrinogen, respectively. We
note that the spectra for SUV containing samples become noisy below 200 nm due scat-
tering, which leads to a saturation of the detector. The α-helix formation in presence of
moderately charged SUVs agrees well with reported results in literature [255] [259] [260].
In conclusion, these measurements show that d-Pen and Penetratin behave nearly identical
alone in solution and both show a small conformational change towards α-helical structure
(indicated by the arrows) in the presence of lipid membranes.

Figure 4.6: Circular dichroism spectra showing the interaction of d-Pen (A) and Penetratin (B)
with DOPG/DOPC SUV at pH 7. The arrows indicate regions of reduced circular dichroism upon
addition of SUVs.
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Cellular penetration of d-Pen and d-Random

Figure 4.7: Different stages of d-Pen uptake in adherent cells. A) phase contrast image after
10 minutes incubation. The cells indicated by arrows show the characteristic brightening of the
nucleus. B) Corresponding fluorescence image with d-Pen labelled in green (Streptavidin-Alexa555)
and DNA in red (DAPI). C) Percentage of affected cells for different incubation times in d-Pen and
d-Random, error bars indicate standard deviation. D) Confocal microscopy image after 5 minutes
incubation time. Most fluorescence intensity is located still in the membrane region. E) Confocal
microscopy image after 45 minutes incubation time. d-Pen fluorescence can be found all over the
cytosol. Furthermore, a shell around the nuclear envelope has formed. The DNA has condensed
to small clumps. F) Confocal microscopy image after 120 min incubation time. Aggregates of
d-Pen have formed in the nucleus as well as in the cytosol. The scale bars in D-F are 10 µm.
High-resolution images of D-F can be found in the supplementary data 4.8, 4.9 and 4.10.
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Figure 4.8: High-resolution confocal microscopy image after 5 minutes incubation time
(Fig.4.7D). The scale bar represents 10 µm and the yellow cross-hair indicates the section planes
for XZ and YZ.

Figure 4.9: High-resolution confocal microscopy image after 45 minutes incubation time
(Fig.4.7E). The scale bar represents 10 µm and the yellow cross-hair indicates the section planes
for XZ and YZ.
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Figure 4.10: High-resolution confocal microscopy image after 120 minutes incubation time
(Fig.4.7F). The scale bar represents 10 µm and the yellow cross-hair indicates the section planes
for XZ and YZ.

Figure 4.11: Microscopy images of C2C12 cells after 5 min incubation with 50 µM d-Random
(top row) and d-Pen (bottom row). Cells are shown in phase-contrast (A,D), DAPI staining (B,E)
and streptavidin-Alexa 555 (C,F). All scale bars represent 50 µm and imaging conditions were
similar to figure 4.7A and B.
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Figure 4.12: Microscopy images of C2C12 cells after 2 h incubation with 50 µM d-Random (top
row) and d-Pen (bottom row). Cells are shown in phase-contrast (A, D), DAPI staining (B, E)
and streptavidin-Alexa 555 (C, F). All scale bars represent 50 µm and imaging conditions were
similar to figure 4.7A and B. As indicated by arrows in (C), only few cells show fluorescence signal
in the d-Random group.
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Quantification of internalized versus membrane-bound d-Pen

To test if the plasma membrane-bound peptide is the dominant species in our experiments,
C2C12 cells were incubated together with 50 µM d-Pen for 2 h at 37◦C exactly as described
in the methods section for BCARS experiments, after which additional washing steps
were performed to remove the membrane-bound fraction. Cells were washed by mild
trypsinization (0.5 % trypsin in PBS) for 2 minutes followed by heparin treatment (0.5
mg/ml in PBS) for 5 min as described by Kaplan and coworkers [276]. Cells were then
fluorescently labelled for d-Pen with a streptavidin conjugated fluorophore as described
in the methods section (of the main text) and fluorescence images were acquired (see
Fig.4.13).

Confocal microscopy images were processed on a single-cell basis to calculate the flu-
orescence intensity per cell. Cells were detected in a z-projected fluorescent signal image
and mean gray values of the images were used for thresholding. Because of strong contrast
between cellular fluorescence against background signals, mean value thresholding resulted
in a binary mask of single cell bodies only, which was used for automated cell selection. Via
reversed selection of non-cellular parts of the image, we quantified the mean fluorescence
value of the background for each stack. This mean background intensity was used in turn
to normalize the respective fluorescence signal from labelled penetratin and to compensate
possible laser intensity heterogeneities between the experiments. With the cell selection
and the value for normalization at hand, we then quantified fluorescence within the cell
frame on the original z-stack on a per slice basis and summed the value before normalizing
by the projected cell area. Values for the cells within each group (washed vs. non-washed)
were averaged and compared as shown in Fig.4.14. From these experiments we do not find
a significant reduction in d-Pen intensity caused by the additional washing with trypsin
and heparin. Thus, we conclude that the d-Pen quantified with BCARS imaging after 2
h of incubation is predominantly internalized, and the membrane-bound peptide can be
neglected for the interpretation of the results presented in our study.

Figure 4.13: Z-projected confocal images of fluorescently labelled d-Pen in C2C12 cells with-
out (A) and with heparin/trypsin washing (B). The acquisition parameters (time, laser intensity,
detector voltage) were kept the same for all experiments. Scale bars represent 10 µm.
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Figure 4.14: Comparison of fluorescence intensity normalized to the cell area for cells treated
with heparin/trypsin washing steps (n=6) and the untreated control group (n=4). Error bars are
standard deviation.

Structural comparison between d-Pen and d-Random

Figure 4.15: Peak deconvolution of RL spectra of d-Pen (A) and d-Random (B) in phosphate
buffer at pH 7.4. The peptide secondary structure was found to be 23 % α-helical, 31 % β-sheet
and 46 % RC for d-Pen and 72 % α-helical, 4 % β-sheet and 25 % RC for d-Random at pH 7.4.
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Comparison of BCARS secondary structure determination with circular dichro-
ism spectroscopy

Figure 4.16: Circular dichroism spectroscopy of d-Pen (A) and BSA (B) in phosphate buffer at
pH 7.4. The spectrum for d-Pen shows a mixed contribution of mainly random structure (minimum
at 195 nm) and some β-sheet structure (maximum at 196 nm) resulting in a shifted peak at 200
nm. BSA shows the peaks related to α-helix at 222 nm and 208 nm [277].

Figure 4.17: Circular dichroism spectroscopy of Vimentin monomers (A), Fibrinogen (B) and
poly-L-lysine (C) in phosphate buffer at pH 7.4.

Figure 4.18: Peak decomposition of the amide I band from CARS spectroscopy of Vimentin
monomers (A), Fibrinogen (B) and poly-L-lysine (C) in phosphate buffer at pH 7.4.
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Protein Method
α-helix
[%]

β-sheet
[%]

RC [%]

BSA Circular dichroism spectroscopy 76 9 15

CARS 83 6 12

∆(Circular dichroism -CARS) -7 3 3

Vimentin Circular dichroism spectroscopy 60 18 22

CARS 58 16 25

∆(Circular dichroism -CARS) 2 2 -3

Fibrinogen Circular dichroism spectroscopy 61 11 27

CARS 50 23 27

∆(Circular dichroism -CARS) 11 -12 0

Poly-L-
Lysine

Circular dichroism spectroscopy 11 19 74

CARS 25 12 63

∆(Circular dichroism -CARS) -14 7 11

d-Pen Circular dichroism spectroscopy 20 36 44

CARS 23 31 46

∆(Circular dichroism -CARS) -3 5 -2

Table 4.2: Secondary structure estimation for different proteins at pH 7.4 based on circular
dichroism spectroscopy and BCARS data shown in 4.11, 4.12, 4.13, 4.14 and 4.15. The secondary
structure for d-Pen is in good agreement to the values found by Ye et al. for fh-Penetratin in water
(24 % α-helix, 33 % β-sheet and 43 % RC) from spontaneous Raman spectroscopy [278] [183].
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Exemplary BCARS spectra from cells for data downstream data processing

Figure 4.19: Raman-like spectra obtained from fixed C2C12 cell samples showing the spectral
quality that was used for in further data processing.
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MCR-ALS extracted d-Pen and cell background components from different
compartments

Figure 4.20: Average MCR derived component spectra for the cell background component and
the d-Pen component for the different groups (A-C) as used in Fig.4.4 D). Comparison of the cell
background component for all three groups showing only minor spectral differences due to the
presence of lipids at 1440 cm−1 or phosphate (nucleus, 1095 cm−1) with the amide I band being
unchanged. From these spectra, the difference between the d-Pen and cell background components
always shows a CD vibrational peak; however, we acknowledge it is less clear for LDs. The
background peaks have similar amide I shapes in all locations.
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Analytical workflow for secondary structure calculation of d-Pen within cellu-
lar compartments

Figure 4.21: Flowchart of the data analysis to obtain regional secondary structure. The initial
dataset containing the full RL hyperspectral data is used to calculate binary masks based on
thresholding against peak intensities for protein, lipid droplets, and d-Pen as well as manual
selection of the nucleus area. The reduced (sub) datasets are produced by multiplying the RL
dataset with the respective mask. The d-Pen spectral component is derived using the MCR-ALS
algorithm on the reduced datasets resulting in component spectra for different cellular regions.
These components show the characteristic CD vibrations and are analyzed by peak decomposition
to calculate the contribution of different structural motifs.
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Supplementary Methods

Confocal microscopy

Confocal microscopy was used to acquire a more precise spatial distribution of intracel-
lular d-Pen. Measurements were performed on a TCS SP5 confocal microscope (Leica,
Germany) with laser excitation at 405 nm (DAPI) and 561 nm (Alexa555) and a 63x, 1.2
NA water immersion objective lens. DAPI was preferred over Draq5 as a nuclear stain to
prevent possible Förster resonance energy transfer. The image contrast was adjusted in
ImageJ with no further processing.

CARS microspectroscopy

Broadband CARS was used for microspectroscopy of cells as depicted in figure 4.2A. A
commercial laser source (Leukos-CARS, Leukos) provides a spectrally narrow pump/probe
beam (λ = 1064 nm) and a spectrally broad Stokes beam via a photonic crystal fiber (λ
= 400-2400 nm). The Stokes beam is filtered by a short pass filter and a Glan-Thompson
polarizer to produce a bandwidth from 1100-1600 nm. The linear polarized beam had a
final spectral power density of more than 100 µW nm-1. By using near-IR laser light,
the potential laser damage is reduced to a level, where we do not observe behavioral
changes of the specimens [269] [150]. Both beams are combined and directed to an inverted
microscope (Eclipse Ti-U, Nikon) where they are focused into the sample with an objective
lens (100x, NA:0.85, Zeiss) resulting in a total average laser power of 30 mW. To allow
raster scanning, the sample is mounted on a xyz piezo stage (Nano-PDQ 375 HS, Mad City
Labs). The created CARS signal is collected in forward direction with a second objective
lens (10x, NA: 0.25, Zeiss) and the pump/probe and Stokes beams are removed by a notch
(NF03-532/1064E-25, Semrock) and a short-pass filter (FES1000, Thorlabs), respectively.
The CARS signal is spectrally analyzed by a spectrometer (Shamrock 303i, Andor) with
attached cooled CCD camera (Newport DU920P-BR-DD, Andor) resulting in a spectral
range from 500 cm−1 to 4000 cm−1 with a spectral pitch of ∼4 cm−1. The entire setup
is controlled with software written in LabView (National Instruments). Further details of
this setup can be found elsewhere [241].

Circular Dichroism Spectroscopy

Secondary structure of d-Pen was analyzed with circular dichroism spectroscopy in the
range from 190 to 260 nm. Experiments were performed on a J-815 spectrometer (JASCO
Inc, Easton, USA) under nitrogen atmosphere. Proteins were dissolved in phosphate buffer
at pH 7.4 with 1.25 mM final concentration. For each sample, 5 spectra were taken and
averaged. The secondary structure was calculated by reconstructing the data with the
CDSSTR method 11 and reference dataset 7 on Dicroweb [279].

Widefield fluorescence microscopy

To determine the course of peptide uptake, fixed adherent cells were investigated by flu-
orescence microscopy of fluorescently labelled d-Pen as well as DNA. Measurements were
done on an Olympus Ti-81 microscope with 20x magnification.

Synthesis of deuterated Penetratin (d-Pen)

Biotinylated lysine was bond to NovaPEG Rink Amide resin (Merck, Germany) with
an initial load of 0.45 mmol/g using 20% piperidine in dimethylformamide for deprotec-
tion and 1-[Bis(dimethylamino)methylene]-1H-1,2,3-triazolo[4,5-b]pyridinium 3-oxide hex-
afluorophosphate (HATU) and diisopropylethylamine (DIPEA) in N-Methyl-2-pyrrolidone
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(NMP) as activators. The amino acids were used with an excess of 5 in the synthe-
sizer. To reduce the consumption of G’, it was coupled manually in 3.5-fold molar ex-
cess. The final product was cleaved from the resin using a mixture of triisopropylsi-
lane/water/trifluoroacetic acid in a ratio of (2.5/2.5/95) for 3 h. Cleavage solution was
extracted with diethyl-ether prior to purification. Reversed-phase high-performance liq-
uid chromatography (RP-HPLC) purification was performed on a Rainin Autoprep System
(METTLER TOLEDO) with a Vydac 218TP152022 C18 column (15-20 µm particle size,
300 Å pore size, 250 x 22 mm) at a flow rate of 10 ml/min. Eluates were (a) 0.1 %
trifluoroacetic acid (TFA) in water or (b) 0.1 % TFA in acetonitrile. The elution gradient
was successively increased every 5 minutes from 0 to 90 %. Fractions were detected using
absorbance measurements at λ= 220 nm. For further analysis the fractions were analyzed
by matrix assisted laser desorption/ionization time-of-flight mass spectrometry (MALDI-
TOF MS) and by analytical RP-HPLC. MALDI-TOF MS was performed on a Bruker
Time-of-flight MS Reflex III mass spectrometer with α-cyano-4-hydroxycinnamic acid as
matrix. The mass value of the peptide was determined to 2954.9 Da (2955.6 theoretical).
Analytical RP-HPLC was performed on a Hewlett-Packard 1100 liquid chromatograph
equipped with a Vydac 218TP5415 C18 RP column (5 µm particle size, 300 Å pore size,
150 x 4.6 mm). Eluents were 0.1 % TFA in water (a) or 0.1 % TFA in acetonitrile (b).
The elution gradient was 0-100 % (b) in 20 min with a flow rate of 1.0 ml/min and ab-
sorbance was detected at λ= 220 nm. Peptide stocks were made up as 20 mM solutions
in water (pH 7) and kept at 4◦C. Stock concentrations were determined from absorbance
measurements at λ= 280 nm (ε280=11000 M−1 cm−1). For control experiments, a random
peptide sequence consisting of similar amino acids as d-Pen, d-Random, including a group
six jasoned deuterated glycine was synthesized in a similar way.
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Introduction

Abstract

Intermediate filaments (IF) proteins are a class of proteins that constitute different filamen-
tous structures in mammalian cells, including being part of the load-bearing cytoskeleton
and supporting the nuclear envelope. IF proteins have been predicted to undergo sec-
ondary structural changes to compensate mechanical loads via molecular dynamics simu-
lations, which has been confirmed by experimental in vitro studies. However, the response
of intracellular IF secondary structure to mechanical load has yet to be elucidated. Here,
we use in situ nonlinear Raman imaging combined with multivariate data analysis to
quantify the intracellular secondary structure of the IF cytoskeletal protein vimentin un-
der different states of cellular tension. We find that cells under high tension contain more
unfolded vimentin IFs than chemically or physically relaxed specimens. This demonstrates
that forced unfolding of IF proteins occurs intracellularly, in addition to extracellularly,
and supports the notion that IF structure possibly acts as a local force sensor in the cell
to mark (and sense) mechanical tension.

5.1 Introduction

Cell shape and structure result from a well-orchestrated balance of forces acting between
the cytoskeleton, extracellular adhesions, and membrane tension [61,280]. In mammalian
cells, the cytoskeleton is the primary load-bearing unit, and it consists of the three fila-
mentous protein networks: actin filaments, microtubuli (MT), and intermediate filaments
(IFs). While the roles of actin-based networks and MT in cell mechanics and cell function
have been extensively studied (reviewed in [61, 62]), the contribution of IF to cell me-
chanics is still relatively opaque beyond their function in bearing large tensile forces. Of
the cytoskeletal networks, IF constituent proteins have the unique feature of undergoing
molecular structural changes in response to external loads, as shown by single molecule ex-
periments and molecular dynamics simulations [7,32,33,39]. This structural polymorphism
has led to the hypothesis that IFs may play a role in intracellular mechanotransduction
- relaying information about the cell’s mechanical state into biochemical changes that in-
fluence cell shape [8, 38, 281] and phenotype [282]. IF proteins are 45 nm long [283], and
crystal structure analysis show that they consist of more than 60% α-helical secondary
structure [137, 284]. They self-assemble into hierarchical networks with fibers consist-
ing of apolar filaments, and they form quite diverse networks that have location-specific
architectures and composition in cells [38]. Vimentin is one IF protein that forms cyto-
plasmic IF networks and is a particularly interesting because of its important role in cell
adhesion, mechanics [70, 122, 285] migration and signaling in mesenchymal cells [38, 286].
Moreover, vimentin has been established as a marker of epithelial to mesenchymal transi-
tions (EMT) in embryogenesis and in tumor metastasis as the cytoplasmic IF network in
epithelial cells consists of mostly keratin that is converted to a vimentin-rich IF network
during EMT [5,8,287,288]. Studies of IFs mechanics have revealed a complex multi-regime
response to deformation, which has been extensively studied in simulation [7, 30, 37] and
experimentally in vitro [33,39]. By simulating the vimentin central coiled-coil domain un-
der tensile load, a hierarchical strain response was found. The coiled-coil is initially linear
elastic, as only hydrogen bonds are stretched, until the strain exceeds a critical range. For
higher strains, hydrogen bonds break and a sequential unfolding from the coiled-coil α-
helical structure into anti-parallel beta-strand structure occurs, where the strands arrange
along the axis of the molecule [7]. Via this mechanism, each molecule can extend to a
multiple of its initial length without breaking. Finally, when no further structural transi-
tion is possible to compensate for the load, strain hardening sets in caused by stretching
of covalent peptide bonds together with uncoiling of the coiled-coils [7, 30]. Studies by
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Fudge et al. [6] and Pinto et al. [289] on hagfish slime, which consists of keratin IFs, used
X-ray diffraction and WAXS to show that indeed additional β-sheet signatures appeared
in tensed samples. Infrared spectroscopy on horse hair, again consisting of mostly ker-
atin IF, also showed an increased contribution from β-sheets under tensile strain [290].
While these studies clearly showed molecular structural transitions of IF proteins under
tension in vitro, it is unclear if such transitions occur within the cellular IF network where
the cellular environment can clearly modify cytoskeletal mechanics [291]. Few experimen-
tal methods are available that allow the analysis of intracellular protein structure. Frster
Resonance Energy Transfer (FRET) sensors can be used to selectively measure intramolec-
ular distances that can then be correlated to tension acting on the target protein [89,292].
However, this approach is difficult to realize in bundle-forming filaments where cross-talk
between neighboring dye molecules is possible [293,294]. Cys-shotgun labelling of exposed
cysteines is another method, introduced by Discher and colleagues, to show that IF pro-
teins undergo conformational changes in response to cell tension by exposure of otherwise
buried cysteines [295, 296]. However, both FRET and Cys-shotgun labeling methods are
unable to probe a protein’s secondary structure, which is necessary to rationalize if the in
vitro load bearing mechanism involving structural transitions is relevant for intracellular
IF networks. Protein secondary structure can be probed by in a noninvasive way using
vibrational spectroscopy such as infrared or Raman spectroscopy [56]. Depending on the
local hydrogen-bonding pattern (i.e. secondary structure), the atoms in the protein back-
bone (C=O vibrations in peptide bonds) show molecular vibrations at different vibrational
frequencies, resulting in shifted Raman peaks in the Amide I region of the vibrational spec-
trum [55,266,297,298]. This link between protein structure and spectral response can be
exploited to determine the average secondary structural composition within the probed
volume with high accuracy using quantitative spectral decomposition [55]. In this work,
we use a nonlinear spectroscopic imaging method called broadband coherent anti-Stokes
Raman scattering (BCARS) microscopy, a nonlinear analogue of Raman spectroscopy,
taking advantage of the improved acquisition speed and reduced out-of-focus signal con-
tribution. BCARS spectra can be converted into Raman-like (RL) spectra that reflect the
same underlying information as a linear Raman spectrum [298], particularly as related
to protein secondary structure determination [18, 269]. In this study, we investigated if
tension-induced secondary structural transitions of vimentin IF occurs in adherent cells us-
ing hyperspectral vibrational microscopy with sub-micrometer spatial resolution. BCARS
microscopy combined with isotope-substitution and a multivariate analysis protocol was
used to resolve protein secondary structure from vimentin within cells. By exploiting the
unique spectral features from isotopically-labelled vimentin to distinguish the vimentin
Raman signal from the cellular background, we isolated the spectral fingerprint of deuter-
ated vimentin in cells and calculate its secondary structure for cells in different tensile
states. Our results show that cellular tension is sufficient to alter the secondary structure
of intracellular vimentin IFs, resulting in more β-sheet content with increasing tension,
consistent with previous in vitro observations and computational predictions.

5.2 Results

Since mechanical deformation has previously been shown to cause structural transitions in
IF-composed structures (hagfish slime and hair) in vitro with X-ray scattering and infrared
spectroscopy [6,290], we initially tested how mechanical deformation affects the secondary
structure of vimentin IFs when it is polymerized in vitro. Using a micromanipulator
on our nonlinear Raman (BCARS) microscope (see methods for details), we acquired
BCARS spectra from relaxed and physically tensed vimentin fibers (Fig.5.1A and B). Upon
visual inspection of the Amide I region of the RL-spectra (Fig.5.1C), which is sensitive
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to secondary structural motifs, clear spectral changes are observed between the relaxed
and tensed vimentin IF bundles (Fig.5.1C). Spectral decomposition of the Amide I region
using known peak shapes and locations for α-helices, β-sheets and random coil (rc) motifs
allow calculation of the average secondary structure [55, 267]. The relaxed vimentin IF
bundles - with a sharp peak at ∼1650 cm−1 - show predominantly α-helical structure (64
% α-helix, 15 % β-sheet and 21 % rc) after decomposition, which compares favorably to
circular dichroism data from Meier et al. [299]. On the other hand, tensed samples - with
a broadened (more disordered) and blue-shifted Amide I band indicate a more β-sheet
structure and show reduced helicity (40% α-helix, 32 % β-sheet, 27 % rc), consistent with
that from Kreplak and coworkers [33].

Figure 5.1: In vitro deformation experiments of Vimentin hydrogels show protein unfolding. A)
Bright field microscopy image of a polymerized IF filament bundle settled on a cover slip surface.
A glass capillary mounted on a micromanipulator is threaded below the filament and moved along
the plane as indicated by the arrow for pulling. B) The filament bundle stretches out and stays
under tension also visible by bending of the capillary tip. Scale bars in both images represent
10 µm and the filament bundle diameter was found to be ∼0.5 µm. The filament region probed
by BCARS is indicated as red square. C) RL spectra of relaxed and more than 100 % strained
vimentin filaments showing clear changes in the Amide I region (1600-1680 cm−1) from a narrow
band at 1640 cm−1 (assigned to α-helical structure) to a red-shifted and broadened band indicating
the presence of additional β-sheet and rc structure under load. Spectra were normalized to the
CH2 deformation mode at 1446 cm−1.

While the changes in the Amide I band in purified, reconstituted vimentin IF networks
can be unequivocally attributed to changes in vimentin structure under strain, attributing
a particular Amide I spectral change as coming from a specific protein within a cell is very
difficult. Cells are full of thousands of different proteins with a total protein concentration
of ∼200 mg/mL [12], and each protein contains very similar (and overlapping) vibrational
moieties. Thus, the spectra from any location inside a cell will consist of the sum of all
proteins within our excitation volume (0.4 x 0.4 x 5 µm3), making it nearly impossible
to produce vibrational fingerprints from a specific protein in the cell. It is therefore
necessary to separate the contribution from the target protein, in this case vimentin,
and the remaining cellular background. A convenient way to create spectral contrast with
minimal perturbation is stable isotope substitution such as when hydrogen (1H) is replaced
by deuterium (2H), as is commonly done in NMR spectroscopy.
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Figure 5.2: Characterization of deuterated Vimentin. A) Coomassie-stained SDS-PAGE gel of
native vimentin (Vim) and vimentin produced from deuterated acetate (d-Vim) showing similar
molecular weight at 54 kDa. The first lane shows the prestained protein ladder. B) RL spectra
of native vimentin and d-Vim. The spectra are normalized to the peak intensity at 1653 cm−1,
assumed to be independent of the deuteration. For d-Vim the RL spectra shows an additional
vibrational band centered at 2150 cm−1 originating from the CD modes. At the same time, the
CH band (2800-3100 cm−1) and the CH2 deformation mode at 1450 cm−1 appear with a reduced
intensity compared to native vimentin as indicated in the difference spectrum. The Amide I band,
reflecting the protein C=O backbone vibration, is identical for both proteins.

We produced a recombinant, isotopically-substituted vimentin in bacteria that were
grown in M9 medium containing deuterated sugar as the carbon source (see Methods).
This resulted in partial deuterium-hydrogen exchange for all amino acids in the protein as
confirmed by mass spectrometry (see SI, Fig.5.7). The molecular weight of the deuterated
vimentin was only slightly increased (by at most 3.7 kDa in case of 100 % D-H exchange)
compared to the native human vimentin protein (54 kDa), which was undetectable via
SDS-PAGE (see Fig.5.2A and SI Fig.5.11). The functionality of the protein was confirmed
by successful in vivo polymerization (see SI Fig.5.10). Figure 5.2B shows the RL spectra of
normal vimentin (Vim) and deuterated vimentin (d-Vim) in polymerized vimentin fibers.
The additional peak at 2150 cm−1 in d-Vim shows the unique carbon-deuterium (CD)
spectral feature in the so-called vibrational quiescent region, which - as will be shown below
- allows for uniquely identifying signals coming from d-Vim compared to the intracellular
cytosolic protein pool due to low natural abundance of deuterium. Moreover, the Amide I
region (1550-1700 cm−1) appears to be almost identical for d-Vim and Vim, indicating: 1)
that hydrogen-deuterium exchange on NH groups in peptide bonds was minimal or rapidly
exchanged in our hydrogen-based buffers and 2) the secondary structure of d-Vim was the
same as Vim. We note that even though d-Vim was produced recombinantly from a nearly
100 % deuterated carbon source as described by Paliy [205], deuterium incorporation into
the protein was clearly not 100 %. Strong CH signals from the protein were still observed
in the RL spectrum of d-Vim (Fig.5.2B, red). The observed carbon-hydrogen bonds in
d-Vim likely result from hydrogen-deuterium exchange during protein production since we
used H2O-based M9 medium and H2O-based buffers after purification [300]. To investigate
spectral features of vimentin intermediate filaments in cells, we successfully incorporated
recombinantly produced d-Vim into HeLa cells following the protocol illustrated in figure
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5.3A-D. First, the native IF network was depolymerized by addition of cycloheximide (see
methods and SI Fig.5.8 and 5.9) [126]. Then, recombinantly produced d-Vim monomers
were microinjected into the cells (d-Vim = 2 mg/mL) [301], and re-formation of IF network
was induced by changing back to cycloheximide-free medium. After 12 hours of incubation
in normal growth medium, the IF network recovered, and d-Vim showed successful co-
polymerization into the cellular vimentin IF network (see SI, Fig.5.10). Following this
protocol should result in a cellular vimentin network containing d-Vim and Vim and
show a CD vibration in the silent region of the RL spectra, which can, in principle, be
used to localize d-Vim in the cell. A similar approach using CD isotope localization has
been used to identify newly synthesized protein in cells [270, 271] and for tracking cell
penetrating peptides in cells [18,183]. As expected, we observed the unique CD vibration
(at ∼ 2200 cm−1) from d-Vim when it was sufficiently concentrated in fibers in injected
cells (Fig.5.3E). This signal could be used to create contrast showing the concentration of
d-Vim throughout the cell, which is clearly different than the distribution of all proteins
in the cell (Fig.5.3 F and G).

Figure 5.3: Deuterated vimentin creates label-free contrast within cells. The native IF network
of adherent HeLa cells (depicted in green) is depolymerized by treatment with cycloheximide (A)
and deuterated vimentin of high concentration (1.8 mg/ml, red) is injected (B). After incubating
overnight, d-Vim is incorporated in the reformed IF network (C) and cells were fixed. Cell samples
were then imaged by hyperspectral BCARS microscopy to obtain local chemical information (D).
E) RL spectra obtained from two different cell locations show differences in the silent region
resulting from additional molecular vibrations from the CD bonds of d-Vim. F) The total protein
distribution within a cell measured by the integrated intensity of Amide I band (yellow region in
E) in each spatial pixel. G) The d-Vim distribution for the same cells in F integrated over CD
region (purple region in E) in each spatial pixel. The scale bars are 10 µm.

With a method to incorporate d-Vim into the cellular IF network, combined with our
previously developed analysis protocol to isolate the spectral response of isotope-labelled
proteins in cells [18], we can proceed with our primary goal of determining if mechanical
perturbations alter intracellular vimentin secondary structure. To that end, we manipu-
lated the mechanical state of d-Vim-injected HeLa cells both physically and biochemically
by culturing cells on soft substrates and with drug treatments that interfere with cell-
generated tension, respectively. Mesenchymal cells grown on glass substrates, which can
be assumed as infinitely rigid, are known to be in a tensed equilibrium between adhesion
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and traction forces [93,302]. Confocal microscopy of HeLa cells grown on collagen-coated
glass expressing GFP-tagged vimentin revealed that the IF network was laterally sprawling
and occupied a large area, and cells showed a typical fried egg-like appearance (Fig.5.4A
and B). Vimentin filaments formed a perinuclear cage and spread out toward the cell
periphery.

Figure 5.4: Architecture of the IF network is altered by substrate stiffness and drug treatment.
Confocal microscopy images of GFP-tagged vimentin (A,C,E) expressing HeLa cells and brightfield
images showing cell morphology (B,D,F). A,B) Control cells on collagen-coated glass substrates are
well spread with a broad vimentin network. C D) Blebbistatin treatment of cells on collagen-coated
glass causes cells to round up and shrink, and the vimentin IF network becomes less sprawling and
more bundled. E,F) Cells grown on a collagen-coated soft substrate (0.1 kPa polyacrylamide) are
rounded up compared to control cells on glass and showed a collapsed vimentin IFs as a perinuclear
bundled network. All images were taken from imaging planes below the nucleus. Scale bars are 10
µm.

In two-dimensional cell culture, intracellular tension is produced by myosin-based con-
traction of actin stress fibers. To investigate relaxed vimentin IFs, we treated cells grown
on collagen-coated glass with blebbistatin, a non-muscle myosin II inhibitor. The drug in-
hibits ATP hydrolysis and thereby blocks myosin contraction [123], resulting in relaxation
of cell-generated tension. Figures 5.4C and 5.4D show HeLa cells grown on glass substrates
treated with blebbistatin. Treated cells partially rounded up, a hallmark of non-muscle
myosin II contraction inhibition, compared to those without blebbistatin; the vimentin IFs
(Fig.5.4C) appeared wavy and less sprawled than before the treatment but still spanned
large distances within the cytosol. From previous studies, it is also known that substrate
stiffness regulates cellular tension [1, 303]. As an alternative to chemically reducing the
tension, we cultured cells on collagen-coated soft substrates (0.1 kPa polyacrylamide gels)
to again reduce the cell-exerted tensile forces. HeLa cells on soft substrates exhibited an al-
tered morphology with a more perinuclear vimentin network and compact shape (Fig.5.4E
and F) compared to the cells grown on glass (Fig.5.4A and B).
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Figure 5.5: Separation of the vimentin component by multivariate curve resolution. A) Spectra
showing the Amide I region of the entire cell (blue) and the MCR derived d-Vim component aver-
aged over the group of cells grown on glass without further treatment (red). For comparison, the
average spectrum from pure vimentin polymerized in vitro (yellow) is depicted. B) Representative
average cell spectrum (blue) and derived MCR components assigned to the cell background (green)
and d-Vim (red) from a single cell grown on glass.

Having multiple ways to affect cell mechanics, we investigated the influence of cellular
tension on vimentin secondary structure by comparing the shape of the Amide I vibration
in the derived d-Vim RL-spectra from cells that were grown on glass and cells being physi-
cally or chemically relaxed as described above. For each group, we acquired hyperspectral
BCARS images of individual cells. Each data set covered an area of 40 x 40 µm and
at most one cell with a step size of 0.5 µm per spatial pixel. After retrieval of the RL
spectra, the data was thresholded to retain pixels showing sufficient CD intensity, and the
component spectrum of d-Vim was derived via multivariate curve resolution (MCR) in
the same method that we previously established (see methods and the previous chapter
4 for detailed explanation). Exemplary spectra from this process and the d-Vim and cell
background component spectra can be found in the supplementary information (see SI
Fig.5.14, 5.15, 5.165.17). The spectra in figure 5.5A show the Amide I spectrum averaged
over all cells and the average MCR-derived d-Vim component both from all control cells on
collagen-coated glass along with the spectrum from purified, (relaxed) in vitro polymerized
vimentin fibers. Figure 5.5B shows single cell spectra for the MCR-derived d-Vim compo-
nent, the MCR-derived cell background component, and the spectrum averaged over the
entire cell. The CD band (∼ 2200-2400 cm−1) is much larger in the MCR-reconstructed
spectrum for d-Vim (Fig.5.5B, red) compared to the cell background or cell average spec-
trum, as expected. Complete average spectra for each MCR-derived component for each
cell group (control, soft gel, and blebbistatin-treated) are shown in the SI (Fig.5.15, 5.16,
5.17), and all clearly show a dominant CD vibration in the d-Vim component (or lack
thereof in the cell background component), demonstrating specificity / accuracy of the
spectral reconstruction. The d-Vim component spectrum for cells grown on glass (Fig.5A,
red) shows a different spectral pattern compared to purified, in vitro vimentin polymer-
ized into filaments (Fig.5.5A, yellow). While the CH2 stretching vibration at 1450 cm−1

is conserved in the same location and width for both cases, the shape and maximum of
Amide I band was altered in cells grown on glass. Changes in the Amide I band shape of
the MCR-derived d-Vim component show different structural compositions of d-Vim. The
peak maximum for the Amide I band was shifted from 1650 cm−1 for in vitro vimentin
to 1663 cm−1 for the intracellular d-Vim MCR-derived component spectrum, indicating
that the protein was more unfolded into β-sheets. The peak maximum of the Amide I
region for the average cell spectrum (Fig.5.5A, blue) coincided with that of the d-Vim
component; however, the Amide I band of this spectrum was to some degree narrower
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than the d-Vim component, indicating a greater heterogeneity in vimentin compared to
the average protein composition of the cytosol in the same voxels.

Figure 5.6: Vimentin structure is affected by cellular tension. Spectral analysis of cell groups of
different intracellular stress shows changes in the Amide I region indicating differences in structural
composition. A) Average of the Amide I bands from MCR-derived d-Vim spectra of cells grown
on glass substrates (blue, n=14), and after blebbistatin treatment (red, n=7). B) Average of the
Amide I bands from MCR-derived d-Vim spectra of cells grown on glass substrates (blue), and cells
grown on soft substrates (red, n=17). Error bars are standard error of the mean (SEM) for each
spectral point in B and C. Statistically significant differences groups in B and C are shown by light
green boxes. Dark green shades depict reductions in β-sheet and random coil contributions. C)
Secondary structure content of vimentin from spectral decomposition of the Amide I band (either
from pure vimentin filaments or the MCR-derived component). Error bars are standard deviation
from the stated number of samples. Statistically significant differences between cells on glass and
other groups from two sample t-tests are indicated as (∗) for P ≤0.05 and (∗∗) for P ≤0.01.

To determine if cellular tension affected the structure of intracellular vimentin, we com-
pared the average MCR-derived d-Vim Amide I spectrum from cells cultured on collagen-
coated glass and treated with blebbistatin to control cells grown on the same substrates in
normal medium (Fig.5.19 and 5.20). Treatment with blebbistatin resulted in a red-shifted,
narrower Amide I band that was centered at 1652 cm−1 (Fig.6A), indicative of a greater α-
helical (native) structure and significantly lower contributions from the β-sheet structures
compared to control cells on glass. In addition, the d-Vim component spectrum from cells
treated with blebbistatin had a narrower Amide I region compared to the d-Vim peak from
cells on glass (Fig.5.6A), similar to the purified vimentin spectrum in figure 5.5A (yellow).
Similar to cells treated with blebbistatin, cells cultured on soft substrates, also coated with
collagen, showed a weaker intensity at the blue shoulder (high wavenumber side) of the
Amide I band, with significantly lower peak intensities from 1660-1680 cm−1 with respect
to control cells on glass and an Amide I center frequency of 1654 cm−1 (Fig.5.6B). These
changes again indicate that vimentin is more natively (helically) structured when tension
was reduced. Comparing the MCR-derived d-Vim component spectra for cells from each
sample group, we find statistically significant differences (P < 0.05) when comparing cells
with reduced tension (either with blebbistatin or cultured on soft substrates) against those
grown on glass with ’native’ cytoskeletal tension. Statistically significant differences for
each spectral position by two-sample t-tests are shown in figure 5.6A and B with light
green boxes. In order to quantify the altered Amide I line shape and relate these changes
with d-Vim protein structure, we decomposed the MCR-derived d-Vim Amide I band
from each cell. Figure 5.6C shows the resulting average contributions (and standard de-
viations) of α-helical, β-sheet and random coil structure for all groups, as well as for pure
vimentin. The spectral decomposition can be found in the supplementary information 5.19
and 5.20). While in vitro polymerized vimentin is found to be predominantly α-helical (64
%), consistent with previous results [299] and our own circular dichroism (see SI Fig.5.21),
the amount of helix structure is only 33 % for intracellular vimentin from cells grown
on glass. With a lowering of the helical content in cells, the calculated contribution for
β-sheet showed the opposite trend - being 36 % for cells on glass compared to 20% for
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pure vimentin. Both chemical and physical relaxation of cells resulted in an intracellular
structure of vimentin that was more helical (and less unfolded into β-sheets), similar to
pure vimentin. We found that for cells treated with blebbistatin, vimentin is on average 49
% α-helical and 17 % β-sheet structure while for cells grown soft substrates the structural
composition is 46 % α-helix and 27 % β-sheet. The content of unstructured vimentin was
found to be similar for all groups of cells, indicating that the relaxation of cell tension did
not affect random coil segments of vimentin. However, the amount calculated for cytosolic
vimentin was significant higher than for in vitro polymerized vimentin.

5.3 Discussion

In this work, we demonstrated in situ measurements of intracellular vimentin molecular
structure in HeLa cells under different cellular tensions. Microscopic pulling on purified
vimentin filaments adhered to a coverslip resulted in a clear change in its Raman signa-
ture, showing a conformational change under load. This is consistent with previous results
from MD simulations [7, 30, 37] and force-strain experiments [33, 39]. Because unfolding
has been purported to start at ∼20% strain [30], the applied strain of more than 100% of
the initial filament length likely caused most vimentin molecules in the stretched bundle
to undergo a transition from α-helical to β-sheet (and even into a random coil) struc-
ture. The influence of cell-generated mechanical tension on vimentin secondary structure
was measured by modulating the mechanical state of cells chemically or physically and
using BCARS vibrational imaging of recombinantly produced, and microinjected, deuter-
ated vimentin (d-Vim) that incorporated into the cellular vimentin network. We used
the BCARS hyperspectral datasets to derive cell-averaged spectra of d-Vim that was in-
corporated (and sufficiently concentrated) in intracellular vimentin IFs from cells under
different tensile states. Employing our developed chemometric spectral analysis protocol
not only yielded a unique d-Vim component [18], but also a ’cellular background’ com-
ponent of non-d-Vim proteins from the same spatial pixels in each cell. We found the
average cellular spectrum (Fig.5.14) and the cellular background (non-d-Vim) component
for cells under all conditions were largely statistically identical - most importantly in the
Amide I region - indicating that the d-Vim component we extracted accurately reflects
the d-Vim spectral fingerprint. Nevertheless, given the nature of vibrational spectroscopy
and the data processing route used here, we cannot exclude the possibility that proteins
which are highly spatially correlated - i.e. always bound to d-Vim such as native vi-
mentin, also contribute to the extracted d-Vim spectral component. From our spectral
decomposition of the extracted d-Vim component we found that control cells grown on
collagen-coated (rigid) glass substrates, and therefore highly tensed, exhibited a d-Vim
component that was structurally perturbed compared to polymerized, (relaxed) vimentin
in vitro (Fig.5.5A). Furthermore, our data show that a reduction of cellular tension by
either reducing the substrate stiffness or deactivating traction force generation through
blebbistatin inhibition of acto-myosin contraction led to a more native (α-helical) d-Vim
component spectrum (Fig.5.6A and B). While other studies have demonstrated that IF
filaments undergo an α-to-β transition in vitro [6, 33], our study directly shows that un-
folding of vimentin’s α-helical structures under force occurs within cells. Intracellular
vimentin in cells treated with blebbistatin was previously found to have higher acces-
sibility to Cys-selective labels compared to tensed cells [295]. Our findings are loosely
consistent with those from Johnson et al. in that we also observe that vimentin under-
goes a conformational change in tensed versus relaxed cells; however, in contrast to what
they showed, we find vimentin secondary structural transitions (α-to-β) occur to a lesser
degree - not greater degree - under tension-reducing blebbistatin treatment. The results
from Johnson et al. state the reason for increased signal in the Cys-shotgun approach was
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due to blebbistatin-induced depolymerization of vimentin IFs. Our results from GFP-
fluorescence vimentin imaging do not indicate vimentin IF depolymerization in cells after
treatment with blebbistatin at 50 µM concentration for 12 hours (Fig.5.4E). Moreover,
experiments done with in vitro polymerized vimentin fiber bundles also showed no effect
of blebbistatin on vimentin morphology (see SI 5.21) nor on their vibrational spectrum,
particularly in the Amide I region. Taken together, our findings are in line with previous
studies that use blebbistatin as a selective drug only inhibiting myosin but not affecting IF
or microtubules [304, 305]. Importantly, our result showing more helical (natively folded)
vimentin structure in blebbistatin-treated cells was further underscored by a similar find-
ing when culturing cells on soft substrates, which is also well known to reduce traction
forces in adherent cells [118].
The consistency of these results points to the idea that cell-generated tension puts intra-
cellular vimentin IFs under large, finite forces that results in changes to the secondary
structure of the protein in the IF network. Unfolding of coiled-coil regimes of proteins is
believed to be a fundamental force-response mechanism in nature [28, 32]. Such a mech-
anism endows a material with tunable elasticity of being soft at low tensions, which are
presumably more frequent, while becoming nonlinearly stiffer at larger tensile forces (at
large deformations). Previous work on fibrin, the blood clot forming protein with similar
features to vimentin: an elongated molecule with coiled-coil motifs (∼45 nm long [9,283])
that takes an initial helical structure and unfolds into sheets under tension, has suggested
that the conformational changes effectively delay nonlinear stiffening to larger strains in
order to retain structural integrity [9]. For vimentin IF, a similar role as the flexible part
of the cytoskeleton that strain hardens at very large strains has also been proposed [27,38].
In addition to endowing vimentin IF with larger extensibility, IF protein unfolding in cells
may play a role in mechanosensing. Early work by Fudge et al. on hagfish slime led to the
initial suggestion that formation of β-sheets within IFs might act as a sensor for local ten-
sion. Such a conformational change in consequence of load was proposed to possibly start
a binary signaling cascade for cytoskeletal repair or apoptosis [6]. Mechanical tension,
and the resulting conformational changes, are known to inhibit phosphorylation of the
intermediate filament protein lamin-A in the nuclear envelope [296]. Taking the structural
similarities between lamin-A and vimentin into account, we suggest that a similar mecha-
nism could take place within the cytoplasmic vimentin IF network. The results shown here
indicate that vimentin in IFs, when cellular tension is high, is partially unfolded. This
could lead to reduced vimentin phosphorylation and reduced IF disassembly [306, 307].
Evidence for phosphorylation-influenced vimentin IF stability was shown by increased as-
sembly from vimentin monomers into IF under dephosphorylated conditions in cultured
cells [307]. In this model, only IF filaments that bear no tensional loads would be phos-
phorylated, depolymerized, and recycled elsewhere whereas tensed vimentin fibers would
be protected from degradation as they are required to maintain mechanical integrity of
the cell. This mechanism supports the ’use-it-or-loose-it’ module proposed by Dingal and
Discher for filamentous coiled-coil proteins [308]. Efforts are underway in our lab to ob-
serve spatially-resolved structural changes in vimentin as this could reveal intracellular
mechano-chemical coupling at the molecular level.

5.4 Conclusion

The impact of cellular tension on intracellular vimentin IF secondary structure was inves-
tigated by quantitative, protein-specific vibrational microscopy. We used isotope-substi-
tution combined with multivariate data analysis to isolate the unique isotope-substituted
spectral fingerprint of deuterated vimentin from the background cellular protein signal and
accurately reconstructed the vibrational spectrum of intracellular, deuterated vimentin.
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These spectra contained information on the secondary structure of vimentin within cells,
and by changing the intracellular tension either pharmacologically or by growing cells on
soft substrates, we found that high cellular tension showed substantially more unfolded
vimentin IFs from native α-helices into β-sheets. Our findings show that the α-to-β tran-
sition of IF occurs within cells and such a transition could allow vimentin to potentially
act as a local force sensor in the cytoskeleton.

5.5 Methods

Protein expression and purification

A plasmid for human Vimentin containing a C-terminal His-tag (EX-D0114-B31, tebu-bio,
Germany) was transformed into chemical competent E. coli BL21-Gold cells. To produce
deuterated vimentin, we used deuterated sodium acetate-d3 (Sigma-Aldrich) as the only
carbon source while expressing in M9 minimal medium. For non-deuterated vimentin, LB
medium was used for expression with no further changes to the following steps. Bacteria
were grown as a pre-culture overnight in ampicillin (100 µg/ml) containing LB-Medium
and washed several times in M9 medium before inoculating the production culture 1:40.
The growth medium contained 4 g/L deuterated sodium acetate in M9 minimal medium
and ampicillin (100 µg/ml). After an optical density at 600 nm (OD) of 0.8 was reached,
the protein expression was induced by addition of 500 µM IPTG followed by incubation
overnight. Cells were harvested the next day by centrifugation (6000 g, 10 min, 4 ◦C). The
pellet resulting from 1 L expression culture was resuspended in 40 mL resuspension buffer
(50 mM Phosphate, 300 mM NaCl, 10% glycerol, pH = 8.0). Cells were disrupted on ice
by sonication (Omni Sonic Ruptor 400, Omni) and inclusion bodies were separated by
centrifugation (30 min, 6000 g, 4 ◦C). Next, the inclusion bodies were solubilized in lysis
buffer (100 mM NaH2PO4, 10 mM Tris-HCl, 8 M Urea, 150 mM NaCl, pH = 8.0) for 3
h at room temperature. Cell residues were removed by centrifugation (15 min, 6000 g, 20
◦C) and the supernatant was incubated overnight with 1 mL Ni-NTA agarose suspension
at 4 ◦C. The solution was centrifuged (3 min, 800 rpm, 20 ◦C) and the pellet resuspended
in 5 ml of the supernatant and loaded onto an empty column. The Ni-NTA-agarose was
then washed four times using 5 mL wash buffer (100 mM NaH2PO4, 10 mM Tris-HCl,
8 M Urea, 150 mM NaCl, pH = 8) with increasing imidazole concentration (0, 5, 10,
15 mM). Vimentin was eluted twice from the column with 1 mL 400 mM imidazole in
100 mM NaH2PO4, 10 mM Tris-HCl, 8 M Urea, 150 mM NaCl, pH = 8.0. The fraction
containing the target protein was dialyzed against a series of buffers with decreasing urea
concentrations (6, 4, 2 M urea in 5 mM Tris-HCl, 1 mM DTT, pH = 8.4) at 4◦C for 1 h
each, followed by an additional dialysis against fresh buffer (5 mM Tris-HCl, 1 mM DTT,
pH = 8.4), which did not contain any urea, overnight at 4 ◦C. The final solution was
checked by SDS-PAGE and Coomassi-staining showing only a protein band at 54 kDa as
indicated by a protein ladder (PageRuler Prestained, Thermo Scientific).

In vitro stretching of IF

Vimentin IFs were polymerized in vitro by addition of 170 mM final concentration NaCl
into vimentin monomer solution (1.2 mg/ml) [309]. Filaments were formed within 2 h
at 37 ◦C. The IF containing solution was pipetted onto a cover slip and filaments (and
bundles) were allowed to settle onto the glass surface. Next, attached filaments were
deformed by gently pulling with a glass capillary (Femtotip, Eppendorf) mounted to a
micromanipulator (Injectman II, Eppendorf).
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Cell culture

HeLa-GFPvim cells, expressing vimentin with a GFP tag were produced by lentiviral
transfection (LentiBrite GFP-Vimentin Lentiviral Biosensor, Merck Millipore) of HeLa
cells. To establish a strain with sufficient high (>60% of cells) expression rate of GFP,
the cells were sorted by fluorescence-activated cell sorting. For all microscopy imaging
experiments, HeLa-GFPvim were grown in collagen-coated glass bottom dishes (MatTek)
and in culture medium (Dulbecco’s Modified Eagle’s Medium + 10% fetal calf serum,
Dulbecco) containing 100 U/ml Penicilium and 100 µg/ml Streptomycin (Gibco).

Disruption of native IF cytoskeleton

To achieve a homogenous incorporation of deuterated vimentin, the native IF network
was depolymerized by cycloheximide prior to microinjecting. This treatment is known to
alter only the IF network while actin stress fibers and microtubli remain unaffected 46.
Cyclohexamide (ready made solution in DMSO, Sigma Aldrich) was diluted in DMEM
containing 10% FCS to a final concentration of 10µg/ml and cells were let incubate in for
6 h at 37◦C, 5 % CO2 and 95 % relative humidity. The IF depolymerization is reversible
within 12 h after changing back to normal conditions. Successful disruption was checked
by fluorescence microscopy (see SI 5.9).

D-Vim microinjection

For microinjection, the cell medium was changed to 4◦C cold Leibovitz’s L-15 CO2 in-
dependent medium (Gibco). Concentrated vimentin monomer solution (4 mg/ml) was
centrifuged at 13000 rpm for 5 min to prevent clotting of the capillary due to protein
aggregates prior to microinjection. The protein solution was injected into adherent HeLa-
GFPvim by a microinjection system (Injectman II and Femtojet, Eppendorf) and injection
parameters were 100 Pa injection pressure, 0.5 s injection time and 50 Pa compensation
pressure. After injection, the medium was changed back to normal culture medium and
cells were left to incubate for 12 h.

Alteration of cellular tension

The tension of the cytoskeleton was changed either the chemical agent blebbistatin or phys-
ical modifications of the cell substrate. Blebbistatin (Abcam), a small molecule known to
inhibit myosin-II in actin stress fibers [123], was added to culture medium containing 10%
FCS with a final concentration of 50 µM. For chemically induced relaxation, HeLaGFP-
vim cells containing isotopically labelled d-Vim and grown on rigid collagen-coated glass
substrate were incubated in the blebbistatin containing medium for 8 h. In a second series
of experiments, cells were grown during all treatment steps (depolymierziation, microinjec-
tion, repolymerization) on substrates of low stiffness instead of glass. Cells were therefore
incubated on collagen-coated softwell hydrogel of 0.1 kPa elastic modulus (Softview, Ma-
trigen). The surface functionalization was thereby similar to the rigid glass bottom dishes
used in other experiments. In each experiment, cells were prepared for BCARS by washing
the cells with PBS followed by fixation for 30 min (4 % Paraformaldehyde in PBS, pH
7.4). The cell samples were stored in PBS at 4◦C and used for BCARS experiments within
3 days. Morphological changes of the IF network were visualized by confocal microscopy
(see Supplementary Methods for details).
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BCARS Microspectroscopy

Fixed cell samples were analyzed with a home-built broadband anti-Stokes Raman Scat-
tering (BCARS) spectroscopy setup that has been extensively described elsewhere [241].
A brief description of the experimental setup can be found in the supplementary informa-
tion (5.22). Using this setup, a region of interest, usually covering a single cell, was raster
scanned and a BCARS spectrum was recorded at each pixel. As the acquired BCARS
signal consists of both non-resonant and resonant contributions from the sample and the
surrounding medium, a phase retrieval procedure was performed to isolate Raman-like
spectra for quantitative analysis [298]. The method described by Liu et al. using a time-
domain Kramers-Kronig transform with a causality constraint was employed to produce
the resonant contribution from each BCARS spectrum with a non-resonant spectrum ac-
quired from nearby medium [156, 161]. However, due to these imperfect reference, the
slowly altering error from the phase had to be corrected. This was achieved by subtract-
ing a spectral baseline which was calculated by an iterative fit with a fifth-order polyno-
mial [310]. The entire spectral processing to obtain Raman-like spectra was performed
by self-written scripts in Igor Pro 6.37 (WaveMetrics). Representative hyperspectral data
can be found in the Supplementary Information (SI Fig.5.12 and 5.13).

Separation of spectral contribution from isotopically labelled protein

To separate the Raman signal of deuterated vimentin IF from all other protein contribu-
tion, we employed multivariate curve resolution using an alternating least squares algo-
rithm (MCR-ALS) [186] on every BCARS dataset covering a single cell. The processing
was done with the MCR-ALS GUI 2.0 toolbox for Matlab (R2015, MathWorks) by Tauler
and coworkers [195]. A similar approach was established to isolate the spectrum of a
deuterated peptide within cells by our group in an earlier study [18]. In a first step, every
RL-dataset was filtered against a threshold set for the CH band intensity (2935 cm−1) to
exclude pixel outside the target cell. From the remaining pixels, an average spectrum was
calculated. Next, the spectral data was reduced further to spectra showing at least some
traces of d-Vim as evaluated by presence of the CD2 vibration. As our interest here only
was on the secondary structure and the spectral labeling in the CD region, the spectra
range was narrowed the following regions: 1400 cm−1-1780 cm−1 and 2130 cm−1-2400
cm−1. Thereby, extraneous spectral features as well as intrinsic noise in the quiescent
region were filtered out and the prepared spectra were bundled into a single data matrix
per cell. Next, MCR-ALS was used to find the optimal pure spectral components and
respective loadings to represent the entire dataset. A maximum of three spectral com-
ponents (for cell background, d-Vim and non-random artifacts) was chosen together with
constrains for non-negativity of loadings and spectra. The iterative process was stopped
either when convergence was achieved or after 50 steps. From the calculated component
spectra, the d-Vim component was selected as that having the highest signal intensity
in the CD part of the spectrum. From those, an average spectrum was calculated and
analyzed further to judge the secondary structural content.

Calculation of secondary structure

Raman spectroscopy is sensitive in several vibrational modes to secondary structure mo-
tifs present in the sample volume [55, 266]. This dependency was used to calculate the
structural composition from the given average RL spectra as well as from component spec-
tra obtained by MCR analysis as described above. The amide I band (1570-1730 cm−1)
was decomposed via least square fitting with a Levenberg-Marquard algorithm in Mat-
lab (Mathworks). Thereby, the Raman modes assigned to different structural motifs with
known peak position, were extracted. From the resulting peak areas, the overall structural
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composition was calculated for the given spectrum. As shown by Berjot et al., the amide
I band can be decomposed into two peaks for α-helix at 1635 and 1647 cm−1, a peak at
1660 cm−1 for random coils, 1667 cm−1 for β-sheets and 1693 cm−1 for β-turn. Ring mode
from tyrosine, tryptophan and phenylalanine were included with two minor peaks at 1600
cm−1 and 1612 cm−1 [55]. The peaks were assumed to have Lorentzian line shape, defined
by a line width and center frequency both being allowed floating within a defined range.
The major fitting parameter, the peak amplitude, was constrained to only positive values.

5.6 Appendix III - Supplementary Information

Supplementary data

Figure 5.7: Maldi-TOF spectrum of recombinantly produced deuterated vimentin showing max-
ima at 60654.45 m/z and 30243.68 m/z indicating almost full isotopic exchange.
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Figure 5.8: Confocal microscopy image of HeLa cells grown on collagen-coated rigid glass surface
co-expressing Vimentin and GFP (strain Hela-GFPvim). The IF network is filamentous and spread
out into the entire cytosol and being most dense in close proximity to the nucleus. The scale bar
represents 10 µm.

Figure 5.9: Merged widefield microscopy image showing the disassembled GFP-labelled (green
channel) vimentin IF network in HeLa cells after 5 h of treatment with cycloheximide. The nuclei
are labelled by DAPI in blue. The scale bar indicates 10 µm.
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Figure 5.10: Incorporation of microinjected vimentin into the native IF network. (A) Fluores-
cence microscopy image of GFP-labelled native IF in HeLa after ∼8 h recovery from depolymeriza-
tion with cycloheximide. (B) Injected, rhodamine-labelled vimentin resembling the same pattern
as the intrinsic vimentin. The bright dots are caused by dye aggregates. Scale bars indicate 10
µm.

Figure 5.11: Western Blot showing vimentin of high (first two lanes) and low concentration
(fourth lane) by an anti-his fluorophore at the expected MW of 54 kDa.
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Figure 5.12: Broadband CARS data of a cell without the signature of deuterated vimentin.
Hyperspectral maps of A) the Amide I band, B) CH band between 2800 and 3200 cm−1 and C)
CD band between 2100 and 2250 cm−1. D) Representative spectra from outside the cell, only
showing spectral background from the medium, from the cytosol and a lipid droplet. No Raman
signal appears in the silent region between 1700 and 2600 cm−1. Scale bars indicate 5 µm.
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Figure 5.13: Cell containing deuterated vimentin. Hyperspectral maps of A) the Amide I band,
B) CH band between 2800 and 3200 cm−1 and C) CD band between 2100 and 2250 cm−1. D)
Representative spectra from outside the cell, only showing spectral background from the medium,
from two different positions in the cytosol, one without d-Vim another rich in d-Vim, and a lipid
droplet. The additional signature of the CD mode appears in the silent region around 2150 cm−1.
Scale bars indicate 5 µm.
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Figure 5.14: Normalized average cell spectrum for each group showing a constant Amide I region.
The spectra per group show were calculated by pooling all spectra originating from cell-containing
pixels from each cell for each group and taking the global average.

Figure 5.15: Average of the MCR components obtained from CD containing pixels of cells that
were grown on glass substrates and treated with blebbistatin. The two components differ mostly in
their intensity of the CD region with some changes in the Amide I and CH region. The component
with the strongest CD region intensities was assigned to the deuterated protein while the remaining
component represents any non-deuterated protein.
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Figure 5.16: Average of the MCR components obtained from CD containing pixels of cells that
were grown on soft substrate. The two components differ mostly in their intensity of the CD region
with minor changes in the Amide I and CH region. The component of strong CD intensities was
assigned to the deuterated protein while the remaining component represents any non-deuterated
protein.

Figure 5.17: Average of the MCR components obtained from CD containing pixels of cells
that were grown on glass substrates. The two components differ mostly in their intensity of the
CD region with some changes in the Amide I and CH region. The component of strong CD
intensities was assigned to the deuterated protein while the remaining component represents any
non-deuterated protein.
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Figure 5.18: Amide fit on the average spectral data from pure vimentin (A) and as average over
an entire cell (B).

Figure 5.19: Amide fit on the average MCR components assigned to d-vimentin from cells grown
on glass (A), treated with blebbistatin (B) and grown on soft substrate (C).

Figure 5.20: Circular dichroism spectroscopy of vimentin monomers in PBS showing the domi-
nantly α-helical structure of the protein.
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Figure 5.21: Phase contrast microscopy images of vimentin filaments formed in vitro before (A)
and after 12 h blebbistatin treatment (B) show very similar appearance. Scale bars indicate 50
µm and a gradient background was subtracted from both images.

Figure 5.22: Illustration of the broadband CARS setup used in this work. A) Optical beam path
for creating and detecting BCARS signal. B) Zoom-in showing the sample area where the Stokes
beam is spatially and temporally overlaped with the pump/probe beam to create the forward-
detected CARS signal.
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Supplementary Methods

Confocal microscopy

Confocal microscopy was used to visualize the spatial distribution of vimentin IF in
HeLaGFP-Vim cells under different conditions. Measurements were performed on a TCS
SP5 confocal microscope (Leica, Germany) with laser excitation at 405 nm (GFP) and
a 63x, 1.2 NA water immersion objective lens. The image contrast was adjusted and a
smoothened background was removed in ImageJ.

Widefield fluorescence microscopy

To determine the intracellular distribution if native IF under different treatments as well as
microinjected vimentin, widefield fluorescence microscopy was used. Measurements were
done on an Olympus Ti-81 microscope with 20x or 100x magnification with appropriate
filters.

Circular dichroism spectroscopy

Secondary structure of vimentin monomers was analyzed with circular dichroism spec-
troscopy in the range from 190 to 260 nm in 1 nm steps. Experiments were performed on
a J-815 spectrometer (JASCO Inc, Easton, USA) under nitrogen atmosphere and by using
quartz cuvettes of 1 mm path length. Protein was dissolved in phosphate buffer at pH 7.4
with final concentration of 2.5µM. For each sample, 3 spectra were taken and averaged.

CARS microspectroscopy

Intracellular protein structure was analyzed by broadband CARS microspectroscopy setup
as depicted in figure 5.22. A commercial ns-pulsed laser source (Leukos-CARS, Leukos)
provides a spectrally narrow pump/probe beam (λ = 1064 nm) from which ∼50% is
coupled into a photonic crystal fiber to obtain a spectrally broad Stokes beam (λ = 400-
2400 nm). To match both Stokes and pump/probe beam pulses in the sample focus
temporally, the later one is guided through a delay line of several meters length. The
spectral range of the Stokes beam is cut by a longpass filter and a Glan-Thompson polarizer
to a bandwidth from 1100-1600 nm. The final spectral power density of the Stokes beam is
more than 100 µW nm−1. Both Stokes and pump/probe beam are combined by a dichroic
mirror and directed to an inverted microscope (Eclipse Ti-U, Nikon) where they are focused
into the sample with an objective lens (100x, NA:0.85, Zeiss) as shown in figure 5.22B.
The total average laser power within the focal volume is 30 mW. To allow hyperspectral
imaging, the sample is mounted on a xyz piezo stage (Nano-PDQ 375 HS, Mad City Labs)
allowing sub-micrometer step size. The CARS signal is collected in forward direction with
a second objective lens (10x, NA: 0.25, Zeiss) and send to a spectrometer. To block the
intense pump/probe and Stokes beams, a notch-filter (NF03-532/1064E-25, Semrock) and
a short-pass filter (FES1000, Thorlabs) are placed before the entrance slit. The CARS
signal is analyzed by a Czerny-Turner spectrograph (Shamrock 303i, Andor) with attached
cooled CCD camera (Newport DU920P-BR-DD, Andor) resulting in a spectral range from
500 cm−1 to 4000 cm−1 with a spectral pitch of ∼4 cm−1. All components in the setup
are controlled with software written in LabView (National Instruments). Further details
of this BCARS experiment can be found elsewhere [18,241].
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Chapter 6

Outlook and Summary

6.1 Future directions

Research is an infinite story and the projects discussed in this work only scratch the
surface of the true nature of structural changes in biomaterials and cells. The bulk of the
literature on structural biochemistry exists for purified systems or crystals where signals
are relatively easier to attribute to specific molecular entities in macromolecules. This is
in stark contrast to the work presented here in dirty, ’soft’ biomaterials and within cells.
Throughout the course of working on the projects presented in the previous chapters,
plenty of interesting ideas for experiments came up, for which I will briefly discuss the
most promising avenues below.

6.1.1 Local hydrogel deformation

Rheology experiments probe the bulk properties of a material and shear or tensile tests
are based on the assumption that the sample in itself is homogeneous. As we have shown
in chapter 3, this is an oversimplified picture for fibrin hydrogels [17] and most probably
for other biopolymer networks, too. A crucial aspect in measuring the sample response
to a deformation is the application of stress at a well-defined location. When the spatial
distribution of load in a sample matters, such as in hydrogel networks [311] or when study-
ing force distribution within the extracellular matrix [312], the usual shear (and tensile)
geometries might not be appropriate. For microspectroscopy of fibrin (but other hydrogel
samples as well) I therefore suggest testing the following experimental configuration: A
thin sample is prepared by casting between glass slides as described before. However, a
fiber or wire of small diameter (<100 µm) and with elasticity greater that the test ma-
terial is embedded in the sample during polymerization (see Fig.6.1). The fiber surface
will act as a nucleation site for the biopolymer formation and thereby couple the fiber to
the protein gel. One could for example use a piece of (stripped) optical fiber, a nanowire
or simply hair. The loose end of the fiber can be attached to a micro stage or stepper
motor while the hydrogel sample is fixed. Pulling on the string will then create a con-
trolled one-dimensional shear force locally in the sample resulting in a stress distribution
as shown in Fig.6.1B. Such an experiment would mimic physiological relevant scenarios
like deformation of at a wound site by platelets or shear forces from blood flow (up to
38 Pa, 10000 /s [313]). The local sample deformation can be tracked by embedded mi-
crobeads especially as the shear strain has a lateral gradient in this configuration. It would
be interesting to relate the shear force to local secondary structure measured by BCARS
in fibrin hydrogels of different concentration and cross-linking.
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Figure 6.1: A) Schematic for one-dimensional shear force application on a hydrogel sample. A
rigid fiber is embedded in the hydrogel sample and then pulled. B) Artist’s rendition of the strain
profile in the material with darker red corresponding to more strain.

6.1.2 Design of a cell stretching device for large deformations

The Holy Grail for intermediate filament mechanics is to quantify and understand their
response to large strains within cells. IF are assumed to be the safety belts’ of cells,
that ensure structural integrity under extreme deformations [38]. This is achieved by
their somewhat unique strain-hardening and structural properties, which have been par-
tially shown in vitro [66] and in theory [6, 30]. While the experiments presented in this
work indicate structural unfolding also in vivo, it would be even more relevant to test the
response to active deformation instead of relying on the intrinsic cell-generated preten-
sion [62]. BCARS microspectroscopy of deuterated vimentin IF together combined with
fluorescence microscopy of GFP-vimentin under load would reveal the degree of structural
transitions and the maximum strain rates occurring in vivo as well as the network response
to such large mechanical deformations. As the relevant structural transitions in IF start
around 10 % strain [39] and network rearrangement will compensate for small deforma-
tions, the cell stretching setup must allow deformations to much higher strains. Common
cell stretching devices based on elastic PDMS chambers [111, 114] as well as commercial
available systems only allow small deformations up to ∼20% and are not applicable in the
constrained setup geometry of the BCARS setup. The experiments should be carried out
on live cells and experimental procedures and preparations require several hours. This
makes full-time coverage with cell growth medium necessary. For BCARS imaging, the
specimen must be placed within the working distance of the excitation objective lens,
usually 1-2 mm, and the entire sample should have the least absorption possible. Further-
more, the sample region must be accessible for the objective lens from below as well as
for the collection objective lens from the top (water immersion) also having a small work-
ing distance of only 3-5 mm. To meet all those requirements, a prototype cell stretching
device was developed and built with help from Mark-Jan van Zadel and Florian Gericke.
Figure 6.2 shows the design and the final in-built device in the BCARS setup. The cell
stretching device is based on the macroscopic deformation of a highly elastic membrane
on which the cells are cultured. As membranes, we chose biologically inert and optically
transparent PDMS thin films (P/N PF-30-X0, TELTEC GmbH), which have only few
molecular vibrations in the fingerprint region. However, pretests showed that the CARS
signal from PDMS overwhelmed any protein signal from cells seeded directly on top. We
therefore added a spectral less interfering gelatin hydrogel layer of 5 µm thickness through
spin coating to move the focal volume away from the PDMS. This reduced the now out
of focus signal from PDMS sufficiently to obtain a useful signal from the seeded cells. To
improve cell attachment, the substrates were coated with fibronectin solution [50 µg/ml,
1 h at 37◦C]. The prepared membrane is clamped to two height-adjustable hooks that are
mounted to stepper motors (NEMA11, Haydon Kerk). A controller board (IKS-31-303,
Mocontronic Systems GmbH) allows the communication to both motors via a Labview
interface and stretching of the sample is done by synchronous motion of the motors. The
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minimum length for the membrane is set by the diameter of the upper objective lens
(∼40 mm), which must fit in between the clamps. This makes a respective diameter of a
standard Petri dish necessary for supporting the sample liquid and a displacement stroke
of 40-60 mm within the microscopy setup. For imaging, a glass bottom Petri dish was
self-built where the glass slide was glued to the inside of the dish to make the sample
optimal accessible (see Fig.6.2B).

Figure 6.2: Design and final setup for cell stretching experiments. (A) Design study showing
the idea and dimensions to scale. (B) Detail of the sample geometry. The cell specimen is grown
on an elastic membrane and positioned bottom up for the experiment to be within the working
distance of the high-NA excitation objective below. (C) Final cell stretcher with attached hooks
that clamp the elastic membrane mounted in the BCARS setup.

To test the cell stretching device, a first experiment was performed with HeLa cells
where the vimentin intermediate filaments are expressed with a GFP tag and visible in
fluorescence microscopy. Cells were cultured at low density on PDMS membranes placed
in six-well plates for two days under standard conditions (see methods section of chapter
4 and 5). Next, the membrane was gently peeled off and clamped to the stretcher hooks
so that the adherent cells are on the bottom side as depicted in Fig.6.2B. The cell culture
was kept surrounded by medium or PBS to prevent cells from drying out. Afterwards, the
parts were assembled in the stretching device and the membrane submerged in serum-free,
CO2-independent medium (L-15, Gibco). For fluorescence imaging, the stretching device
was mounted on a wide-field microscope (IX-81, Olympus) and images were acquired for
different strains as shown in Fig.6.3. Uniaxial stretching of the elastic membrane leads
to a proportional local strain that deforms the adherent cells along the load direction.
Fluorescence images indicate that the intermediate filament network follows the substrate
deformation without rupture up to the maximal applied strain of 50 % as depicted in
Fig.6.3C. Releasing the strain leads to a relaxation of the IF network that distributes
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0 % 25 % 50 % 0 %

Cell A (x) 100 80 67 81

Cell A (y) 100 92 102 86

Cell B (x) 100 112 142 94

Cell B (y) 100 80 76 102

Table 6.1: Extension of IF network for two cells along the x and y axis as indicated in Fig.6.3
under different deformations. The measured length was always normalized to the initial 0% value.

similar to the initial IF arrangement (see Fig.6.3D). Quantification by measuring the
extension of the IF geometry for the x- and y-axis is given in table ?? and indicates that
the IF network of cells that are initially aligned along the direction of load nicely follow
the deformation.

Figure 6.3: Fluorescence microscopy of HeLa cells under different mechanical loads: initially
relaxed cells (A), 25 % strain (B), 50 % strain (C) and again relaxed (D). The direction of load is
indicated by the arrows and the scale bar represents 50 µm for all images.

Based on these preliminary results that demonstrate the suitability of the cell-stretching
device - at least for fluorescence, it would be interesting to investigate the following ques-
tions in more detail:

• What is the maximum strain that can be compensated by the IF network before FA
detachment or even rupture?

• How does the IF network rearrange at time-scales of minutes to hours when being
deformed to different strains?

• How does this force affect other cytoskeletal networks?

• How does the secondary structure of IF change under high loads?

6.1.3 Reconstructing the non-resonant CARS contribution with MCR-
ALS

Broadband CARS experiments suffer from the necessity to acquire a spectrum that con-
tains only the non-resonant background (NRB) component. Usually, this reference spec-
trum is taken either from the glass substrate or in the medium next to a (biological)
specimen. In the phase-retrieval processing (described above in chapter 1.4), the reference
is then used to separate the resonant from the non-resonant CARS signal and to obtain
a quantitative, Raman-like spectrum. The NRB is predominantly comprised of electronic
signal contributions from other nonlinear optical phenomena that are less chemically spe-
cific [163].The measurement of the NRB on a pixel-by-pixel basis is a nontrivial task; thus,
often a single reference NRB from glass or water is acquired which then results in a local
error between the actual and estimated amplitude and phase. Recently, the Langbein
group proposed NaCl crystals as a universal reference material to obtain a constant NRB
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over changing positions and even experiments [314].
Both techniques, however, rely upon an accurate measurement of the NRB, which also
incorporates the system excitation profile and spectral response. To date, no convenient
approach has been found to measure the exact NRB, so retrieved spectra in general contain
phase and amplitude errors. A possible alternative to obtain the NRB spectrum without
additional measurements beside the actual hyperspectral image could be principal com-
ponent or MCR-ALS analysis. For MCR-ALS, a similar approach was demonstrated for
removing a fluorescent background from spontaneous Raman data [272].

Every raw CARS spectrum in a hyperspectral images contains a pure NRB component,
the resonant component that varies with the oscillators present in the probed volume, and
the mixed term containing both contributions. As discussed earlier, the NRB term should
be independent of the sample itself and therefore similar in all pixels. When ignoring
the fact that the resonant signal might not follow a linear concentration dependency and
only aiming for the NRB spectrum as a reference, the MCR approach should produce a
meaningful component spectrum that reflects the optimal NRB signal for the entire data
set that could serve as a pseudo-reference spectrum for the phase-retrieval processing.

Figure 6.4: non-resonant background spectra from glass and from MCR processing. All spectra
where normalized to their maximum value.

The proposed procedure works as follows: First, the collected raw BCARS data is
imported into Matlab and unfolded into a two-dimensional matrix of (spectra x position).
This data is then processed in the MCR-ALS toolbox with a sufficiently large number of
allowed components (e.g. 5-8 depending on the heterogeneity of the sample) to calculate
the resulting set of component spectra and loadings. From these spectra, the smoothest
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one is selected manually as reference spectrum and used in the Igor Pro GUI while the
further spectra and concentrations are discarded. Usually, the component with the lowest
eigenvalue will represent the NRB at the best. It might be necessary to multiply the
component spectrum by a constant factor so that is covers the same numerical range as
the BCARS spectra. Based on such a reference, the normal BCARS data processing can
be done as described in the methods chapter.

This approach was tested with a sample consisting of polystyrene beads surrounded by
water and hyperspectral BCARS images were acquired with 41 x 41 pixels. This data
was then unfolded and processed in MCR-ALS with 7 allowed components. Figure 6.4
shows the non-resonant background obtained from glass as well as the second and seventh
component obtained by the MCR procedure. While the second MCR component con-
tains unwanted spectral features, like the sharp dip around 3200 cm−1, the lower-ranked
component only shows the expected NRB pattern modulated by some slowly varying back-
ground. By using those artifical spectra, the phase retrieval process can be carried out
and meaningful Raman-like spectra can be achieved as shown in Fig.6.5.

Figure 6.5: Raman-like spectra after phase-retrieval using different references. The spectra from
an empty pixel show incorrect peaks when the 2nd MCR component was used as a reference while
in case of the 7th MCR component this artifact is almost vanished (A). For polystyrene beads, the
RL-spectrum is accurately for all three references with minor variation in the overall peak intensity
(B).

For most samples, this approach should provide a reference spectrum that is as usable
as one taken from an ’empty’ pixel that contains only the surrounding medium. However,
the procedure presented here might be superior to such a manual picking of a reference
spectrum as the MCR algorithm successfully filters out random noise that would have
influence on every single retrieved spectrum. Yet, a more systematic analysis covering dif-
ferent sample types and a better understanding on how efficient the resonant contribution
is suppressed in the ’NRB’ component is necessary to fully evaluate this idea.
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6.2 Summary

My PhD research summarized in this thesis focused on applying molecular spectroscopy to
investigate the mechanical processes in biological systems. The interdisciplinary work was
done in Sapun Parekh’s lab at the Max Planck Institute for Polymer Research in collabo-
ration with the Institute of Pharmacy and Biochemistry, Johannes-Gutenberg University
Mainz. Only by the support from both research groups was it possible to realize the
challenging ideas of investigating isotopically labelled proteins within cells by broadband
CARS microspectroscopy.
Protein secondary structure and its dynamic changes are a key mechanism to understand
biomechanics both in hydrogel systems such as fibrin as well as in intracellular protein
networks. In the projects presented in this dissertation, I show the capability of coherent
Raman scattering as a tool to determine protein structure in situ and first steps towards
applying this technique in cell biology.
For my research I had to heavily simplify and streamline the systems that were studied
and even with this approach and the available experimental methods, I could still only
reveal partial aspects of the underlying mechanisms. In approaching the research this
way, proteins were to be assumed mechanical building blocks that might switch their state
when under load rather than considering the plethora of biochemical properties, reactions
and, especially in the cell systems, the infinite number of possible interactions with other
proteins. Elsewise, I would have been lost in all the details.

In chapter 3 we investigated how the fibrin, the blood clotting protein, forms elastic
network structures that become stiff and can resist large deformations while staying soft
under minor strains. By BCARS microspectroscopy of fibrin hydrogels under different
strains, we detected that the secondary structure of the initially predominantly α-helical
protein unfolds to β-sheet structure. Furthermore, we show by a localized calculation
of the structural motifs (resulting in structural maps) that this transition appears to be
heterogeneous and thereby the assumption of a ’bulk material’ is insufficient to describe
these hydrogel networks. The structural changes in these supramolecular features could
help to locally prevent the degradation (fibrinolysis) at such load-bearing fiber strands -
a first hint (from our work) towards the ’use it or lose it’ principle [308]. Besides those
findings, the fibrin project demonstrated that BCARS can be employed to measure protein
structure in situ.

Next, a method had to be evaluated to find a specific isotopically labelled protein within
the intracellular environment (that contains more than 200 mg/mL protein on aver-
age [269]) and to filter out the specific Raman signal of such a target molecule from the
cytosolic background. Chapter 4 describes the work done on the cell penetrating peptide
’penetratin’ to test the separation capabilities of chemometric data analysis on deuter-
ated proteins from data within the cytosol. Penetratin was tagged with six deuterated
glycine molecules to create a unique spectral feature and then added to cell cultures. As a
CPP, the peptide translocated into the adherent cells and accumulated within the cytosol
and, after some incubation time, also in the nucleus. Based on the work from Ye and
coworkers [183], we localized the deuterated penetratin with both BCARS spectroscopy
and confocal microscopy and determined its secondary structure in different cellular com-
partments. The easy to produce isotopically labeled peptide helped us to develop the data
analysis methods by the chemometric toolbox MCR-ALS together with subsequent peak
fitting of the amide I band to extract the structural composition.

In chapter 5 we combined the results and experience collected in chapters 3 and 4 to
study the intracellular IF protein vimentin under different tensional states in HeLa cells.
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The Holy Grail for my research was to determine how intermediate filaments are influ-
enced by mechanical forces that act upon the cytoskeleton. Therefore, an experimental
process of combining stable isotope labelling with MCR-ALS analysis to separate the
spectral component of a target protein had to be established. Even with using the imag-
ing method of broadband CARS microspectroscopy, the obtained spatial information had
to be sacrificed in order to make the chemometric filtering of the component spectrum
possible. Our results reveal that the overall structural composition of vimentin in cells
grown on glass tends towards more β-sheet structure indicating that unfolded vimentin is
present under this culture condition. On the other hand, we showed that cells that were
either physically or chemically relaxed contained higher contributions of α-helix structure
and thereby more like in vitro vimentin. While we still can’t create structural maps that
would illustrate a spatially resolved distribution of unfolded IF, we got a first indication
that unfolding of IF takes place in vivo. This implies that vimentin and probably also
other IF forming proteins of very similar structure could act as force sensors within the
cytoskeleton. If the strain becomes high at a location in the network, the involved protein
molecules respond by a transition from α-helix to β-sheet. Thereby not only each affected
molecule is extended and the structural integrity is maintained while a chemical signaling
cascade might have been triggered. In consequence, the IF at such a site might be pro-
tected from degradation or even be reinforced with cross-linking proteins. Such a feedback
would, first of all, enable the cell to adapt continuously to varying external loads without
wasting IF protein at unstressed sites. In addition, such force sensing could be involved
in further adaptions or even differentiation on longer time scales and therefore our results
might help to understand the role of IF beyond its structural purpose in the cytoskeleton.

Given the constraints of the experimental setup, the MCR data processing and time,
my dissertation only provides a first lead how the true IF mechanics are in living cells.
Further research is needed to answer all the obvious next questions such as

• How does the IF network react to active deformation?

• Is the structural transition reversible?

• Over which time scales remain unfolded segments stable and could this create some
sort of memory?

• Is the structural composition different between epithelial and mesenchymal cells?

To which extent BCARS microspectroscopy can help with such next steps should be con-
sidered open and unbiased. The results of chapter 5 clearly show the limits and detection
thresholds of BCARS at its current configuration. Having more effective isotopic labelling
or combined measurements that exploit fluorescent tags might result in better separation
of the IF signal and could allow a semi-localized imaging.
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