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High-resolution measurement of long-range
distances in RNA: pulse EPR spectroscopy with
TEMPO-labeled nucleotides†
Karin Halbmair,a Jan Seikowski,a Igor Tkach,a Claudia Höbartner,*ab Deniz Sezer*c
and Marina Bennati*ab
Structural information at atomic resolution of biomolecular assemblies, such as RNA and RNA protein
complexes, is fundamental to comprehend biological function. Modern spectroscopic methods oﬀer
exceptional opportunities in this direction. Here we present the capability of pulse EPR to report highresolution long-range distances in RNAs by means of a recently developed spin labeled nucleotide, which
carries the TEMPO group directly attached to the nucleobase and preserves Watson–Crick base-pairing. In
a representative RNA duplex with spin-label separations up to 28 base pairs (z8 nm) we demonstrate that
the label allows for a model-free conversion of inter-spin distances into base-pair separation (Dbp) if broadband pulse excitation at Q band frequencies (34 GHz) is applied. The observed distance distribution
increases from 0.2 nm for Dbp ¼ 10 to only 0.5 nm for Dbp ¼ 28, consistent with only small deviations
from the “ideal” A-form RNA structure. Molecular dynamics (MD) simulations conducted at 20  C show
restricted conformational freedom of the label. MD-generated structural deviations from an “ideal” A-RNA
geometry help disentangle the contributions of local ﬂexibility of the label and its neighboring nucleobases
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and global deformations of the RNA double helix to the experimental distance distributions. The study
DOI: 10.1039/c5sc04631a

demonstrates that our simple but strategic spin labeling procedure can access detailed structural information
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on RNAs at atomic resolution over distances that match the size of macromolecular RNA complexes.

1. Introduction
RNAs have a central role in life being involved in transmission
and regulation of genetic information. Besides these classical
roles, many additional regulatory and catalytic functions have
been recently discovered that depend not only on the tertiary
structure but also on its capability to adopt multiple conformational states.1–3 Examples of such functional RNAs include
riboswitches that regulate gene expression in response to
changes in metabolite concentrations and can be coupled to
ribozymes.4 Other non-coding RNAs, such as miRNAs, are also
actively involved in regulating gene expression in health and
disease,5 and post-transcriptional RNA modications are
currently attracting signicant interest for their ability to
modulate RNA structures and metabolism.6,7 Thus, detailed
investigations of RNA folding and its manipulation upon
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modication or protein binding are needed to elucidate
unknown details about RNA in macromolecular complexes.
Spectroscopy and biophysical methods can address the
inherent structural exibility and dynamics in solution state.8
Eﬃcient approaches for solution structure determination of
biomolecules and particularly RNAs have been developed based
on NMR spectroscopy9 and also in conjunction with small-angle
X-ray scattering (SAXS).10 NMR oﬀers the great advantage of
atomistic or residue-resolution and permits investigation of
dynamic properties in the liquid state, however it is limited by
the size (<50 kDa) of the biomolecular complexes. Fluorescence
spectroscopy allows investigations in liquid solution on the subpicosecond time scales with single molecule sensitivity.11
Among the uorescence-based methods, Förster resonance
energy transfer (FRET)12,13 reports on distances between two
attached chromophores up to 10 nm but resolution and analysis
are aggravated by the size and exibility of the uorophores.
Pulsed EPR spectroscopy has developed as a powerful method
for detection of long-range distances in the 1–10 nm length scale
in frozen solution of diluted biomolecules.14–16 The technique,
called PELDOR17 (pulse electron–electron double resonance) or
DEER,18,19 detects weak dipolar couplings between two paramagnetic species, which can be endogenous20,21 or site-specically
attached to bio-macromolecules via spin labelling techniques.22
Sensitivity and resolution of PELDOR/DEER are both independent
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of the size of the macromolecular complex. Multiple conformations can be easily detected and disentangled based on their
diﬀerent dipolar frequencies. Therefore the technique delivers
structural information oen not amenable by other widespread
methods.
Several examples for the application of PELDOR/DEER in
studies of RNAs have been reported.23–25 RNA secondary structures
have been investigated in a hammerhead ribozyme26 as well as in
aptamers.27,28 More recently the structure of a 70 kDa protein-RNA
complex has been elucidated using an EPR-aided approach that
combines distance constraints from EPR as well as NMR.29,30
Another study detected the annealing of a mini-TAR DNA stem
loop with the complementary TAR RNA.31 Nevertheless, the
availability of spin-labeled RNA and the properties of the spin
label itself still pose the major restrictions for the resolution and
the application of this powerful technique. Specically, the label
exibility determines the attainable resolution in distance distributions.32 Labelling procedures for RNA, in which nitroxide
radicals are attached either at the ribose,33 the phosphate backbone34,35 or the nucleobase36–38 have been proposed; but the
majority employs multi-atom linkers with several degrees of
rotational freedom. Rigid nitroxide spin labels conjugated to the
nucleobase or to nucleobase analogues have been reported for
DNA39 and for RNA.40 Specically, the so-called Çm label displays
excellent performance in combination with orientation studies, as
demonstrated by Prisner and coworkers for DNA41 and subsequently by our group for RNA.42,43 However, rigid spin labels have
so far only been developed for cytidine, and the building blocks
for solid-phase synthesis are not commercially available. Thus,
general application and widespread use might be limited.
Some time ago we have introduced TEMPO-based spin labelling for RNA by postsynthetic modication.44 Using convertible
nucleosides, the TEMPO group is attached to the exocyclic
nucleobase amino groups of cytidines, adenosines and guanosines, resulting in labeled nucleotides denoted CT, AT or GT. We
have demonstrated that the label in conjunction with PELDOR/
DEER experiments at X-band (9 GHz) frequencies well reports on
diﬀerent secondary structures of RNAs such as duplexes, quadruplexes and hairpins.44 In the present study we take advantage of
some recent advances in pulse EPR instrumentation, i.e. the
capability to perform PELDOR/DEER at Q-band (34 GHz)
frequencies with high microwave power (170 W), to extend the
previous study and examine increasingly longer distances in
RNAs. For this goal, a longer RNA strand with 34 nucleotides,
which contained CT labels at various positions, was synthesized.
The RNA strand was annealed to fully or partially complementary
sequences to form either a duplex or an extended bi-molecular
hairpin secondary structure, resulting in increasing separation
between CT-labeled base pairs in a restricted double helical
environment. The high sensitivity of the new, commercial,
experimental set up combined with the properties of the label has
permitted us to measure inter-spin distances up to 8 nm with
unprecedented resolution (Dr # 0.5 nm) for RNA concentrations
as low as about 50 mM without specic sample requirement except
for the use of a 20–50% D8-glycerol/D2O matrix. MD simulations
were employed to rationalize the observed high resolution in
distance determination with the CT label.
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2.
2.1

Methods
RNA synthesis and characterisation

RNA strands of 34 nucleotides (nt) were prepared by solid-phase
synthesis using O4-chlorophenyl uridine and labeled with
TEMPO-NH2 as described previously.44 In this way, seven 34 nt
long RNAs were prepared with diﬀerent combinations of CT sitespecically introduced at nt 3, 6, 13, 16, 24, 28 or 31. All RNAs
were puried by PAGE and/or anion exchange HPLC under
denaturating conditions, and the quality of the isolated RNAs
was examined by analytical HPLC and ESI-MS. HPLC traces of
oligonucleotides are provided in the ESI (SI1†). The CT-labeled
34-bp RNA duplexes were also analyzed by thermal melting.
Only a minor eﬀect of the spin labels, i.e. reduction of the
melting temperatures by ca. 2  C (at generally high melting
temperatures ca. 89  C) has been observed.
Samples for EPR spectroscopy were prepared by annealing
of spin-labeled RNA strands with 1.5 equivalents of the 34 nt
complementary strand to form the duplex samples, or with 1.5
equiv. of the 18 nt long RNA complementary to the 30 -part of
the spin-labeled RNA to form a hairpin containing a GGAA
tetra loop and a nicked extended stem. Annealing was performed in 10 mM potassium phosphate/D2o buﬀer pH 7.0,
containing 150 mM NaCl. Labelling eﬃciency was determined
by CW-EPR spectroscopy between 80 and 100% (ESI1†).
Samples for PELDOR/DEER were supplemented with 20–50%
glycerol to a nal concentration of spin-labeled RNA between
40 and 60 mM (Fig. 1). To increase the transverse relaxation
time, samples with long inter spin distances (r $ 5 nm) contained D8-glycerol.

Fig. 1 Top: Chemical structure of N4-TEMPO-cytidine (CT) spin label
illustrating the base pairing with guanine. Bottom: The 34 base pair
RNA duplex and hairpin employed in this study. Sequences of the RNA
strands with CT marked in red. Sample numbering, number of nucleotides pairs Dbp between the labels as well as sample concentrations
for PELDOR/DEER are indicated.
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2.2

PELDOR/DEER experiments

EPR distance measurements were performed using a commercial Bruker ElexSys E580 pulse X/Q-band spectrometer equipped
initially with a 3 W Q-band solid state amplier and later on
with a pulsed 170 W Q-band TWT-amplier (Model 187Ka,
Applied Systems Engineering Inc.). For the low-power
measurements, the standard Q-band Bruker resonator
(EN5107D2) was employed. This resonator under strong overcoupling condition had a typical bandwidth of around 100
MHz. The characteristic p pulse length in the centre of the
tuning dip was 48 ns. The achievable frequency separation Dn
between pump and detection pulses in the PELDOR/DEER
sequence, without a critical loss of sensitivity, was about 50
MHz.
With the high-power set up the overcoupled EN5107D2
Bruker resonator delivered a typical p pulse length of 12 ns at
the centre of the dip. To increase the signal sensitivity for long
distances, the Bruker ER5107QT-II resonator was employed.
This resonator in combination with the high-power setup allows
for measurements on larger sample volumes (3 mm O.D. vs. 2
mm O.D. in the standard Q-band resonator).
All PELDOR/DEER experiments were performed at 50 K
using the four-pulse DEER sequence.18 Usually the pumping
frequency was set in the resonator dip centre and the detection
frequency at a shi of either 50 or 90 MHz for the low- (3 W) and
the high-power (170 W) setups, respectively. The lengths of the
detection pulses were adjusted to 56 and 24 ns respectively.
Time-delay between the rst two pulses in the sequence was set
to 400 ns. The dipolar evolution time T (spacing between second
and third detection pulses) was set between 3.5 and 18 ms, such
as it provided at least 2.5 periods of oscillations for distances of
up to 5 nm. The last 100 ns of the traces usually contained
artifacts from the pump pulse entering the third detection pulse
and were not considered. Typical acquisition time varied in the
range from 10 h up to 24 h. For data analysis, dipolar traces
were background corrected using a second order polynomial
function. Distance distributions were obtained with the
program DEERAnalysis, which uses a tting procedure based on
Tikhonov regularization.45
2.3

Atomistic modeling and MD simulations

CHARMM-compatible force eld parameters of the nitroxide
TEMPO have been developed previously.46 The energetics of
isomerization of TEMPO around the two rotatable bonds connecting it to the cytosine base was examined by performing ab
initio calculations on the CT molecular fragment shown in Fig. 1
(top right corner, dR ¼ CH3). The two dihedral angles (C8–N7
and C4–N7) were scanned on a grid of 24  24 points (angular
increments of 15 ) by xing the angles at the specied values
and minimizing the rest of the structure. All ab initio calculations were performed with the package Gaussian47 using B3LYP/
6-31G(d) as a level of theory and basis set. The obtained ab initio
energy surface was implemented into the CHARMM force eld
as CMAP.48 The coordinates of a 34-bp A-RNA helix having raise
and twist of, respectively, 2.81 Å and 32.7 were generated using
the w3dna server.49 This structure, which served as our “ideal”
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A-form RNA reference, formed the template for two separate
constructs, each one simultaneously containing three CT labels.
The spin labels were placed at positions 6, 16 and 28 in the rst
construct, and at positions 6, 16 and 31 in the second. As
a result, the rst construct mimics samples 1 and 6 (Fig. 1),
whereas the second construct mimics samples 1, 3 and 7. The
resulting spin-labeled A-RNA structures were immersed in
a volume containing 54 000 waters as well as 130 Na+ and 64 Cl
ions. The ion numbers were chosen to ensure the charge
neutrality of the entire solvated RNA system and lead to a salt
concentration of approx. 100 mM. MD simulations were performed with the package NAMD50 using the CHARMM36 force
eld for nucleic acids51 including the recent modication for
RNA.52 Aer gradual equilibration of the two independent
systems (6-16-28 and 6-16-31), production runs were carried out
for 35 ns with a target temperature of 293 K and pressure of 1
atm. The rst 1 ns was not included in the analysis reported in
the next section.

3.

Results and discussion

3.1 Q-band PELDOR/DEER with CT labels: comparison of
selective versus broadband excitation
To examine the performance of the DEER experiment at Q-band
frequency in conjunction with the CT labels, we have carried out
measurements on samples 1–4 under various conditions of
pulse excitation band widths as well as excitation positions in
the EPR line. As an example, Fig. 2 represents the 34 GHz echodetected EPR spectra of the CT labels in sample 2. A simulation
with EasySpin53 displays the contribution of the individual
hyperne lines, with the mI ¼ +1 hyperne line resulting in the
smallest anisotropy. Therefore, for a most complete spectral
excitation the pump pulse was set on the maximum of this line,
as also proposed by others,54–56 and detection was performed at
a higher eld position.
The four pulse PELDOR/DEER traces for detection as close as
possible to the pump frequency (i.e. optimal S/N but minimal
spectral overlap of the pulses) are reported in Fig. 2. The
modulation depths are consistent with narrow and wider excitation bandwidths (l # 0.1 at low power vs. l # 0.3 at higher
power). The trace recorded with selective pulses reects
frequency components due to orientation selection,42 which are
also visible when increasing the frequency separation Dn
(Fig. S2†). The eﬀect is best recognized in the Fourier transformations of the traces, which show slightly distorted dipolar
Pake patterns (Fig. S2†). Variation of the pump and detection
positions does not alleviate this eﬀect (Fig. S2†). If this procedure is not performed and individual traces are t with DeerAnyalysis, which does not account for orientational selectivity,
some distortions appear in the distance distribution (marked by
the arrow in Fig. 2a). In contrast, the DEER traces recorded with
a broadband excitation scheme do not show orientation selection if the pump pulse is kept on the global EPR absorption
maximum and the detection frequency at a separation within
90–110 MHz (Fig. S2†). The maximum modulation depth was
obtained for Dn z 90 MHz, Fig. 2a. In this case, also the
program DEERAnalysis well reproduces the dipolar oscillation
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Top (a, b): Experimental Q-band nitroxide spectra from [13,28]
RNA duplex and simulation illustrating the contributions of the three
hyperﬁne transitions mI ¼ +1; 0; 1. Colored Lorentz lines approximate pump- (red) and detect- (blue) pulse excitation proﬁles for low
-(a) and high-power (b) power setups. Bottom (a, b): Corresponding
background corrected PELDOR/DEER traces (dots) and ﬁts (red
traces). Distance distributions are shown in insets. Arrow shows artifact
due to orientation selection. Artifacts sensitive to background
subtraction are marked by asterisks.
Fig. 2

with only one frequency contribution and a narrow (Dr ¼ 0.2
nm) distribution width. Absence of the orientation selection for
the broad-band excitation was also conrmed by direct simulations of the time traces (Fig. S2a and b†) that took into
account the theoretically predicted (Section 3.3) label conformations. The same result was observed for three other samples
with spin labels at other positions in the sequence (Fig. S3†).
The results indicate that the CT labels have restricted
conformational freedom, which produces weak orientation
selection in Q-band PELDOR/DEER traces if these are recorded
with selective pulses. However, broadband excitation can
remove the orientation selection and leads to reliable distances.
In this case, the restriction of the label due to the zero-length
linker to the nucleobase and the tight accommodation in the
major groove turns out to be a great advantage as it provides
narrow distance distributions. This is of particular interest for
detection of longer distances, as demonstrated below.

3.2

Long-range distance measurements

To inspect the capability of the CT label to report on a wide
range of distances, PELDOR/DEER experiments were performed
on a 34 bp RNA duplex with labels separated by 10 up to 28 bp
(Fig. 1). Fig. 3 summarizes the experimental traces and the
obtained distance distributions. All traces were recorded with
broadband excitation (Fig. 2b) to suppress orientation selection.
As compared to our previous experiments at X-band with the CT
label,44 the 34 bp RNA sample labelled at [6,16] (1) delivers
a trace with a considerable enhancement ($10) in S/N ratio as
expected for the frequency dependence of PELDOR/DEER
performance under comparable experimental conditions.54
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Analysis of the trace reveals that the asymmetric distance
distributions observed at X-band becomes now symmetric with
a single Gaussian peak, and ESEEM eﬀects disappear.
Nevertheless, the previously observed distance between 10
bp in a [6,16] labeled 20 bp RNA duplex and its distribution (r ¼
3.1 nm Dr ¼ 0.2 nm, Dr dened here as half width at half
height) are reproduced.
In samples 2 and 3 the nitroxides are located 15 bp apart, but
the CT nucleotides reside in a diﬀerent sequence environment,
i.e. CT is anked by diﬀerent neighboring nucleotides. In both
cases a clear oscillation resulted in a single, one-peak inter spin
distance of 4.3 nm with Dr ¼ 0.2 nm. Also for the hairpin 4 and
duplex 5 we were able to observe sharp oscillations from
distances on the order of 5 nm with again very narrow distance
distributions Dr ¼ 0.3 nm. We note that the narrow distribution at these lengths permits to resolve a diﬀerence in the
oscillation frequency of 4 and 5, which results in 1.9 Å shi in
the peak distance. Longer representative traces were also
recorded for samples 2 and 5 (Fig. S4†) and the analysis
conrmed the distance distribution.
For samples 6–8 only one and a half full oscillation period
could be detected, given the low oscillation frequency. Analysis
of the traces gives a clear main peak, however the uncertainty in
the main distance and its distribution slightly increase due to
a more diﬃcult background subtraction. We have illustrated in
ESI3† that this leads to an uncertainty of approx. 0.1 nm in the
peak distance and to Dr # 0.5 nm. In the same samples (6–8),
we also observed contributions of short distances that were
concentration dependent and pointed to aggregates arising
from end-to-end stacking of the helices (Fig. S6†).
The observed distances and distributions are summarized in
Table 1. The distances show remarkable agreement with the
distances between the two nitroxides extracted from a simple
molecular model (PyMOL, Delano Scientic LLC) of the ideal Aform RNA49 using the spin label conformation 2 from the ab
initio calculations (i.e. f1 ¼ 77 , f2 ¼ 11 ) (Section 3.3).
Plotting the experimental inter-spin distances against the
corresponding base-pair separation Dbp leads to a linear
dependence (R2 ¼ 0.998) with a rise of 0.28 nm per bp step,
which is in agreement with the crystallographic value for ARNA.49,57 The striking correlation between inter spin distances
and the length increment per Dbp is an intrinsic favorable
property of the CT label, which sits in the major RNA grove with
the NO group residing very close to the symmetry axis of the
double helix (Fig. 3, top right corner). Therefore, the relationship in Fig. 4 can be used as a ruler to directly convert measured
inter-spin distances to bp separations in RNA duplexes of this
length scale without requirement of molecular modeling.
Our observations of narrow distributions are consistent with
previous results by Piton et al. who reported distances up to 4
nm on RNA duplexes labeled with the rigid TPA.37 Nevertheless,
in their case the distribution was dependent on the label environment, varying between about Dr ¼ 0.1 and 0.4 nm.
Instead, our results with CT indicate that diﬀerences in stacking
interactions with upstream or downstream nucleotides play
only a minor role in maintaining the conformational preference
for the TEMPO substituent in the major groove of the A-form
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Background corrected Q-band DEER traces (dots) of the 34 bp RNA duplex and hairpin, samples 1–8. Red lines are ﬁts using Deer Analysis.
Distance distributions are shown in inset. Experimental conditions: samples 1–6: Dn ¼ 90 MHz, t(p, pump) ¼ 12 ns (p, detect) ¼ 24 ns; 7: Dn ¼ 90
MHz, t(p, pump) ¼ 16 ns (p, detect) ¼ 24 ns. 8: Dn ¼ 90 MHz, t(p, pump) ¼ 26 ns (p, detect) ¼ 16 ns. Modulation depths are normalized and were
between 0.3 and 0.2 for samples 1–7 and 0.1 for sample 8. Upper inset: schematic structure of the 34 bp RNA (standard A-form) constructed with
PyMOL and illustrating the orientation of the CT labels toward inside of the duplex (side and top views). Labels inserted with dihedral angles of f1
¼ 77 (C4, N7, C8, C9) and f2 ¼ 11 (C5, C4, N7, C8) (conformation 2, Fig. 5).
Fig. 3

Table 1 Experimental distances and distributions compared to estimated distances from a standard A-form RNA and to MD calculated
distances for the investigated RNA secondary structures. The experimental error in the peak distance is much less than the distribution Dr
and is estimated up to  0.1 nm (see text). Estimated distances are
average of O–O, N–N, O–N and N–O distances

Distances [nm]
PELDOR

1
2
3
4
5
6
7
8

Model A-RNA

MD

Sample

Dbp

r

Dr

r

r

Dr

[6,16]duplex
[13,28]duplex
[16,31]duplex
[6,28]hairpin
[6,24]duplex
[6,28]duplex
[6,31]duplex
[3,31]duplex

10
15
15
18
18
22
25
28

3.07
4.34
4.32
5.14
5.33
6.32
7.3
8.1

0.2
0.2
0.2
0.3
0.3
0.4
0.4
0.5

2.82
4.28
4.28
5.11a
5.11
6.19
7.06
7.91

2.80

0.17

4.27

0.22

6.07
6.98

0.25
0.29

a

Hairpin distance was extracted from a model that contained only the
double-stranded helix part of the hairpin, without the loop.
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RNA duplex. By comparing our results with distance measurements on RNAs with exible labels, the CT label oﬀers the
substantial advantage of a model-free distance interpretation.
In contrast, the popular nucleic acid label R5, which is attached
to a thiophosphate group, was reported to lead to more complex
distance distributions.58 Molecular modeling, aiming at identifying all accessible conformations of R5 around its three
rotatable bonds by taking into account possible clashes with the
RNA backbone, is required for the interpretation of the
measured frequencies.25 A similar issue is encountered with the
spin label attached to 4-thiouridine, where the linker consists of
ve rotatable bonds and Watson–Crick base-pairing is not
preserved.29,36
Although the widths of the obtained distance distributions
increase progressively with increasing separation between the
spin labels, overall they remain quite narrow in the examined
range up to 8 nm (Table 1). This nding is not necessarily expected, as previous PELDOR measurements on B-DNA labeled
with rigid Çm spin labels41 showed conformational distribution
on the order of 0.4 nm already for distances around 4 nm. The
larger distribution in dsDNA might be due to the fact that the
Çm in DNA is more oﬀ the helix axis and is therefore more
sensitive to the dynamics of the DNA. SAXS data59 on end-to-end

This journal is © The Royal Society of Chemistry 2016
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Experimental distances vs. base pair separation between
labeled cytosines for the investigated RNA duplexes. Error bars indicate
uncertainty in the peak distance (see text). The correlation coeﬃcient
R2 is 0.998. A small value of 0.14 nm is found for an intercept, but it is
unknown whether this value is signiﬁcant as it is close to the estimated
distance uncertainty.

Fig. 4

distances in B-DNA using gold nanoparticles reported even
more pronounced distributions for increasing distances that
were assigned to a cooperative DNA stretching.
The narrow distributions that we obtained raise several
questions: (1) why does the spin label CT, which connects to
cytosine via two rotatable bonds, lead to narrow distributions?
(2) Do the observed narrow distance distributions contain
information about the global deformations of the RNA helix? If
yes, what types of deviations from the ideal A-RNA geometry are
consistent with the experimental distributions? To address
these questions, we resorted to MD simulations.

3.3

Fig. 5 Ab initio scan of the dihedral (f1–f2) potential energy surface
and conformations of the six local minima. Some hydrogen atoms are
not shown for clarity. The energies of the numbered local minima are
given in Table S1.†

Parametrization and energetics of the spin label CT

The ab initio potential energy landscape of isomerization
around the bonds C8–N7 (f1) and C4–N7 (f2) is shown in Fig. 5. It
contains four basins of low energy separated by substantial
energy barriers. Each of the two broader basins contains two
local minima with practically no energy barrier between them.
The energies and dihedral angle values of the identied six local
energy minima are given in Table S1.† Conformations
numbered 4 and 5 are the global energy minima. They are about
2 kcal mol1 more favorable than conformations 1 and 2.
Energy barriers of more than 10 kcal mol1 separate conformations 1, 2 and 3 from conformations 4, 5 and 6.
It should be stressed that the potential energy surface in
Fig. 5 is for the isolated molecular fragment shown in the gure.
The actual dihedral free energy surface is expected to be
diﬀerent for a spin-labeled cytosine in the context of the A-RNA
double helix. Indeed, a comparison with Fig. 1 (top right corner)
makes clear that the nitroxide ring in conformations 4, 5 and 6
will interfere with the Watson–Crick pairing of CT and G,

This journal is © The Royal Society of Chemistry 2016

compromising at least one of the hydrogen bonds that keep the
two bases together. Therefore, in spite of the fact that they stand
out as global energy minima, we expect that conformations 4
and 5 will not be populated when CT is part of the A-RNA double
helix. With this understanding, when attaching CT to the A-RNA
helices for the subsequent MD simulations, all the spin labels
were constructed in conformation 2.

3.4

MD-based modeling of the distance distributions

MD simulations conducted in water at 293 K cannot be expected
to faithfully reect the ensemble of RNA structures present
under the experimental PELDOR/DEER conditions (aqueous
solution with 20–50% glycerol and frozen at 50 K). Due to the
diﬀerence in temperature, entropic eﬀects will be more prominent in the MD structural ensemble, whereas enthalpy will
dictate the RNA conformations in the experimental ensemble.60
The situation could only be aggravated by limitations of the MD
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force eld, which may be very serious in the case of RNA,61,62 by
insuﬃcient MD sampling, and by the inhomogeneous freezing
of the sample.60
We, therefore, employ MD simulations with two specic
goals in mind. The rst is to explore the conformational
freedom of CT in a systematic way respecting the constraints
imposed by the molecular structure and exibility of its
immediate surroundings. Since only the bond C8–N7 is expected
to isomerize, C4–N7 being restricted by the base pairing (Fig. 1),
sampling of this degree of freedom should be achieved within
relatively short simulation time. The second goal is to generate
random but feasible deviations of the RNA helix away from the
ideal A-form.
The values visited by the two dihedral angles of CT during the
simulations are shown in Fig. S7† for the RNA constructs
labeled at positions 6-16-28 and 6-16-31. As expected, only
conformations 2 and 1 are visited by the spin labels at all
labeling sites. The similarity of the isomerization dynamics of
6CT (top) and 16CT (middle) across the two separate simulations
indicates that 34 ns simulation time is suﬃcient to sample the
conformational freedom of CT at these two label positions, as
well as at the other two positions 28 and 31 (bottom). Having
a fair sampling of the conformational freedom of the spin
labels, we now turn to the pair-wise distances between them.
The histograms in Fig. 6 show the distributions of inter-spin
distances that were extracted from the MD simulations. Histograms obtained from the rst 17 ns are shown in black while
those from the last 17 ns are in color. The rather small diﬀerences between the rst and second half of the simulations
suggest convergence in the sampling of small-amplitude
structural distortions. Although the histograms could change if
the duration of the MD simulations were to be extended,
exhaustive sampling of the RNA conformations at 293 K is not
our goal.
The conformations of the RNA helices at the end of every ns
are shown above the histograms in Fig. 6. Black structures are
from the rst half of the simulations while lighter (gray) structures are from the second half. The structural ensembles illustrate the magnitude and nature of the deviations from the
initial A-RNA that were observed in the MD simulations.
The averages of the inter-spin distances and their standard
deviations calculated from the entire 34 ns are written next to
the histograms in Fig. 6 and compiled in the MD columns of
Table 1. Given the relatively short simulation time, it is not
surprising that the average distances are close to the starting
values of the ideal A-RNA helix. It is interesting, however, that
for every simulated spin-label pair the spread around the
average distance closely agrees with the experimental value
(Table 1), suggesting that the ensemble of structures generated
in the MD runs must reect fairly well the diversity (or lack
thereof) of RNA conformations present in the frozen sample.
Having gained condence in the relevance of the MD structures, we proceed to disentangle the contributions of local and
global exibility to the observed distance distributions.
Utilizing the possibility to perform unrealistic MD “experiments” we remove the global RNA motions by restraining the P
and C10 atoms around their positions in the ideal A-RNA. The
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Fig. 6 Structural ensembles and histograms of the inter-spin
distances from the MD simulations of RNA helices labeled at positions
(a) 6-16-28 and (b) 6-16-31. Structures and histograms from the ﬁrst 17
ns are shown in black; those from the last 17 ns are in gray or in color.
The N and O atoms of the TEMPO moiety are shown with purple (ﬁrst
17 ns) and pink (last 17 ns) balls. The reported average distances and
their standard deviations (in nm) are calculated from the entire 34 ns
simulations.

resulting distance distributions from the simulations of both
6-16-28 and 6-16-31 are shown in Fig. S8.† We observe that, on
the background of the restricted but thermally uctuating RNA,
the conformational freedom of CT accounts for less than  0.15
nm of the width of every distance distribution, independently of
the label positions. The additional widths observed in the
unrestrained MD simulations can, therefore, be ascribed to
global deformations of the RNA helix. These are seen to increase
linearly with inter-spin separation, similar to the experimental
data (Table 1).
The computational analysis allows us to answer the questions that were posed at the end of Section 3.2. By making
conformations 4, 5 and 6 (Fig. 5) sterically unfavorable, the
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Watson–Crick pairing of CT with its complementary base
eliminates half of the conformational space of the spin label.
Furthermore, as a part of the RNA helix, CT was observed to
populate only conformations 2 and 1, both of which lead do very
similar positioning of the unpaired electron spin with respect
to the labeled base (Fig. S9†). The internal conformational
freedom of the spin label was shown to be able to account for at
most 0.15 nm of the width of the inter-spin distance distribution, indicating that the widths observed in the experiment
report on global distortions of the RNA helix. The overall narrow
widths, however, imply relatively small deviations about the
ideal A-RNA form, which should be similar to the MD structural
ensembles in Fig. 6.

4. Conclusions
We have demonstrated a simple, model-free approach to
measure distances at atomic resolution in RNA by pulse EPR
spectroscopy. The quality of the measurements relies on the
intrinsic capabilities of the label to restrict its conformation in
the major grove of duplex RNA by base pairing without
requirement of a rigid linker to the backbone. Because of the
small conformational contribution of the label to the observed
distance distributions, determined here by MD as Dr < 0.2 nm,
the method enables to resolve subtle conformational contributions of the RNA itself. Taking this into account, the reported experimental distance distributions in frozen solution
give evidence for only small average deviations (Dr < 0.5 nm) of
the 34 bp RNA duplex from the ideal A-RNA structure. These
are on the order of, or even smaller than, the ones reported on
dsDNA by other techniques on a similar length scale (up to 8
nm) such as FRET12,13 or SAXS.59 Recent ms-long MD simulations indicate that the uctuations of the RNA helix around the
A-form remain moderately small, and certainly smaller than
the uctuations of B-DNA, even at 300 K.63 Thus, the narrow
distance distributions that we observe are likely an intrinsic
property of RNA helices, and not an artifact of the frozen
environment.
Dispensing with the necessity of rigidly linking the spin label
to the backbone substantially simplies the synthetic approach
and permits the use of commercially available convertible
nucleosides to which the TEMPO label can be attached with
high eﬃciency. Our labelling strategy will permit to disentangle
more complex rearrangements of larger RNAs and RNA-protein
interactions. The determination of a high-resolution distance
ruler for RNA duplexes might have straightforward interesting
applications in studies of natural systems, such as diverse types
of non-coding RNAs. For example, new insights can be expected
into processing of long double-stranded micro-RNA precursors
(pre-miRNA), into functional short micro-RNA of 20–23 bp. Also,
conformational changes upon activation of catalytic nucleic
acids will be tracked by the application of a high resolution
distance ruler. The combined advancements in spectroscopy
and label chemistry will make even larger RNA systems accessible64 and provide unparalleled insights into macromolecular
assemblies.
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