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Microﬂuidic production of giant lipid vesicles presents a paradigm-shift in the development of
artiﬁcial cells. While production is high-throughput and the lipid vesicles are mono-disperse
compared to bulk methods, current technologies rely heavily on the addition of additives such
as surfactants, glycerol and even ethanol. Here we present a microﬂuidic method for producing biomimetic surfactant-free and additive-free giant unilamellar vesicles. The versatile
design allows for the production of vesicle sizes ranging anywhere from ~10 to 130 µm with
either neutral or charged lipids, and in physiological buffer conditions. Purity, functionality,
and stability of the membranes are validated by lipid diffusion, protein incorporation, and
leakage assays. Usability as artiﬁcial cells is demonstrated by increasing their complexity, i.e.,
by encapsulating plasmids, smaller liposomes, mammalian cells, and microspheres. This
robust method capable of creating truly biomimetic artiﬁcial cells in high-throughput will
prove valuable for bottom-up synthetic biology and the understanding of membrane function.
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ipid-based vesicles have grown in popularity both in basic
research and in application-oriented sciences, especially in
pharmaceutics and cosmetics1. Lipids are not only biocompatible but are also the building blocks of life-forming vesicular structures, i.e., cells. While applications of lipid vesicles in
the ﬁeld of health care are advancing in the form of nanometersized liposomes2, their usability in understanding the evolution of
cells and their various biochemical and physical pathways has hit
a roadblock due to the lack of appropriate methods to form truly
biomimetic cellular models, i.e., artiﬁcial cells. A cell mimic
should fulﬁll the basic requirements of being lipid-based, vesicular in structure, and encapsulating the desired biomolecules
such as enzymes, DNA, and even smaller vesicles as artiﬁcial
organelles3. The latter being an essential step in the emerging and
accelerating ﬁeld of bottom-up synthetic biology4,5. Currently, the
most common methods include the well-established electroformation and spontaneous swelling to produce giant unilamellar
vesicles (GUVs)6. However, the limitations of these methods
prevent high and uniform encapsulation of large and charged
biomolecules. Although there are reports of encapsulating biomolecules in GUVs using swelling-based techniques, the reliability and reproducibility are low7,8.
In the past few years, our group and many other researchers
have turned towards emulsion-based technologies to overcome
these issues and precisely control the uniformity of the
encapsulates9–13. In our previous work, we showed that the
inverted emulsion method can be a straightforward and reliable
technique to produce basic models for cells, albeit with some
drawbacks such as lack of size control, low throughput, and its
dependency on the density of the solutions used9. Interestingly,
all of the aforementioned drawbacks can be mitigated by implementing microﬂuidics to make lipid-based vesicles14–18. This
involves microdroplet technology to create double emulsions of

water-in-oil-in-water (W/O/W) with lipids in the oil phase.
Typically, the production of lipid vesicles using microﬂuidics (see
Fig. 1a) involves an inner aqueous solution (IA) that is sheared by
an oil phase containing lipids (LO). This results in the formation
of water-in-oil (W/O) single emulsions whose interface is
assembled with a monolayer of lipids, thanks to their amphiphilic
nature. The single emulsion is further sheared into droplets by an
outer aqueous solution (OA) to form W/O/W double emulsions.
Lipids present in the oil phase assemble along both the interfaces
as the oil de-wets or is extracted to form liposomes. Based on the
type of oil employed in solubilizing the lipids, the dewetting or
extraction process varies from overnight incubation19 to as little
as 5 min14. However, a major question remains regarding the
biomimetic properties of the lipid vesicles due to the usage of
surfactants and additives in both the aqueous phases14,15,19. For
example, tri-block co-polymers made of poly(propylene)-co-poly
(ethylene glycol)-co-poly(propylene) are extensively used to stabilize the liposome formation16,19. The copolymer works by
incorporating itself, more speciﬁcally, the poly(propylene) chains,
into the hydrophobic region of the lipid membrane, thus altering
the biophysical properties of the membrane20–23. Additives such
as glycerol and poly(vinyl alcohol) (PVA) used to improve the
viscosity of the OA and IA phases for better manipulation of ﬂuid
ﬂow, size control and emulsion stability, also affect the membrane
properties14,24. It is well understood that as much as 10 wt%
glycerol can completely saturate lipid head groups in a membrane
which can cause crosslinking between adjacent phosphates and
has been found to alter the diffusion of lipids25–27. During the
production of microﬂuidic liposomes as much as 15 wt% glycerol
is being employed14,19. Furthermore, PVA polymer chains can
incorporate themselves across the bilayer and in some cases
enhance protein aggregation27,28. Many studies also employ the
use of ethanol as an additive which is well-known to alter the

Fig. 1 Microﬂuidic device design. a Schematic representation of liposome production using double a cross-junction design and b design of the microﬂuidic
chip used in this study with details on various inlets and the ﬂow directions (black arrows) from various channels. Insets show (i) the dimensions of the two
cross-junctions (ii) and the second serpentine module after the junctions.
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properties of membranes, hampering their use as cell
mimics15,17,29. In light of these potential caveats, it is important
to substantially advance existing microﬂuidic technologies and to
be able to produce lipid vesicles that can encapsulate large biomolecules in high-throughput and yet, remain biomimetic. Such
biomimetic lipid vesicles can potentially be used to progress the
development of the long-envisioned concept of an artiﬁcial cell4.
In this work, a high-throughput microﬂuidic device is described that can produce said biomimetic lipid vesicles free from
surfactants and additives with ease. Monodisperse GUVs with
tunable sizes and with uniform encapsulation are shown.
Importantly, we provided evidence of minimal to non-traceable
levels of oil remaining in the ﬁnal membranes by tuning the ﬂuid
ﬂow rates. We demonstrate the ﬂexibility of the method by
creating membranes with neutral and charged lipids, as well as
formation in a variety of environments - both physiological
buffers and pure water. Finally, membrane functionality and the
capability of encapsulating a wide range of biomolecules within
the GUVs are demonstrated.
Results
Microﬂuidic design and GUV production. A microﬂuidic design
with a double cross-junction is implemented to produce liposomes in this study (Fig. 1b). The microﬂuidic chip is fabricated
using PDMS-based techniques (see details under Methods) and
plasma bonded to a glass coverslip (Supplementary Fig. 1a). Apart
from the standard cross-junction to produce droplets, serpentineshaped buffering channels are implemented in the design to
reduce the risk of ﬂuid backﬂow and act as ﬂuidic resistors. One
serpentine module is implemented before the ﬁrst cross-junction
where the IA is sheared into droplets by the LO and a second
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serpentine module is implemented after the second cross-junction
(Fig. 1b). Without these modules, there is a marked decrease in
ﬂow stability and more ﬂow discrepancies for longer periods.
Indeed, the entire production process remains stable with no
requirement of ﬂow rate adjustments over a period of approximately one hour or until the reservoirs ran out of the solution
(mostly the OA, due to the higher pressure-induced ﬂow rate
used). Apart from providing ﬂow stability, the second serpentine
module has constrictions (width is reduced from 150 to 100 µm)
at every 180° turn, a total of four, providing increased ﬂuidic
velocities (Fig. 1b). These constrictions impart more shear force
(Supplementary Fig. 1b for computational ﬂuid dynamic analysis)
while squeezing the double emulsions for excess oil removal
(Supplementary Fig. 2a)14,30,31. The intrinsic friction provided by
the serpentine module induces fast advective transport of lipids
towards the interfaces to form stable membranes30. Furthermore,
the high lipid concentration in the LO substitutes the need for
surfactant usage to stabilize the liposomes and also contributes to
faster monolayer assembly at the interfaces. Figure 2a shows an
example of liposomes produced by pumping MilliQ® water as both
the IA and OA and 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) (5 mg/mL) in 1-octanol as LO. To achieve
this, initially the surface-functionalized chip (see details in the
section “Methods”) is wetted by ﬁrst pumping OA through the
channels, followed by LO and IA. This strategy prevents the oil
from eroding the surface coating (i.e., hydrophilicity) of the OAoutlet channel (a layer-by-layer self-assembled polyelectrolyte).
Note that the coating process employed in this method takes ~5
min using a standard vacuum pump and also at room temperature, making the entire fabrication and usage of the microﬂuidic
chip simpler compared to other methodologies employed elsewhere which require higher temperatures, longer times, or

Fig. 2 Production of monodisperse additive-free pure-lipid liposomes. a The production process using the microﬂuidic double emulsion device with
50 mbar at the IA (inner aqueous solution), 57 mbar at the OA (outer aqueous solution) and 44 mbar at the LO (lipid oil). b Confocal ﬂuorescence image
of GUVs with lipid composition POPC (99.5 mol%) and DiD (0.5 mol%) obtained with only water as the IA and OA. c Size distributions of the liposomes
for different ﬂow rate conﬁgurations, showing high size monodispersity over a wide range. d Confocal ﬂuorescence images of negatively charged GUVs
with lipid composition POPC (79.5 mol%), DOPS (20 mol%), DiIC18 (0.5 mol%) containing calcein (10 µM) together with the encapsulation efﬁciency
(100%) and uniformity (RSD 6.2%) as well as their size homogeneity (67 ± 2 µm, RSD 2%).
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multiple pumps14,16,32–34. The pre-coating step renders the OAoutlet channels hydrophilic which is essential for the formation of
stable double emulsions and to avoid the rupture of subsequently
formed GUVs on their way to the outlet of the microﬂuidic chip.
The ﬁnal microﬂuidic device is ready to use immediately or even
after a week, and for prolonged periods of time (>5 h).
Upon the introduction of all three ﬂuids into the chip, the ﬂow
rates are adjusted (via pressure) to produce liposomes of a speciﬁc
diameter. In this case, the ﬂuid ﬂow of the LO is set to 44 mbar,
while the IA to 50 mbar and the OA to 57 mbar of pressure
(Supplementary Movie 1). The resultant double emulsion
formation rate is typically 3.2 ± 0.6 kHz. The high pressureinduced ﬂow rates implemented at the second cross-junction are
necessary to shear the W/O droplets and form very thin shells of
the oil-phase (W/O/W). The thinness of the shell equates to lower
amounts of 1-octanol and thus, faster removal with the help of
the shear module. The leftover oil residue (if any) easily dewets
from the double emulsion (Supplementary Fig. 2b, c). The ﬁnal
lipid vesicles, produced with only water both inside and outside,
and with a diameter of 120 ± 5 µm are shown in Fig. 2b. To the
best of our knowledge, these are the ﬁrst giant lipid vesicles
produced with pure water both inside and outside exhibiting very
high size homogeneity and yield. It is important to specify that no
surfactants or additives are used in the production process in
order to retain the biomimetic aspects of the resulting
membranes. The lack of thickening agents like PVA or glycerol
requires the design to contain narrow channels and ﬂuidic
resistors to allow for easy tuning of the vesicle sizes. The device
allows for the production of vesicles not only with a narrow size
distribution but with tunable diameters (at least an order of
magnitude range) unlike previous studies on microﬂuidic vesicle
production14,24. Figure 2c depicts the histograms of vesicles with
diameters of 13 ± 2.1 µm with a relative standard deviation (RSD)
of 15.8%, 60 ± 1.9 with RSD of 3.2%, 87 ± 1.6 with RSD of 1.8%,
101 ± 2.7 with RSD of 2.7% and 130 ± 4.2 µm with RSD 3.2%.
Note that the RSD value of the smallest set of liposomes produced
is approximately three times higher than the vesicles of larger
diameter in size, which is most likely due to the very high
pressure-induced ﬂow rates that have to be employed to yield
smaller diameters and therefore reduced control at the second
cross-junction/vesicle forming junction. If need be, this can be
avoided by employing high molecular weight polyethylene glycol
in the outer aqueous solution. Furthermore, we have tested the
possibility of producing negatively charged lipid vesicles using
this microﬂuidic device. Negatively charged membranes provide
an opportunity to study the interaction and assembly of many
positively charged membrane proteins, as well as serving as
bacterial membrane models. Figure 2d shows confocal images of
GUVs containing 1,2-dioleoyl-sn-glycero-3-phospho-L-serine
(DOPS) in their membranes. The homogeneity in the size of
the charged vesicles produced (67 ± 2 µm with RSD of 2%) and
the encapsulation uniformity (here calcein dye) suggests the
versatility of the device compared to a standard technique like
electroformation where it is not possible to efﬁciently produce
charged lipid vesicles.
Validation of oil-free lipid membranes. To ensure the biomimetic nature of the vesicles, it is not only important to avoid
using surfactants and additives that can adversely affect the
membrane’s biophysical properties, it is also important to
quantify and validate the membrane properties systematically. In
this respect, Fig. 3 shows the gradual decrease in the oil thickness
present in the immediately formed double emulsions to ﬁnally
achieve optically non-traceable levels. Figure 3a depicts brightﬁeld images of the double emulsions produced using the
4

same microﬂuidic device described earlier. The pressure-induced
ﬂow rates of the OA are gradually increased while the ﬂow rates
of the IA and LO are kept constant. By designing the OA channel
width (50 µm) to be one-third the width of the outlet (150 µm), it
is possible to shear W/O droplets with exceptional control to
form W/O/W emulsions. Gradual increase in the pressureinduced ﬂow rate of the OA channel makes a difference in the oil
thickness from 17 ± 2 µm to negligible levels (Fig. 3b; Supplementary Movie 2). The physical mechanism at play in this
transition is the rate of shearing and its dependency on high ﬂow
rates generated from high ﬂuid pressures. A high ﬂuid pressure of
the continuous medium results in high shear rates. This can be
easily understood for single emulsions such as W/O emulsions
where increasing ﬂow rates of the oil phase (continuous phase)
result in decreasing water droplet size (dispersed phase). At the
second cross-junction, the oil is the dispersed phase, thus
increasing pressure (and hence ﬂow rate) of the OA directly
results in lower amounts of oil within the formed double emulsion. In addition to this, when the size of the W/O droplet is
larger than the dimensions of the microﬂuidic channel (Supplementary Movie 2) but is not a continuous ﬂow to the second
cross-junction (as in Supplementary Movie 1), the ﬁrst double
emulsion created will have a thicker oil layer compared to the
rest. However, it is possible to alter the thickness of the oil in the
double emulsion based on the mechanism described earlier, and
moreover, the oil eventually de-wets as shown in the Supplementary Fig. 2. However, since the optical resolution is well below
that of the membrane thickness, we have performed lipid diffusion studies as well as a membrane poration assay to further
ascertain the biomimetic nature of the liposomes. Lipid lateral
diffusion is a signature characteristic that deﬁnes the purity of the
membrane and can reveal impurities if the measured diffusion
times differ from control values26,35,36. The diffusion times are
determined by photobleaching the labeled lipids and observing
the recovery of ﬂuorescence in the bleached region over time.
Using this information, it is possible to calculate the mobile
fraction and hence the diffusion coefﬁcient of the bleached lipid.
Fluorescence recovery after photobleaching (FRAP) experiments
are performed on liposomes containing 300 mOsm sucrose that
are produced using both microﬂuidics and electroformation (see
Fig. 4). The latter being the control as oils are not used. In both
cases, the lipid composition is set as 99.5% POPC and 0.5% Liss
Rhod DOPE. Figure 4a, b show the average ﬂuorescence intensity
recovery curves of the liposomes after photobleaching. Typical
images of the bleached region of the liposomes along with
snapshots before and after the exposure are also provided. From
the ﬁtting of the curves, the diffusion coefﬁcients of Liss Rhod
DOPE in electroformed and microﬂuidic liposomes were determined to be 4.5 ± 1.6 and 5.7 ± 0.4 µm2/s, respectively. These
values suggest that the lipid lateral diffusion in the membrane is
similar for both electroformed and our microﬂuidic liposomes.
Furthermore, the diffusion coefﬁcients observed in these measurements are in agreement with previous literature values37.
A negative control was also performed on double emulsions with
visible oil layers and resulted in a threefold increase in the diffusion coefﬁcient due to the presence of free lipids in the oil (see
Supplementary Fig. 3).
To further assess the quality of the liposomal lipid membrane
produced in this work, a membrane protein-induced leakage
assay was performed. Using α-hemolysin, a membrane-spanning
heptamer, calcein dye leakage from the lumen of the liposomes
into the outer solution was monitored. Microﬂuidic liposomes
were produced with 20 µM calcein in the IA, placed on bovine
serum albumin (BSA) coated coverslip, and ﬂushed with αhemolysin solution (ﬁnal concentration of 2.5 µg/mL). The
leakage proﬁle of the calcein dye is plotted in Fig. 4c. Within a
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Fig. 3 Manipulation of pressure-induced ﬂow rates for reduced oil content and ultra-thin shells. a High-speed camera images of the microﬂuidic
liposomal production process to reduce the oil thickness. Inserts: enlarged images of individual double emulsions. From the top left to the bottom right
corner, the oil thickness has been reduced by gradually tuning the ﬂow rates of the OA (outer aqueous solution). Pressures for each channel are given in
mbar. b Plot showing the thickness of the oil layer that is reduced from 17 ± 2 to 12 ± 4 µm, 4 ± 0.5 µm and ﬁnally to optically non-detectable amounts by
changing the ﬂow rate (Q) ratios. Error bars are taken from the standard deviation of the mean (n > 15).

span of 10 min, calcein leakage from the lumen of the liposomes is
observed while the ﬂuorescence intensity of the control (no
membrane pores) remained intact during the entire period. Not
only does this ﬁnding demonstrate the functionality of the
membranes but also their unilamellarity. In addition to this, the
overall stability of the calcein-ﬁlled GUVs were analyzed for a
period of 2 h. Figure 4d shows that the calcein intensity inside the
lumen of the liposomes remained constant and the vesicles are
stable when there is no external inﬂuence. Collectively all the
studies performed: optically undetectable oil traces (Fig. 3), FRAP
experiments to conﬁrm the unhindered lipid lateral diffusion
(Fig. 4a, b), membrane protein induced dye leakage assay (Fig. 4c),
vesicle stability studies (Fig. 4d), and all without the use of
surfactants or additives, supports the biomimetic pure-lipid nature
of the liposomes produced with our microﬂuidic technique.
Encapsulation toward complex artiﬁcial cells. We have tested
the applicability of the microﬂuidic device and also ascertained its
robustness to produce artiﬁcial cells/carriers of various kinds. The
possibility to incorporate large biomolecules is the major promise
of using emulsion-based methods and microﬂuidics for their
high-throughput capabilities. In Fig. 5, experiments were conducted to prove this by incorporating a range of large molecules

from plasmid DNA to microspheres. Firstly, as a proof-of-concept, IA containing circular plasmid DNA with EvaGreen® dye
was used to make liposomes with water as the OA (Fig. 5a and
Supplementary Movie 3). The produced liposomes are not only
homogeneous in size, but also have uniform green ﬂuorescence
intensity across all of the analyzed luminal cross-sections and not
on the lipid membrane (Supplementary Fig. 4). The uniformity
shown here proves that the lipid membrane and the lumen of the
vesicle are free of oil residues. This result is a step toward building
an artiﬁcial cell—by adding ingredients required for translation
and transcription like in prokaryotic cells. As a follow-up to the
concept of constructing artiﬁcial cells, we have incorporated
HEPES buffer containing small unilamellar vesicles (SUVs) inside
these giant liposomes to mimic eukaryotic cell architecture
(Fig. 5b). SUVs are highly robust small vesicles in the range of
50 nm in diameter. Protocols for producing and encapsulating
desired materials inside these SUVs and even LUVs (large unilamellar vesicles) are very well established2. We present the
microﬂuidic device and the associated result (Fig. 5b) as a
potential way to study the evolution of prokaryotic cells to
eukaryotic cells, more speciﬁcally compartmentalization and their
role in organized decentralization within cells. Note that the highthroughput nature of the microﬂuidics is evident from the large
populations of liposomes that can be seen in Fig. 5b and the
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Fig. 4 Purity and stability of the lipid membranes. Average ﬂuorescence recovery curves (left) of at least 15 GUVs produced using a electroformation and
b microﬂuidics along with the confocal cross-sections before (−2.5 s), during, and after (18 s) photobleaching (right). Scale bars: 3 µm. c A calcein dyeleakage assay using α-hemolysin protein insertion with a gradual decrease in mean luminal ﬂuorescence intensity over time from vesicles with an average
diameter of 60 µm (n > 10). Scale bars: 60 µm. d Plot showing the vesicle stability over time with no decrease in the mean calcein ﬂuorescence intensity
(n > 10). Error bars are taken from the standard deviation of the mean.

robustness of the technique in using HEPES or other buffered
solutions with ease, unlike standard techniques like electroformation. A step further is to encapsulate cells within the liposomes (Fig. 5c). Lipid-based vesicles present a natural
environment for the cellular growth, considering that cells
interact with other cells in tissues or bioﬁlms. Recently, bioﬁlms
have been made within droplets that can be used for understanding bioﬁlm growth, expansion, and even high-throughput
screening38,39. Lipid vesicles that can be produced with ease using
PDMS-based microﬂuidics will be a boon to either single-cell
studies or even the development of organoids and bioﬁlms for
drug discovery. PDMS-based devices provide an additional
advantage as the produced vesicles can be subsequently captured
and analyzed in the same device40. The data in Fig. 5c demonstrates the ability to encapsulate ﬁbroblast cells using this device
(~75% of them containing cells). One other interesting aspect of
utilizing microﬂuidics to produce lipid vesicles is the possibility to
incorporate very large molecules, even nonbiological foreign
bodies. In Fig. 5d, we incorporated large styrene microspheres of
∼20 µm diameter inside the microﬂuidic GUVs. While it was not
6

possible to incorporate microspheres inside every liposome, due
to not being dispersible in aqueous solutions unlike the abovementioned examples (plasmid, liposomes, and cells), approximately 30% contained microspheres. While this can be considered as a potential limitation, it would be possible to add a
packing module to future designs to improve the encapsulation
for non-dispersible components. Considering the highthroughput nature of the production process, this encapsulation
rate provides a high number to study the interaction between
non-degradable, environmentally toxic materials and cell membranes (Supplementary Movie 4). We note that for dispersible
components, a high ﬂuorescence encapsulation efﬁciency is
observed (~96% for EvaGreen®-plasmid DNA and ~94% for
SUVs).
Discussion
Despite many groups using microﬂuidics to produce artiﬁcial
cells in recent years, the issue of how biomimetic they are still
remains. This can either be due to the continued use of non-

COMMUNICATIONS CHEMISTRY | (2021)4:100 | https://doi.org/10.1038/s42004-021-00530-1 | www.nature.com/commschem

COMMUNICATIONS CHEMISTRY | https://doi.org/10.1038/s42004-021-00530-1

ARTICLE

Fig. 5 Microﬂuidic production of artiﬁcial cells. a Encapsulating EvaGreen®-plasmid DNA, b showing compartmentalization with SUVs, c encapsulating
ﬁbroblast cells along with the culture media, and d encapsulating microplastics such as styrene microspheres.

biocompatible surfactants or reagents to form stable vesicles or
because residual oil in the membrane is largely ignored. Here, we
not only produce stable mono-disperse GUVs at high-throughput, but this method does not require these unwanted additives.
Furthermore, our study is supported by a thorough analysis of the
remaining non-detectable oil. While some studies do not require
a pure-lipid membrane, many do and until now researchers were
limited to swelling-based methods.
A popular choice of microﬂuidics in this ﬁeld is the use of glass
microcapillaries, and while they are harder to assemble than the
PDMS-based alternatives as they require precise alignment steps,
the coating of each separate channel is easier. Our approach was
to use PDMS, as the assembly is straightforward, but this also
required us to greatly simplify the pre-coating steps for ease-ofuse: ﬁnally taking only 5 min which allows more experimental
ﬂexibility and device reliability. Note that previous PDMS-based
methods use elevated temperatures, lengthy incubation times, or
multiple syringe pumps to pre-coat the channels14,16,32–34. These
are often large barriers to non-microﬂuidic groups wanting to
adopt these advanced techniques. In this work, only a simple
vacuum pump was employed to draw the solutions into the
channels one after the other as explained in the methods. However, it is important to acknowledge that the coating process
adopted here is prone to instabilities at pH conditions below 5
and above 10 due to its polyelectrolyte nature. Furthermore, it is
also advisable to ﬁrst ﬂush the OA into the chip before introducing the LO as mentioned in the “Results” section—this is only
a precautionary step to prevent any possible erosion of the
coating if any. We also note that PDMS-based platforms are
inherently less solvent compatible compared to glass ones.
Compared to other methods, both capillary- and PDMS-based,
we report greater control over the size of the vesicles in the

form of an extended range of GUV diameters: from ∼10 to
130 µm14,24. This is a particular advantage as a single device can
be used to encapsulate the same reactants to explore surface-tovolume effects for example. This is due to a high level of control
offered by our microﬂuidic design, i.e., over the size of the W/O
droplets formed at the ﬁrst junction and W/O/W emulsions at the
second junction. Such a double junction device offers advanced
control and does not need viscosity enhancers like PVA or glycerol that were needed in the case of single-junction devices
reported elsewhere14. Furthermore, the delay between the junctions, the concentration of lipids, and assisted advective transport
of lipids to the interface at the constriction sites promotes faster
assembly and removes the need for surfactants such as block copolymers. The gradual de-wetting of the oil phase in association
with zipping of the lipids yields lipid membranes that are stable
enough to produce vesicles. This mechanism is similar to that of
other microﬂuidic double emulsion methods but is not the case
for bulk and on-chip phase transfer methods (i.e., cDICE) where
the need for lipid monolayer re-sealing hinders high throughput
production9,41. Another degree of freedom reported here is the
ability to produce vesicles from charged lipids, free of contamination from surfactants or oil. Our methodology now allows
researchers to build artiﬁcial cells with biomimetic charged lipid
mixtures and with the encapsulated machinery to mimic cell-like
processes or to study protein–membrane interactions. Compared
to other methods, this work offers a greater range of buffers from
salt-based to pure water—until now solution additives rendered
both bulk and microﬂuidic GUVs nonphysiological.
Compared to bulk methods (swelling or inverted emulsions),
few groups have combined the control of microﬂuidic lipid vesicle
production with encapsulating large biomolecules18,41. In this
work, we have not only shown the versatility of the microﬂuidic
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device to produce complex conﬁgurations of artiﬁcial cells in a
single platform for the ﬁrst time but also with high encapsulation
efﬁciencies for dispersible biomolecules while still retaining the
biomimetic nature of the vesicles produced. Encapsulating biological cells within GUVs either for bioanalytical purposes or as
functional modules has yet to be fully explored perhaps owing to
the continued general use of non-biocompatible additives. We,
therefore, expect others to adopt our approach to advance this
promising new ﬁeld. Similarly, others have reported issues with
protein aggregation25 or membrane rupture25,42 in the presence
of PVA or glycerol respectively. However, this problem is overlooked with emulsion-based methods where these are commonly
needed to produce membranes in the presence of proteins. As
cell-mimicking systems become increasingly more complex, this
issue which lowers yields and could compromise enzyme activity,
cannot be overlooked. Therefore, our method will hopefully form
the basis of successful future endeavors in bottom-up synthetic
biology especially to produce asymmetric bilayers that are more
true to eukaryotic cells. Finally, we note the robustness of this
design as stable double emulsions can be continuously produced
without collapse or blockages for at least as long as the ﬂuid in the
reservoirs lasts. An advantage that also applies to applications
outside of artiﬁcial cells where reactions are initiated within
double emulsions in general. The promise of high-throughput
emulsion-based technologies is immense and the microﬂuidic
device design and methodologies employed here will help progress the ﬁeld of artiﬁcial cells considerably in the near future.
Methods
Materials. All materials were used as purchased unless noted otherwise. 1-octanol
(99%, Sigma Aldrich), (97%, Sigma Aldrich). 1-Palmitoyl-2-oleoyl-sn-glycero-3phosphocholine (POPC), 1,2-dioleoyl-sn-glycero-3-phospho-L-serine (DOPS) and
1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)
(ammonium salt) (Liss Rhod DOPE). was obtained from Avanti polar lipids. 1,1′Dioctadecyl-3,3,3′,3′-tetramethylindotricarbocyanine perchlorate (DiIC18 (3)) and
DiD (DiIC18 (5)) and calcein were purchased from ThermoFisher Scientiﬁc. Polydimethylsiloxane (PDMS) and curing agent were obtained as SYLGARD®184 silicone
elastomer kit from Dow Corning. 1H,1H,2H,2H-Perﬂuorodecyltrichlorosilane was
purchased from abcr GmbH. Poly(diallyldimethylammonium) chloride (PDADMAC) and poly(sodium 4-styrenesulfonate) (PSS) were obtained from Sigma Aldrich.
SU8 2050 (Microchem Inc.), Silicon wafer (Siegert Wafers), SU8 developer solution
(Microchem Inc.). Indium tin oxide (ITO) glass slides are from Präzisions Glas &
Optik GmbH. Glucose, sucrose, and chloroform were obtained from Merck. HEPES
and PBS were purchased from Sigma-Aldrich. Dulbecco’s Modiﬁed Eagle Medium
(DMEM) was purchased from ThermoFisher Scientiﬁc. Mini Extruder and polycarbonate membranes were purchased from Avanti polar lipids, Inc. Fluoresbrite® YG
Microspheres purchased from Polysciences, Inc. Microﬂuidic lipid vesicle production
was achieved using an MFCS™-EX pressure pump with associated 2 mL reservoirs for
various solutions from Fluigent, Inc.

Microﬂuidic device fabrication. The PMDS-based microﬂuidic device fabrication
was performed using soft-photolithography as described previously8. Master molds
were prepared on 4′′ silicon wafers using a spin coating (model no. WS-650MZ23NPPB, Laurell Tech. Corp.) SU8 2025 (Microchem Inc.) to a height of 80 μm.
Following the coating process, a pre-baking step was performed before UV-light
exposure through a ﬁlm mask with the requisite design (see Supplementary Data 1
for the CAD ﬁle), onto the SU8 coated silicon wafer for a duration of 8 s
(MicroLithography Services). A post-baking step was performed before the SU8
development process. SU8 development was performed by gently washing the
wafer in developer solution (Microchem Inc.) for 3 min. Finally, the Si-wafer was
hard-baked for a period of 30 min at 200 °C. Then the prepared master molds were
silanized overnight (50 μl of 1H,1H,2H,2H-perﬂuorodecyltrichlorosilane) in a
desiccator. PDMS-based microﬂuidic chips were produced by heat curing (90 °C
for 3 h) PDMS with curing agent mixture (10:1) on the master mold Si-wafer.
Cured PDMS was peeled and cut into individual chips. Holes were punched at
respective inlet and outlets using a 1 mm biopsy puncher (Kai Europe GmbH)
before bonding the PDMS to glass coverslips. At the end, bonding was performed
using an air plasma treatment (Plasma Cleaner PDC-002-CE, Harrick Plasma) at
600 mbar for 1 min. The microﬂuidic devices were heated for 2 h at 60 °C to help
with the bonding process and render the PDMS back to hydrophobic after the
plasma treatment. A photograph of a ﬁnal assembled device can be seen in Supplementary Fig. 1a.
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Surface coating of the microchannels. W/O/W emulsion production requires the
surface of the outer channel (from OA inlet to outlet, see Fig. 1b in the main text)
to be hydrophilic. Unless the outer channel is wettable by an aqueous medium, the
W/O/W type of double emulsion will not form. This is because the material used in
this study to make the microﬂuidic chip, PDMS, is hydrophobic in nature and is
not wettable by an aqueous medium. For the outer aqueous solution (OA) to be
able to wet the PDMS surface, the channel was treated with series of chemical
reagents that are drawn into the microﬂuidic chip using a vacuum pump. Channels
carrying OA toward the outlet (see Fig. 1b) were subjected to an initial cleaning
step by ﬂushing HCl:H2O2 (1:2) for 30 s. This renders the chip surface negatively
charged for the polymeric solution of positively charged polymer (2 wt.%
PDADMAC) to form layers after ﬂushing the solution for 2 min. Following this, a
negatively charged polymeric solution (5 wt% PSS) was ﬂushed for the same
duration to yield a hydrophilic OA outlet channel. After every step, mention above,
MilliQ® water was ﬂushed in for a minimum of 30 s to remove excess chemical
reagents. Thus coated channels remained hydrophilic for more than a week and
can remain functional during experimentation for more than 5 h. Importantly, the
entire coating process takes up to only 5 min to complete and the device is ready to
use thereafter. In the case of sub-optimal coating, higher concentrations of the
polymer solutions or longer coating procedures can be employed.
Liposome production: microﬂuidics, electroformation, and extrusion. A double
cross-junction chip design was used to produce the double emulsions (to eventually
form GUVs). To make W/O/W double emulsion, the IA solution containing
MilliQ®, EvaGreen®-plasmid DNA (equimolar mixture), calcein, SUVs, cells or
styrene microspheres was passed through the ﬁrst cross-junction to be sheared into
aqueous droplets by 1-octanol with 5 mg/mL total lipid concentration of 99.5 mol%
POPC and 0.5 mol% DiD/DiIC18/Liss Rhod PE). Following this, the oil phase (LO)
carrying aqueous droplets was further sheared to produce double emulsion at the
second cross-junction by the outer aqueous (OA) solution of MilliQ® water/300
mOsm glucose solution/HEPES buffer (20 mM). Electroformed GUVs were produced using ITO-coated glass plates. 15 µL of 2 mg/mL total lipid concentration of
99.5 mol% POPC and 0.5 mol% Liss Rhod PE was smeared over the ITO surface
side of the glass plates and dried using a nitrogen gun and further in a desiccator at
low-pressure conditions for 45 min. A chamber was created with both the lipidcoated surfaces facing inwards using a Teﬂon spacer. This chamber was ﬁlled with
300 mOsm sucrose solution and sealed. Electric input was delivered to the ITO
sides of the glass plates through copper tapes connected to a function generator at
10 Hz AC and 2 Vp-p for 2 h. After the production, glass plates were ﬁnger-tapped
for the release of the GUVs into the sucrose solution before they are collected in an
Eppendorf® tube. The 50 nm size SUVs were produced using the hydration and
extrusion method. Totally, 24 mM total lipid concentration of 99.5 mol% POPC
and 0.5 mol% DiIC18 in chloroform were dried onto a glass vial using a nitrogen
gun and in a desiccator at low-pressure conditions for 45 min. This was followed by
hydration of the lipid layer with 1 mL of warm HEPES buffer (37 °C). Hydration
was allowed to take place overnight at room temperature. The produced multilamellar vesicles (MLVs) were subjected to freeze–thaw cycle using liquid nitrogen
and a hot water bath. Further to this, MLVs were made into SUVs using a lipid
extruder ﬁtted with a 50 nm polymeric ﬁlter. After 21 extrusion cycles, the SUVs
produced were used in microﬂuidic production to make compartmentalized
liposomes.
Cell culture. Fibroblast cells were cultured in DMEM media at 37 °C and retrieved
using trypsin enzyme from Petri dishes. The suspension is directly used as the IA to
therefore demonstrate the possibility to encapsulate cells within liposomes produced using microﬂuidics.
Fluorescence recovery after photobleaching (FRAP). The ﬂuorescence image
sequences of the liposomes were acquired using the 488 nm line of an argon ion
laser at a very low power to avoid photobleaching. After 2.5 s, regions of interest
(ROI), of 6 μm radius on the top surface of the vesicles were rapidly photobleached
(t < 60 ms) at maximal laser power. Fluorescence recovery was monitored for ~20 s.
The recovery curves were obtained as explained in a previous work43. In order to
correctly estimate F0 (the ﬂuorescence intensity immediately after the end of the
bleach) and F18s (after 18 s), the curves were ﬁtted as in ref. 43. The normalized
fractional recovery (NFR) is deﬁned as
NFR ¼

F18s  F0
1  F0

Following this, a nonlinear exponential curve ﬁtting was performed (OriginPro,
OriginLab Corp.) on the fractional recovery curve from each data set to calculate
the halftime (thalf) of recovery. Using the thalf obtained, the diffusion coefﬁcient for
the lipid DOPE-Liss Rhod was determined using
D ¼ 0:25ω2 =thalf
where D is the diffusion coefﬁcient and ω is the radius of the bleach spot.
Dye-leakage assay. The leakage of calcein dye from the lipid bilayer has been used
in earlier works as a tool to investigate the functionality and unilamellar of model
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lipid membranes8,14. We have tested the liposomes produced in this work for
leakage both in the presence and absence of α-hemolysin as a pore-forming protein. Liposomal vesicles were produced with 20 µM calcein solution as the IA. To
which, 2.5 µg/mL ﬁnal concentration of α-hemolysin was added. The graph shown
in Fig. 4c presents the recording obtained after 10 min of incubation.
Microscopy. The produced liposomes which were collected in Eppendorf® tubes
were pipetted onto BSA coated (2 mg/mL for 30 min at 37 °C) glass coverslips and
sealed using SecureSeal™ image spacers (Sigma Aldrich). A MicroLab 310 (Vision
Research Inc.) high-speed camera ﬁtted to an Olympus IX73 microscope was used
to acquire images of the liposome production at full-frame and with ~3000 frame
rate. Liposomes produced were also visualized using confocal microscopy (Leica
TCS SP8, Leica Microsystems Inc.). For image acquisition, ex488/em499–540 nm
for EvaGreen®, Fluoresbrite® Yellow Green (YG), and calcein, ex551/em565–610
nm for DiIC18, and Liss Rhod DOPE and ex633/em645–680 nm for DiD wavelengths were used. Data produced were treated and analyzed using ImageJ software.
Computational ﬂuid dynamics. To prove that constricted curves can result in
increased forces, a computational ﬂuid dynamics simulation was performed using
FEATool Multiphysics for MATLAB®. Using a 2D replication of the design used in
this work, the ﬁrst constriction of the serpentine channel region was drawn with
the built-in geometry tools. Following this, a 2D grid was generated and reﬁned
using the Gmsh mesh builder. The Navier–Stokes equation (for incompressible
ﬂuids) was used to simulate the ﬂuid ﬂow.

Data availability
Supplementary Information is provided together with Supplementary Data 1 and
Supplementary Movies 1–4. All other relevant data are available from the corresponding
author.
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