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PNIPAAm microgels with defined network
architecture as temperature sensors in optical
stretchers†
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Stretching individual living cells with light is a standard method to assess their mechanical properties.
Yet, heat introduced by the laser light of optical stretchers may unwittingly change the mechanical
properties of cells therein. To estimate the temperature induced by an optical trap, we introduce
cell-sized, elastic poly(N-isopropylacrylamide) (PNIPAAm) microgels that relate temperature changes to
hydrogel swelling. For their usage as a standardized calibration tool, we analyze the eﬀect of free-radical
chain-growth gelation (FCG) and polymer-analogous photogelation (PAG) on hydrogel network
heterogeneity, micromechanics, and temperature response by Brillouin microscopy and optical
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diﬀraction tomography. Using a combination of tailor-made PNIPAAm macromers, PAG, and
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expand the capability of standardized microgels in calibrating and validating cell mechanics analysis, not
only considering cell and microgel elasticity but also providing stimuli-responsiveness to consider
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dynamic changes that cells may undergo during characterization.

microfluidic processing, we obtain microgels with homogeneous network architecture. With that, we

Introduction
Hydrogels are three-dimensional, crosslinked polymer networks
capable of retaining large amounts of water.1 Due to the ability of
many hydrogels to swell and de-swell upon environmental
changes, this sensitivity is attractive for advanced applications
in the fields of drug delivery, photonics, actuation, and sensing.2
Poly(N-isopropylacrylamide) (PNIPAAm) is one such hydrogel
material reacting to a thermal stimulus at a volume phase
transition temperature (VPTT) of around 32 1C in aqueous
media.3 As the transition temperature is close to the human
body temperature, PNIPAAm has been widely investigated for
biomedical applications,4,5 and various physicochemical as well
as mechanical properties of PNIPAAm hydrogels have been
tailored depending on the hydrogels’ network architecture.6,7
An idealized image of a hydrogel network commonly consists of a completely regular array of meshes. This regularity
a
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depends mainly on whether monomer- or polymer-based building
blocks are used, their architecture (e.g., linear or multi-arm), and
the synthesis conditions during the gelation process.8 Focusing
on the synthesis of PNIPAAm hydrogels, we can primarily distinguish between two key gelation mechanisms, namely free-radical
chain-growth gelation (FCG) and polymer-analogous photogelation (PAG) (Fig. 1). In the former case, N-isopropylacrylamide
monomers crosslinked by N,N0 -methylenebisacrylamide (BIS)
commonly leads to spatial inhomogeneities of the hydrogel crosslinking density. It has been reported that high initiator concentrations as well as a polymerization temperature close to the lower
critical solution temperature (LCST) lead to a fast and exothermic
free-radical polymerization and pronounced structural inhomogeneity on the micro- and nanometer scale.9,10 This is due to
reaction heat that cannot be eﬃciently transferred away, leading
to an increase of the reaction temperature close to or eventually
above the LCST of PNIPAAm chains in water.8 On the nanometer
scale, network inhomogeneities in the form of broad mesh size
distribution accompanied by structural imperfections, such as
loops and dangling chains, can be found because of random
incorporation of monomer and crosslinker during chain growth.
On the micrometer scale, domains form due to temperaturedriven microphase separation.11 These domains or nanogel
clusters arise during the early phase of network formation and
become only loosely interconnected during further hydrogel
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Fig. 1 Schematics of NIPAAm-based hydrogel network architectures
formed via diﬀerent synthesis approaches. (top) Hydrogel network
formation by free-radical chain-growth gelation of NIPAAm and BIS leads
to pronounced network inhomogeneities on the nano- and, in case of
reaction temperatures close to or above the LCST of PNIPAAm in water,
also micrometer scale. The exothermic process of initiator decomposition
and chain-growth polymerization leads to the formation of nanogel
clusters that are loosely interconnected. (bottom) Hydrogel network
formation via polymer-analogous photogelation leads to homogeneous
networks on the nano- and micrometer scale. Pre-synthesized polymeric
precursors (macromers) are interconnected by UV light-induced, TXScatalyzed dimerization of incorporated DMMI moieties. Schematic
adapted with permission from ref. 12.

growth.12 Eventually, micrometer-sized inhomogeneities can be
observed by optical microscopy. To improve PNIPAAm hydrogel
formation via FCG, decreasing the amount of initiator led to
lower reaction temperatures below the LCST and to a gel
architecture being uniform on the micrometer scale, but still
bearing the same structural inhomogeneities on the nanometerscale.10
In contrast to FCG, PAG provides polymer networks with a
high homogeneity independent of the rate of crosslinking, with
macromolecular precursor chains functionalized with crosslinkable side groups being the basis for hydrogel formation.8
A well-suited crosslinkable side group for this approach is
dimethylmaleimide (DMMI) that undergoes a UV light-induced
dimerization, catalyzed by the addition of the triplet sensitizer
thioxanthone disulfonate (TXS).13,14 In molar concentrations up to
4.5 mol%, DMMI has been shown to have only a minor influence
on the LCST of a PNIPAAm-based copolymer.15 By interconnecting
these hydrogel network precursors, gels form that appear clear and
translucid in optical microscopy, exhibiting network homogeneity
on the micro-scale. This is because no exothermic processes, such
as initiator decomposition and chain-growth propagation, are
involved in network formation. Beyond visual observations, static
light scattering according to the Debye–Bueche method reveals
that this type of hydrogel only shows small root-mean-square
concentration fluctuations, indicating nanoscale homogeneity.8
This proves that the polymer-analogous reaction strategy is
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suitable for synthesizing well-defined PNIPAAm polymer networks
with a high level of control over the homogeneity on the microand nanoscale, and thus reproducible temperature response.
For applications, which require a fast and reproducible
response of a PNIPAAm hydrogel toward heat as an external
stimulus, we do not only require a defined network structure
but also the object size is likewise crucial. Here, hydrogel
particles in the micrometer range – so-called microgels according
to the IUPAC definition16 – exhibit a quicker feedback than their
macroscopic analogs.17 For fabricating microgels in the range
from 10 to 1000 mm with narrow size distribution (o5%) and
controlled network homogeneity,8,18 droplet microfluidics is the
method of choice.19–21 Here, an aqueous stream of hydrogel
precursor solution is periodically broken up into surfactantstabilized droplets with a reproducible size by a flow of a second
immiscible fluid. The gelation of droplets containing PNIPAAm
hydrogel precursors can be triggered by means of heat,22 light,23
or addition of a reaction accelerator,24 giving rise to micrometersized hydrogel particles. For actual usage, as-formed microgels
have to be transferred into an aqueous environment by breaking
the emulsion, which has developed beyond chemically induced
surfactant exchange in recent years.25,26
The responsiveness of PNIPAAm microgels towards external
stimuli renders them well-suited as temperature sensors, which
can be easily calibrated by recording the microgel diameter as a
function of environmental temperature with optical microscopy.
PNIPAAm microgels can provide reliable and quantitative
information on the heat input into microscopic volumes, e.g., inside
optical traps. This is particularly important when optical traps are
used to trap and manipulate living cells via laser light directly,27 such
as in optical stretchers,28 and optical cell rotators.29,30 In optical
stretchers (OS), two coaxially aligned, non-focused laser beams with
a Gaussian intensity profile are integrated into a microfluidic device
to trap cells passing through a microchannel.31 By increasing the
laser power, trapped objects are stretched by optically induced
surface forces along the beams’ axis. This allows for measuring
the cells’ viscoelastic properties, which in turn permits insights
into physiological and pathological functional changes in cells
in situ.32–37 While, conventionally, a good sensor and analysis
tool should not alter the properties of the analyte during
characterization, the viscoelastic properties of trapped cells
depend on the temperature during the measurement38–41
wherefore the quantification of the lasers’ heat input is crucial.
While the temperature in the trapping volume of optical
stretchers was quantified by fluorescence ratio thermometry42
and the impact of laser-induced heating on the cell viability
after single-cell trapping analyzed,43 we are reporting on a
method that employs a cell-sized, standardized calibration tool
to directly derive the temperature in the trap.
In this work, we utilize microfluidically produced PNIPAAm
microgels as cell-sized sensor particles and calibration tool in
optical stretchers. For that, we compare microgels emerging
from free-radical chain-growth gelation (FCG) and polymeranalogous photogelation (PAG) and provide an in-depth analysis
of polymer network homogeneity on the microscale as well as
temperature-dependent mechanics by utilizing advanced optical
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microscopy based on optical diﬀraction tomography and
Brillouin microscopy that has previously been used to provide
a detailed view on cellular structure and composition.44,45 Microgels in the size range of living cells made from macromolecular
precursors and crosslinked by PAG are then utilized as temperature
sensors to quantify the amount of heat introduced to living
cells by laser-induced heating in OS setups. To determine the
absorbed energy, we record the absorbance of PNIPAAm hydrogel
in the range of the two laser wavelengths at 780 and 1064 nm.
By introducing PNIPAAm microgels with well-defined physicochemical and mechanical properties as a cell-like replacement
into OS setups, we quantify the amount of heat introduced
under the same experimental conditions as in real-life cell
stretching experiments. With that, we provide the basis to
describe the extent of undesired heating in the theoretical
description of viscoelastic properties of living cells extracted from
cell-stretching experiments.

Results and discussion
Microgel preparation by droplet microfluidics
Droplet microfluidics is employed to fabricate PNIPAAm-based
microgels with a diameter lower than 20 mm to match the size of
eukaryotic cells, e.g., BALB 3T3 fibroblasts and breast epithelial
cells,28,32 whose mechanical properties are commonly analyzed
by optical stretching. In addition, droplet microfluidics provides
microgels with reproducible and uniform size via fast mixing of
hydrogel precursors prior to droplet solidification, which is a
prerequisite for homogeneous hydrogel network formation.
As we require reproducible temperature response and volume
phase transition (VPTT) behavior, respectively, actual knowledge
of hydrogel composition and structure is crucial.18 On this
account, we compare hydrogel network formation via PAG and
FCG. In the former case, a pre-polymerized statistical copolymer
of N-isopropylacrylamide (NIPAAm) and dimerizable dimethylmaleimide-functionalized acrylamide (DMMIAAm), PNIPAAmco-DMMIAAm, is utilized for UV light-induced crosslinking of
the hydrogel network. PNIPAAm-co-DMMIAAm is synthesized
based on a protocol from Adler and coworkers.46 To improve
reaction kinetics, the triplet sensitizer TXS is added, synthesized
based on a protocol from Kronfeld and Timpe.47 In the case
of FCG, hydrogel networks inside microfluidically prepared
droplets are formed by statistical chain-growth copolymerization
of NIPAAm and BIS initiated by UV light-induced cleavage of the
radical initiator Irgacures 2959.
For droplet generation from both PAG and FCG precursor
solutions, polydimethylsiloxane (PDMS)-on-glass microflow
cells fabricated by combined photo- and soft lithography are
utilized. Emulsion droplets are pinched oﬀ from an aqueous
stream of hydrogel precursor solutions by geometrically confined breakup from a flow-focusing junction with a nozzle
diameter of 15 mm (Fig. 2). As-formed water-in-oil (W/O) emulsion
droplets are stabilized against coalescence in the surrounding
continuous fluorocarbon oil phase, 3Mt Novect 7500, by a
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Fig. 2 (top) Experimental setup for microgel fabrication by polymeranalogous gelation (PAG). AutoCADs-designed microflow cells for droplet
formation and UV illumination connected via tubing. After illumination, the
emulsion is collected in an Eppendorf tube. (bottom) Bright-field microscopy images of emulsion droplets inside the droplet-generating flow cell
(left) and during UV illumination (right). The mean size of emulsion droplets
(N = 100) with their standard deviation is indicated.

non-ionic home-made ABA triblock copolymer surfactant,48 set
to a concentration of 2% (w/w).
Since the properties of a good sensor should not have an
impact on its readout, it is important to render the microgel
probes as invisible as possible to the IR lasers of the stretcher
setup or at least comparable to the cells commonly analyzed in
optical stretchers. To ensure this, bulk gelation tests are carried
out based on PAG before performing the more elaborate
microfluidic emulsion formation of PNIPAAm-co-DMMIAAm to
enable microgel particle fabrication with the highest possible
transparency and the lowest possible absorption. Here, the lowest
concentration for forming mechanically stable PAG hydrogels
from dimerizing PNIPAAm-co-DMMIAAm is found to be
30 mg mL1 in deionized (DI) water. Therefore, this concentration is used for subsequent microfluidic experiments.
As-formed emulsion droplets are transferred to a second microflow cell for solidification by UV illumination. Its key design
feature is a sequence of tapered microchannels that ensures
equal residence and illumination time for all droplets passing
through the flow cell by repeatedly repositioning droplets from
the microchannel walls with more friction and thus lower
velocity to the center of the emulsion flow and vice versa.48,49
From our experience, utilizing on-chip UV illumination should
enable uniform and complete crosslinking of all droplets as
compared to conventional oﬀ-chip solidification in collection
vials containing multi-layered emulsion droplets that would
scatter and dim UV light penetrating from top-to-bottom
through the collected emulsion. The setup for on-chip illumination, which also allows for precisely adjusting the UV beam
size, has been previously introduced by Heida et al.50
The illumination time for PAG experiments in the second
flow cell is approximately 4 min with a UV-light intensity of
160 mW cm2 on the surface of the microflow cell. Bright-field
microscopy images of precursor microdroplets indicate the
formation of uniform emulsion droplets with an average
diameter of 14.3  0.6 mm. However, the surfactant shell of
the gelled emulsion droplets cannot be broken by conventional
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chemically induced coalescence through the addition of a
weakly stabilizing surfactant such as 1H,1H,2H,2H-perfluoro1-octanol (PFO) that would enable the microgels to transfer into
water. PNIPAAm microgels exhibit an amphiphilic character
and stabilize the water-fluorocarbon oil mixture that forms
during PFO-induced droplet coalescence. By adsorbing at the
interface of water and oil droplets, these remain stable even
after surfactant removal. Therefore, an alternative purification
process is employed. After removing excess oil by repeated
centrifugation and syringe aspiration, an excess amount of
isopropyl alcohol (IPA) is added to the solidified emulsion
droplets, causing droplet coalescence and yielding a dispersion
of PNIPAAm microgels in IPA. Due to the known eﬀect of conon-solvency of IPA and water,51 microgels cannot directly
transfer to water by a stepwise exchange of the surrounding
media. Instead, we use 1,4-dioxane as an auxiliary solvent being
miscible with both IPA and water. That way, our microgels first
transfer from IPA to dioxane, and then from dioxane to water. It
should also be noted that due to the microgels’ small diameter
and low material content, a separation from the supernatant by
centrifugation before changing from one eluent to the next is
not feasible. Therefore, the solvents IPA and dioxane are
gradually exchanged by consecutive steps of evaporation before
the microgels’ final transition into water. Despite swelling and
collapsing during the process of solvent change, PAG-made
microgels maintain their low size distribution with 18.4 
0.6 mm in IPA, 19.6  0.6 mm in dioxane, and 16.2  0.5 mm
in water. After considerable swelling in IPA (2.1-fold in volume)
and dioxane (2.6-fold in volume), these microgels reveal a
minor 1.5-fold increase in volume compared to the original
droplet template size of 14.3  0.6 mm (cf. above).
To compare the eﬀect of diﬀerent gelation mechanisms on
PNIPAAm polymer network architecture, we investigate a second
type of microgels synthesized via FCG. In contrast to PAG
microgels formed from PNIPAAm-co-DMMIAAm with an overall
material content of 30 mg mL1 in the precursor solution and
3 mol% dimerizable DMMI groups, corresponding to 1.5 mol%
crosslinks, mechanically stable microgels cannot be fabricated
by FCG using 1.5 mol% BIS as crosslinker. Therefore, the molar
percentage of BIS crosslinker is increased stepwise from
1.5 mol% to 6 mol% relative to the NIPAAm content. By this,
we confirm the finding by Seiﬀert et al. that PAG is more eﬃcient
than FCG, enabling hydrogel network formation at significantly
lower amounts of crosslinker.8 Using the same setup and oil/
surfactant system as for the PAG-reacted microgels, no stable
FCG microgels are initially formed, presumably due to insuﬃcient illumination energy inside the second flow cell previously
utilized for on-chip solidification of emulsion droplets. By
changing the UV illumination from on-chip to in-tubing
(Fig. S1, ESI†), a higher local UV light intensity is realized,
leading to suﬃcient cleavage of initiator and, eventually, hydrogelation via FCG. The intensity at the PE tubing connecting the
outflow port of the microfluidic droplet generator and the
collection vial is 360 mW cm2 with a droplet residence time
in the UV-irradiated tubing volume of 20 s compared to 4 min at
160 mW cm2 for the on-chip illumination setup used for PAG.
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After UV irradiation and utilizing the protocol for emulsion
decomposition and microgel transfer introduced for the PAG
microgel purification above, PNIPAAm precursor droplets with
a size of 14.6  0.7 mm yield microgels with a size of 17.0 
0.9 mm (1.6-fold swelling in volume) in IPA. However, these
cannot be transferred to water with the support of dioxane.
Instead, our FCG-prepared microgels exhibit a brittle appearance as shown by bright-field microscopy and experience a
swelling-related shock leading to their fragmentation. We
account this behavior to the microgels’ marked porosity visible
on the microscale (discussed in more detail in the following
section) with micropore sizes of approximately 1 mm, which
are only one magnitude smaller than the microgel diameter
and could, therefore, lead to the observed instability during
swelling. To deepen the insights on the network homogeneity,
PNIPAAm microgels formed by PAG and FCG will be compared
by optical techniques being swollen in IPA. Since pure IPA is,
like water, a good solvent for PNIPAAm and the swelling
behavior of the microgels in these solvents rather similar,52
our findings on the PNIPAAm hydrogel network architecture
derived from investigations in IPA can be transferred to microgels swollen in water used for the stretching experiments.
Analysis of microgel homogeneity by optical techniques
The homogeneity of the microgel network architecture created
either via PAG and FCG is investigated on the microscale by
optical methods utilizing phase-contrast microscopy, optical
diﬀraction tomography, and Brillouin microscopy. After purification, PNIPAAm microgels swell in IPA and reduce their
already low material content of 3% (w/v, 30 mg mL1) in the
precursor solutions to approximately 1.4% (w/v) for PAG and
1.9% (w/v) for FCG in the microgel state. This low material
content is the reason why the refractive index (RI) of these
microgels, which consist to more than 98% out of solvent
accordingly, only diﬀers slightly from the RI of the surrounding
IPA medium. Therefore, phase-contrast microscopy is utilized
for a more detailed analysis. The corresponding image in Fig. 3
(top) shows that PAG microgels do not exhibit visible inhomogeneities on the microscale and a high optical transparency.
Opposed to that, phase-contrast microscopy analysis of FCG
microgels in Fig. 3 (bottom) reveals pronounced inhomogeneities visible in the form of brighter and darker domains, which
can be assigned to microscopic pores formed during the
gelation due to heat generated by the exothermic free-radical
network formation. As the temperature inside the droplets
increases towards or above the LCST of the as-formed PNIPAAm
chains in water, a microphase separation occurs that is permanently locked by further crosslinking. The combination of these
heterogeneities of approximately 1 mm at an overall microgel
size of approximately 18 mm (cf. above) with a low material
content of only 1.9% (w/v) explains the insuﬃcient stability of
microgels obtained via FCG during solvent exchange from IPA
over dioxane to water.
Next, we employ optical diﬀraction tomography (ODT) as an
imaging technique to obtain a quantitative RI map of the
microgels in 3D. For ODT reconstructions, spatially modulated
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Swelling behavior of microgels fabricated by PAG

Fig. 3 Phase-contrast microscopy, optical diﬀraction tomography, and
Brillouin microscopy images of PNIPAAm microgels in IPA fabricated via
polymer-analogous photogelation (PAG) (top) and free-radical chaingrowth gelation (FCG) (bottom). All three methods reveal a high homogeneity of the polymer network architecture on the microscale for
microgels synthesized via PAG and visible heterogeneities of microgels
synthesized via FCG.

holograms of PAG and FCG microgels are recorded from multiple angles from which the complex optical field is obtained by a
Fourier-based field retrieval algorithm.45 Utilizing the Fourier
diﬀraction theorem, the RI tomogram is then reconstructed
from the complex optical fields. Fig. 3 shows corresponding
quantitative RI images from the center plane of both microgel
types recorded by ODT. Both are in good agreement with the
results of phase-contrast microscopy. The PAG microgels reveal
a homogenous RI distribution, which points toward a homogeneous hydrogel network structure on the microscale. For FCG
microgels, refractive indices obtained within the pores are
equal to the RI in the surrounding medium, indicating the
formation of interconnected pores in the micrometer range
within the PNIPAAm microgels.
The ODT findings are supported by confocal Brillouin
microscopy. Brillouin microscopy exploits the inelastic scattering
of incident photons by acoustic phonons within the sample.
It measures the Brillouin shift nB, which is related to the longitudinal modulus, the RI, and the density of the sample. For
recording spatially resolved maps of microgels made via PAG and
FCG, the microscope stage is moved automatically and confocal
measurements of the Brillouin shift are recorded. The detectable
variations of the Brillouin shift within the PAG microgel are
equal to the random error of the measurement system, whereas
the mechanical heterogeneity in the FCG microgels is evident
(Fig. 3).
Homogeneity of the hydrogel network and its mechanics on
the microscale and excellent transparency presumably render
PAG-made microgels more suitable for application as reproducible temperature sensors in OS than FCG-made microgels.
Thus, our subsequent investigations focus on the characterization of PAG-based microgels in water as the target medium in
conventional OS characterization of living cells. For calibration
purposes, we investigate microgel swelling as a function of
temperature, microgel mechanics, and absorbance of the
hydrogel network.

© 2022 The Author(s). Published by the Royal Society of Chemistry

The size of PNIPAAm microgels in water prepared by PAG is
recorded as a function of temperature to determine their swelling
behavior. While the amount of DMMI moieties in the microgel
precursors should only have little eﬀect on the VPTT,15 we
investigate the continuity of the volume phase transition behavior.
For that, we fill PNIPAAm microgels into a fluid cell on a
temperature-controlled stage to precisely control and increase
the medium’s temperature in a stepwise fashion from 20 to 33 1C.
The upper part of Fig. 4A shows the change in microgel
diameter with temperature. At low temperatures of approximately
20 1C, the microgels are fully swollen in water. By increasing the
temperature, the hydrogen bonds between the protons of water
and the polymer chains become less preferred than intra- or
intermolecular interactions. Thus, the hydrogel network releases
water causing the microgel collapse at higher temperatures. To
determine the VPTT, we fit the experimental data with a sigmoidal
BiDoseResp function (Origin) and calculate the first derivate of
this fit based on a procedure from Cors et al.53 In the lower part of
Fig. 4A, the derivative is plotted as a function of the temperature.
The inflection point of the fit lies at the minimum of the first
derivative, which is indicated by a vertical line at a VPTT of
30.5 1C. Beyond the VPTT, the sigmoidal fit reveals that microgels
undergo a phase transition in a continuous fashion, which is
consistent with the predictions for a homogeneous hydrogel
network from Li and Tanaka.54 The change of RI derived
from quantitative phase images is plotted as a function of the
temperature in Fig. 4B. Here, the increasing RI with increasing
temperature is in good accordance with the temperaturedependent swelling behavior of PAG microgels, displayed in Fig. 4A.
Temperature-dependent micromechanics of PNIPAAm microgels
To further investigate the mechanical properties of the PNIPAAm
microgels made by PAG, we use Brillouin microscopy and
determine the longitudinal modulus at diﬀerent temperatures
(Fig. 5). At room temperature, the longitudinal modulus of the
microgels is mainly determined by the bulk modulus of water, as
the polymer content is in the range of only a few percent. With
increasing temperature, the longitudinal modulus of the surrounding water shows a well-known, weak temperature dependence, which is approximated by a linear fit. Hydrogels with a
high water content can be typically described by a binary mixture
model approximating the mechanical properties as the weighted
sum of solute and solvent.56,57 This approximation also works for
other solute molecules, not exclusively for polymers.58 Yet, the
general temperature dependence of the longitudinal modulus is
not covered by a binary mixture model. We thus use a simplified
binary mixture model and approximate the general temperature
dependence of M by
DM(T)microgel E DM(T)water E b  T

(1)

with an additional linear term to derive a reasonable fit for the
data with the following equation:
Meff 

a
þ Mwater þ DMðTÞmicrogel
Vmicrogel

(2)
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Fig. 5 Longitudinal storage modulus M 0 of PNIPAAm microgels prepared
by PAG derived from Brillouin microscopy measurements at diﬀerent
temperatures with corresponding volumes of the microgels. The red line
shows the fit for an adapted binary mixture model (see ESI†). The blue
curve is a linear approximation for the temperature-dependent longitudinal modulus of the surrounding water. The volume is calculated
from a series of quantitative phase imaging (QPI) and extracted with an
algorithm as described in Müller et al.55

Moreover, the calculation of the density is based on a mixture
model, potentially introducing inaccuracies (see ESI†) that can
lead to an overestimation of the microgel density.
PNIPAAm microgels as temperature sensors in optical
stretchers

Fig. 4 (A) (top) Swelling of PNIPAAm microgels in water prepared by PAG
as a function of temperature. Red line is a fit of a sigmoidal function to the
experimental data (black squares). (bottom) First derivative of the fitted
experimental data. The vertical line indicates the VPTT to be 30.5 1C. (B) RI
derived from quantitative phase images of microgels in water as a function
of temperature.

As the temperature approaches the critical point of 30.5 1C, the
material composition of the PNIPAAm microgels changes due
to the outflux of water, inducing a steep increase of the longitudinal modulus. Assuming that the dry mass stays constant,
the polymer volume fraction at 31 1C is about ten times greater
than at room temperature. Previous measurements with various substances diluted in water showed that a binary mixture
model typically breaks down at a critical volume fraction, as
shown for collagen,59 gelatin,57 and other biorelevant fluids.58
At this point, the eﬀect of structured hydration layers around the
solute molecules comes into play, as it impacts the molecular
relaxation processes. It has been shown that the ‘‘bound’’ water
within a hydration layer has a shorter molecular relaxation
time,60 giving rise to higher sound velocity and longitudinal
modulus than ‘‘free’’ water.59,61 This could explain why the
longitudinal modulus at 31 1C for our PNIPAAm microgels is
higher than the value predicted by a simple mixture model.

6184 | Mater. Adv., 2022, 3, 6179–6190

As introduced above, a common challenge when measuring
mechanical properties of biological cells by means of light is
the amount of heat introduced due to the light absorption of
the water and the cellular material. At this point, it is crucial to
understand the increase in temperature due to the increase in
laser power and decouple the mechanical response of the cell
from its thermal response.
To characterize the temperature increase in the OS in a
typical creep compliance measurement protocol, we employ
our optically characterized PNIPAAm microgels as thermoresponsive probes. The corresponding OS setup is shown in
Fig. 6A and schematically explained in Fig. 6B. One of the most
important features of an OS is the ability of sudden change of
the optical stress applied on the sample. This is achieved by
precisely tuning the optical output power of the lasers, usually
in the range of ms, with three distinct phases (cf. Fig. 6C):
trapping of the particles at lower laser power, exposure at high
laser power phase and a recurrent phase of lower laser power
exposure. The behavior of microgels in these steps is recorded
with a camera, and the size and shape of a particle can be
extracted for each frame. For our comparative analysis, we
quantify the size of the PNIPAAm microgels as the average of
the collected data in the last second of each phase. PNIPAAm
microgels are trapped at low total power (P = 0.1 W with 0.05 W
per optical fiber), before a higher pulse is applied identically as
in experiments with living cells. The first set of experiments is
carried out at room temperature (T = 23 1C). We use the highest
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T = 30.5 1C, the diameter reduction corresponds to a temperature diﬀerence of approximately 8 K induced by the 0.6 W
power of the laser, which translates to a temperature increase of
13.3 K W1 within the OS. This result is in good agreement with
a previous study using fluorescence ratio thermometry without
a trapped object.42
Absorbance of PNIPAAm hydrogels
To provide an explanation of the diﬀerences of thermal energy
introduced by the 780 nm 1064 nm lasers leading to the
observed temperature increase in the OS setup, the absorbance
of PNIPAAm hydrogels synthesized via PAG is investigated.
Absorbance describes the intensity loss of light for a given light
path length through a sample. The relevant processes contributing to the absorbance are elastic scattering in the sample
and light absorption that causes sample heating. Due to the
emission wavelengths of the utilized lasers at 780 nm and
1064 nm, a region of interest from 700 to 1100 nm is analyzed.
To receive information on the absorbance of the hydrogel in
H2O, bulk gels are prepared directly inside cuvettes tailored for
absorbance measurements, and compared to pure H2O.
Recorded spectra are displayed in Fig. 7. Below 900 nm, our
PNIPAAm hydrogels show a higher absorbance than pure water,
whereas the oﬀset gradually increases for decreasing wavelength. To investigate this behavior more closely, the decoupled
contributions of scattering and absorption are calculated by
measuring the complete scattering response and the scattering
response without zero-order transmission. D2O is used as a
solvent and reference to avoid distortion of the weak scattering
signal in the IR by the scattering of the stretching vibrations of
H2O (cf. Fig. S2, ESI†). The detected scattering signal of the
PNIPAAm hydrogel network in D2O increases with decreasing
wavelengths, which is also the reason for the increasing absorbance with decreasing wavelength in Fig. 7. As the pore size of
the polymer network is much smaller than the laser wavelength,
Fig. 6 Optical stretcher setup and experimental procedure for trapping
PNIPAAm microgels. (A) Top view of the trapping region. Two opposing
optical fibers are mounted perpendicular to a glass capillary acting as a
microfluidic channel. Note: each pair of fibers is connected to a diﬀerent
optical stretcher setup, but for simplicity integrated in the same sketch in here.
(B) Schematic of the top view of the trapping region. Optical fibers and the
glass capillary are depicted in light blue, and the core of the fibers is depicted
in dark blue. Two divergent beams (red) are creating the trap. A cell is depicted
in green. The flow (arrow) is adjusted by means of gravity. (C) Top: Typical
optical step stress applied. Bottom: Corresponding diameter reduction of the
PNIPAAm microgels during the three phases. (D) Size of PNIPAAm microgels
as function of the wavelength and phase of the optical stress.

available total power of P = 1.5 W at 780 nm. The increase in
laser power induces a noticeable, but minimal size reduction of
the microgel (Fig. 6C and D). Even at powers as high as 1.5 W,
the microgels do not fully collapse. This means that the
temperature increase induced by this light source is in the
range of few K W1, which is in line with previous estimates.40
In contrast, using a 1064 nm laser, a total power of P = 0.6 W is
suﬃcient to observe a full collapse of the microgels resulting
in a diameter reduction of 40%. With the VPTT established as

© 2022 The Author(s). Published by the Royal Society of Chemistry

Fig. 7 Normalized absorbance spectrum of PNIPAAm bulk hydrogel
made by PAG, swollen in H2O, and the associated spectrum of pure
H2O. Dashed red lines indicate the wavelengths of the lasers of the optical
stretcher setup at 780 nm and 1064 nm used in this study.
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the elastic scattering processes in the gel can be described by
Rayleigh scattering. The cross section of Rayleigh scattering
scales with l4, and therefore elastic scattering contributes
much more to the absorbance at shorter wavelength. Above
900 nm, the absorbance of the microgels in H2O drastically
increases. As this increase is not present in the gels suspended in
D2O, it can be attributed to the absorption of H2O giving rise to a
stronger heating eﬀect. These findings explain the much more
pronounced temperature increase of PNIPAAm hydrogels illuminated with a wavelength of 1064 nm compared to 780 nm.

Conclusion
In summary, polymer-analogous photogelation of tailor-made
crosslinkable PNIPAAm macromers combined with microfluidic emulsion formation provides the means to reproducibly
form sub-20 mm microgels as cell-sized temperature sensors in
optical stretchers. Optical analysis of these microgels by phasecontrast microscopy, optical diﬀraction tomography, and confocal Brillouin microscopy reveals a homogeneous hydrogel
network structure on the microscale. Investigating the swelling
behavior, we found that our PAG microgels show a VPTT at
30.5 1C undergoing a phase transition in a continuous fashion,
which is in consistency with the predictions for a homogeneous
hydrogel network from Li and Tanaka.54 Investigating the
temperature-dependent micro-mechanics, we determined the
longitudinal modulus of our PAG microgels at diﬀerent temperatures. We found an average longitudinal modulus close to
water at room temperature, followed by a step increase when
the VPTT was approached. The observed elevation of the longitudinal modulus for higher temperatures could be addressed
to a larger polymer volume fraction, according to previous
studies that investigated gelatin gels57 and hydrated collagen
fibers.59
In addition, we established relationships between temperature, microgel diameter and refractive index to quantify the
heating eﬀect of an optical stretcher at its operating wavelengths of 780 and 1064 nm. While values derived from microgel swelling for a local temperature increase in the trapping
region are shown to be in the range of a few K W1 for the
780 nm laser, measurements utilizing the 1064 nm laser exhibit a
significantly higher increase of the local temperature of 13.3 K W1.
The observed temperature increase utilizing the 1064 nm laser is in
good agreement with previous investigations that were performed
utilizing thermosensitive fluorescent dyes.42 Absorbance measurements carried out on bulk PNIPAAm hydrogels and pure H2O reveal
a significantly higher absorbance in the region above 900 nm,
which can be attributed to the absorption of H2O leading to the
observed diﬀerences of the temperature increase for the diﬀerent
lasers.
For calibrating optical stretcher setups, the very first trapped
hydrogel particle taken from a microfluidically prepared,
homogeneous microgel population will already provide information on the heat input by the lasers in the trapping volume
by its temperature-induced collapse. To guarantee a statistically
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reliable calibration prior to stretching experiments of living
cells, a microgel quantity of N Z 20 would be utilized.

Materials and methods
Materials and instrumentation for microgels synthesis
All chemicals were used without further purification unless stated
otherwise. Anhydrous sodium carbonate, acryloyl chloride, magnesium sulfate, dimethylsulfoxide-d6, chloroform-d3, deuterium
oxide, N-isopropylacrylamide, N,N0 -methylenebis(acrylamide), 2hydroxy-4 0 -(2-hydroxyethoxy)-2-methylpropiophenone (Irgacures
2959), azobisisobutyronitrile, thioxanthen-9-one, sulfuric acid fuming (20% SO3), calcium carbonate, barium chloride dihydrate,
sodium carbonate, and phenolphthalein were purchased from
Sigma Aldrich/Merck (Germany). N-tert-Butyloxycarbonyl-1,2ethylenediamine was purchased from Carbolution Chemicals
(Germany). Dichloromethane, chloroform, N,N-dimethylformamide, acetone, and isopropanol were purchased from Fisher
Scientific (USA). Sodium chloride was purchased from Carl Roth
(Germany). Trifluoroacetic acid, triethylamine, and 2,3dimethylmaleic anhydride were purchased from TCI Deutschland
(Germany). Diethyl ether was purchased from VWR Chemicals
(USA). Deionized (DI) water with a resistance of 18.2 MO cm was
prepared in a Milli-Q Direct 8 water purification system (Merck
Millipore, USA).
NMR spectra were recorded on a Bruker Avance III 500
(USA). Chemical shifts are reported in ppm units relative to
tetramethylsilane (d = 0.00) as internal standard. SEC measurements were performed on an Agilent LC 1100 (USA) utilizing
Zorbax PSM Trimodal-S columns with an eluent composed of
dimethylacetamide (DMAc), 2% (v/v) water, and 3 g L1 lithium
chloride operated at a flow rate of 0.5 mL min1. Samples were
dissolved at a concentration of 2 mg mL1 and passed through
a 0.2 mm syringe filter. Calibration was performed with poly(2vinylpyridine) (P2VP) standards. Hence, molecular weights are
obtained as apparent P2VP equivalent values.
Microfluidic device fabrication and general microfluidic setup
Microflow cells were fabricated by combined photo- and soft
lithography. Briefly, the negative photoresist SU-8 2015 (Micro
Resist Technology, Germany) was spin-coated onto the polished
side of a 3-inch silicon wafer (Siegert Wafer, Germany). Using a
mask aligner (MJB3, Süss MicroTec, Germany), the desired
microchannel structure, created by employing a computeraided design software (AutoCADs, Autodesk, USA) and beforehand printed on a photomask, was transferred into the photoresist. After that, the non-illuminated parts of the photoresist
were removed with the developer mr-Dev 600 (Micro Resist
Technology, Germany). The desired channel height and width
of 15 mm at the droplet-forming nozzle of the master structure
was verified by confocal microscopy (msurf expert, NanoFocus
AG, Germany). After that, polydimethylsiloxane (PDMS) base
material and crosslinker (Sylgard 184 silicone elastomer kit,
Dow Corning, USA) were mixed in a ratio of 10 : 1 (w/w) and
degassed in a planetary centrifugal mixer (ARE-250, Thinky, USA),
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then poured onto the master structure, and cured for at least 2
hours at 65 1C. The microstructures were cut out of the PDMS
layer, and access ports for the tubing were stamped with a biopsy
punch (diameter: 1.0 mm, KAI Medical, Germany). Finally, the
PDMS-based microchannel replica was bonded to a glass slide
(76 mm  26 mm) after surface treatment by oxygen plasma
(100 W, 15 s, MiniFlecto 10, Plasma Technology, Germany). To
render the surface of the microchannels hydrophobic, a solution
of (tridecafluoro-1,1,2,2-tetrahydrooctyl)trichlorosilane (1% v/v)
(Gelest, USA) in 3Mt Novect 7500 (IoLiTec, Germany) was
injected into the channels approximately 15 min before usage.
The setup for microfluidics experiments included two highprecision syringe pumps (Harvard Apparatus 11 Pico Plus Elite,
Harvard Apparatus, USA), to which the microflow cell was
connected via PE tubing (inner diameter: 0.38 mm, outer
diameter: 1.09 mm, Hartenstein, Germany). A 500 mL gastight
syringe (1750 TLL SYR, Hamilton, USA) was used for the
dispersed phase, and a 3 mL disposable syringe (BD Luer-Lok
tip, Becton Dickinson, USA) was used for the continuous phase.
Microfluidic droplet formation was followed on an inverted
bright-field microscope (Axio Vert.A1, Carl Zeiss, Germany)
equipped with a high-speed digital camera (Miro eX4, Vision
Research Inc., USA).
Microgel synthesis
Microfluidic fabrication of microgels via polymer-analogous
photogelation (PAG). The synthesis of PNIPAAm-co-DMMIAAm
and TXS sodium salt is described in the ESI.† For fabricating
microgels via PAG, 30 mg mL1 PNIPAAm-co-DMMIAAm
was dissolved in DI water at 4 1C. After complete dissolution,
20 mL mL1 of a 0.5 M solution of TXS sodium salt in DI water
was added, and the solution was homogenized by vortexing.
The resulting precursor solution is also referred to as the
dispersed phase (DP) in all microfluidic experiments. The
continuous phase (CP), which emulsifies the aqueous gel
precursor stream, consisted of a home-made triblock copolymer
surfactant62 (Krytox FSH-Jeﬀamine-Krytox FSH 2% w/w) dissolved
in fluorinated oil. Within the microflow cell, the dispersed phase
was segmented into droplets by the continuous phase flow,
applying flow rates of 15 mL h1 and 300 mL h1 for DP and CP,
respectively. The resulting emulsion was transferred from the
droplet-producing flow cell to an on-chip illumination setup
via PE tubing. Emulsion droplets were irradiated by UV light
(160 mW cm2) utilizing a custom-built microscopy setup comprised of a Zeiss AxioVert.A1 bright-field microscope, whose
condenser can be replaced by a mirror. Light coming from a UV
lamp (OmniCure Series 2000, igb-tech, Germany) is focused by a
lens and redirected by the mirror towards the flow cell. An iris
integrated into the light path allows for precisely adjusting the
beam size according to the microchannel width. Mirror, lens, and
iris were purchased from Thorlabs (Germany).
The outflow of the on-chip illumination flow cell was connected to an Eppendorf tube (1.5 mL, Eppendorf, Germany),
which was sealed with Parafilm (Bemis Company, Inc., USA).
The emulsion was collected in batches at intervals of 30 min.
For microgel purification, the fluorinated oil phase with surfactant
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was removed using a syringe. Isopropanol (IPA) was added to
break the emulsion and transfer the microgels into the organic
phase. Due to the co-non-solvency of IPA and water, 1,4-dioxane
(Fisher Scientific, USA) had to be used as an auxiliary solvent to
support the transition of the microgels from IPA to water. For
that, IPA was evaporated from the microgel dispersion to 10%
of its volume and repeatedly refilled with either the same or the
successive solvent within the solvent exchange series. During
the evaporation procedure, 1,4-dioxane was refilled five times,
and water as well as deuterium oxide four times, depending on
the desired target medium.
Microfluidic fabrication of microgels via free-radical chaingrowth gelation (FCG). For fabricating microgels via FCG,
30 mg mL1 hydrogel precursors consisting of 94 mol%
NIPAAm (recrystallized from hexane), 6 mol% N,N 0 -methylenebis(acrylamide), and 0.03 equivalents (rel. to NIPAAm) of Irgacure
2959 were dissolved in DI water at 4 1C, homogenized using a
vortexer, and purged with nitrogen to drive out dissolved oxygen.
The resulting precursor solution was injected as DP into the same
droplet-producing microflow cell as for the PAG experiments,
again using a home-made triblock copolymer surfactant62
(2% w/w) dissolved in fluorinated oil as CP. The flow rates were
set to 30 mL h1 and 300 mL h1 for the DP and CP, respectively.
Unlike in the PAG experiments, the formed droplets were not
illuminated inside an on-chip illumination chamber, but inside
the tubing connecting the outflow port of the microflow cell and
an Eppendorf tube. For that, light emitted from the fused-silica
light guide of a UV lamp (360 mW cm2, OmniCure Series 2000)
(Fig. S1, ESI†) was used.
Emulsion droplets were collected in batches every 20 min.
For microgel purification, the CP was removed using a syringe,
and IPA was added to break the emulsion and transfer the
microgels into the organic phase.
Bright-field and phase-contrast microscopy
Bright-field and phase-contrast microscopy were conducted on
a DMi8 (Leica, Germany) equipped with 10 and 40 objective
lenses (both air) or on a Axio Observer (Zeiss, Germany)
equipped with a 63 objective. Microgel samples were loaded
into the cavities created by an imaging spacer with a diameter of
9 mm and a thickness of 0.12 mm (Grace Bio-Labs SecureSeal,
Sigma Aldrich, USA) between two glass slides. For evaluating the
emulsion droplet and corresponding microgel size in diﬀerent
solvents (IPA, 1,4-dioxane, water, deuterium oxide), at least 50
droplets and microgels, respectively, were measured manually
using ImageJ. From this data, mean diameters and standard
deviations were calculated.
Quantitative phase microscopy (for size, refractive index, dry
mass evaluation). Quantitative phase data was recorded similar
to Hauck et al.20 (cf. Fig. 8). A standard inverted microscope
(IX71, Olympus, Shinjuku, Japan) was used in combination
with a halogen lamp (TH4-200, Olympus). The spectrum was
restricted by a bandpass filter to 647  57 nm (F1, F37-647, AHF
Analysentechnik, Tübingen, Germany). A 40 microscope objective
was used for imaging (NA 0.65, Zeiss, Germany), and a quantitative
phase imaging camera (SID4-Bio, PHASCIS, St. Aubin, France) was
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For bulk measurements at diﬀerent temperatures, a Zeiss
C-Apochromat 40/0.95 NA objective was used. The temperature
of the microgel sample was controlled either with a Petri dish
heater and a temperature probe in the buﬀer (23 1C–30 1C) or
with a heating stage (31 1C).63 Brillouin spectra were evaluated
with a self-written MATLAB (The MathWorks, Natick, MA) code,
which can be downloaded from https://github.com/BrillouinMi
croscopy/BrillouinEvaluation.
Optical stretcher setup

Fig. 8 Quantitative phase imaging (QPI) and data evaluation. (A) PAG
microgel samples are loaded onto a dynamic thermo-stage on an inverted
microscope, and a commercial QPI camera is used for data acquisition
(cf. text for details). (B) Bright-field and (C) quantitative phase images of a
PAG PNIPAAm microgel at 23 1C (below its LCST). The white dashed circle
indicates the microgel perimeter obtained with the analysis software
DryMass. (D) Bright-field and (E) quantitative phase images of a PAG
PNIPAAm microgel at 32 1C (above its LCST).

mounted onto the side port of the microscope. The image was
magnified with an additional 5 telescope ( f1 = 30 mm, f2 =
150 mm). For temperature control, a dynamic thermo-stage was
used.63 To obtain refractive indices (RI) and microgel sizes from
quantitative phase images, the software DryMass version 0.8.1
(https://drymass.readthedocs.io) was used.55 Under the assumption
of spherical symmetry, DryMass fits simulated scattering models to
the experimental phase data. Here, we employed the Rytov-SC
scattering model to obtain accurate values for the refractive index
and microgel diameter values observed in the present study.64
Please note that for optical diﬀraction tomography (cf. below), a
diﬀerent quantitative phase imaging technique was used.
Optical diﬀraction tomography
Optical diﬀraction tomography was performed using a custombuilt optical setup employing Mach-Zehnder interferometry.65
Individual microgel samples were illuminated under diﬀerent
angles by a collimated laser beam at a wavelength of 532 nm. A
dual-axis galvanometer mirror was utilized to diﬀract the
illumination beam and generate diﬀerent illumination angles.
After passing through the sample, the beam was interfered with
a reference beam at the image plane of a CCD camera that
recorded the spatially modulated hologram.
Confocal Brillouin microscopy
Brillouin measurements were performed on a custom-built
confocal Brillouin microscope based on a Zeiss Axiovert
200 M microscope (Zeiss, Oberkochen, Germany) and a twostage VIPA spectrometer, as described in detail elsewhere.44,66
Briefly, a microgel sample was illuminated by a frequencymodulated diode laser (DLC TA PRO 780; Toptica, Gräfelfing,
Germany) with a laser power of 10 mW at a wavelength of
780.24 nm. Brillouin images were acquired at room temperature
with a Zeiss water-immersion C-Apochromat 40/1.2 NA objective.
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To investigate the influence of transient heat on the PNIPAAm
microgels prepared via PAG, two OS setups with diﬀerent laser
wavelengths (1064 nm and 780 nm) were employed to trap
individual microgels at low power (P = 0.1 W, 0.05 W per fiber)
and heat them up at various laser powers (Fig. 6A). The general
setup has been described in detail elsewhere.31 The first OS
device was mounted on an inverted microscope (Zeiss Axiovert
200M) equipped with a LD Plan-NEOFLUAR Ph2 40/0.60 NA
objective and a single-mode, continuous-wave fiber laser operating at l = 1064 nm (YLM-5-1070-LP; IPG Photonics, Oxford,
MA, USA). This setup not only allows for applying mechanical
stress, but also inducing a concomitant temperature increase of
13 K W1 in a comparable OS setup.42 The second OS device
was mounted on an inverted microscope (IX71; Olympus,
Melville, NY, USA) equipped with a Plan Fluor 40/NA 0.75
objective (Olympus) and a single-mode, continuous-wave fiber
laser at l = 780 nm (Eylsa 780; Quantel, Les Ulis, France) with
an estimated temperature increase of only 1 K W1.39 A CCD
camera (AVT MARLIN F-146B; Allied Vision, CA) was attached to
both microscopes for image acquisition.
Vis-IR absorbance measurements
Vis-IR spectra were recorded on a Cary 5000 spectrophotometer
(Agilent, USA). Scattering losses were determined with the
external diﬀuse reflectance accessory 2500 (integrating sphere)
as described by Steiner et al.67 The sample and reference were
positioned in the center of the integrating sphere to collect
forward and backward scattering of the sample.
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T. Heida, A. Jacobi, E. Ulbricht, J. Thiele, C. Werner and
J. Guck, J. Mater. Chem. B, 2018, 6, 6245–6261.
22 M. S. Boybay, A. Jiao, T. Glawdel and C. L. Ren, Lab Chip,
2013, 13, 3840–3846.
23 T. Kanai, K. Ohtani, M. Fukuyama, T. Katakura and
M. Hayakawa, Polym. J., 2011, 43, 987–990.
24 R. K. Shah, J.-W. Kim, J. J. Agresti, D. A. Weitz and L.-Y. Chu,
Soft Matter, 2008, 4, 2303–2309.
25 I. Akartuna, D. M. Aubrecht, T. E. Kodger and D. A. Weitz,
Lab Chip, 2015, 15, 1140–1144.
26 V. Chokkalingam, Y. Ma, J. Thiele, W. Schalk, J. Tel and
W. T. S. Huck, Lab Chip, 2014, 14, 2398–2402.
27 A. Ashkin and J. M. Dziedzic, Ber. Bunseng. Phys. Chem.,
1989, 93, 254–260.
28 J. Guck, R. Ananthakrishnan, H. Mahmood, T. J. Moon,
C. C. Cunningham and J. Käs, Biophys. J., 2001, 81, 767–784.
29 M. K. Kreysing, T. Kießling, A. Fritsch, C. Dietrich,
J. R. Guck and J. A. Käs, Opt. Express, 2008, 16, 16984–16992.
30 M. Kreysing, D. Ott, M. J. Schmidberger, O. Otto,
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