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Velocity-Dependent Mechanical Unfolding of Bacteriorhodopsin Is
Governed by a Dynamic Interaction Network
Christian Kappel and Helmut Grubmüller*
Department of Theoretical and Computational Biophysics, Max Planck Institute for Biophysical Chemistry, Göttingen, Germany

ABSTRACT Bacteriorhodopsin is a model system for membrane proteins. This seven transmembrane helical protein is
embedded within a membrane structure called purple membrane. Its structural stability against mechanical stress was recently
investigated by atomic force microscopy experiments, in which single proteins were extracted from the purple membrane. Here,
we study this process by all-atom molecular dynamics simulations, in which single bacteriorhodopsin molecules were extracted
and unfolded from an atomistic purple membrane model. In our simulations, key features from the experiments like force profiles
and location of key residues that resist mechanical unfolding were reproduced. These key residues were seen to be stabilized by
a dynamic network of intramolecular interactions. Further, the unfolding pathway was found to be velocity-dependent. Simulations in which the mechanical stress was released during unfolding revealed relaxation motions that allowed characterization of
the nonequilibrium processes during fast extraction.

INTRODUCTION
Membrane proteins mediate a broad range of biochemical
functions. Although ~20–30% of all proteins are membrane
proteins (1), only little is known about their energetics and
their stability against mechanical stress. One important class
of membrane proteins are G-coupled protein receptors
(GPCRs) (2), which consist of seven transmembrane helices
and mediate signals from the extracellular to the cytoplasmic
side of a membrane, e.g., light, hormones, or neurotransmitters, by conformational changes. Therefore, knowledge of
the mechanical stability and energetics of these proteins is
crucial.
The light-driven proton-pump bacteriorhodopsin (BR)
is a model system for seven-transmembrane helical proteins
and shares many similarities to GPCRs (3,4). Photoinduced
isomerization of the chromophore retinal drives a reaction
cascade in which the protein undergoes several conformational changes. In vivo, BR trimers and lipid molecules
arrange into a remarkably stable two-dimensional hexagonal structure called ‘‘purple membrane’’.
One versatile tool to study single proteins and their structural stability is atomic force microscopy (AFM) (5), which
served, e.g., to study the mechanical properties of biological
macromolecules such as polysaccharides (6), DNA (7), and
heparin (8). Furthermore, AFM experiments provided insight
into the strength of ligand-receptor bonds (9) and the stability
of soluble proteins such as titin (10) and fibronectin (11).
Also, membrane bound proteins such as sodium-proton antiporters (12) and aquaporin (13) were studied.
The underlying intramolecular forces that govern macromolecular mechanical stability and unfolding have been
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studied by force probe molecular dynamics (FPMD) simulations (14,15), e.g., for the unfolding of titin domains (16),
folding intermediates (17), the function of titin kinase
(18), and the elastic properties of ankyrin (19). Also, the unfolding of membrane proteins was studied using this method
(20–22).
In recent AFM experiments (23–32), single BR molecules
were mechanically extracted and unfolded from the purple
membrane. The forces obtained during extraction revealed
a characteristic sawtooth pattern. Using the wormlike chain
polymer model, these force peaks were linked to the unfolding of single helices. Contrary to former AFM experiments
on soluble multidomain proteins, the order of unfolding
was not from the weakest to the strongest link, but along
the amino-acid sequence. Also from wormlike chain fits to
the force profiles, anchor residues that exhibit considerable
resistance against mechanical unfolding were located. These
relatively few residues are obviously important for stabilizing the protein.
Although the forces that counteract mechanical unfolding
have been precisely measured by AFM, the atomistic origin
of the quite diverse behavior of the individual residues is
unclear. In this work, the extraction and unfolding of single
BR molecules is therefore simulated at atomic level using
FPMD simulations. To validate the results from the simulations with the experiments, peak forces and anchor residues
were compared. Subsequently, the simulations enabled us to
characterize the interactions that provide the anchor residues with such remarkable stability.
To assess a possible influence of the loading rate, which is
much larger in the simulations than in the experiments, the
extraction simulations were carried out at various loading
rates. Simulations in which the extraction process was
stopped provided further insight into extraction at very
slow velocities.
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METHODS
Simulation system and details
As starting structure, the BR x-ray structure 1QHJ (33) from the Protein
DataBank was chosen. Residue side-chain atoms not resolved in the
x-ray structure (Met163, Arg227, and Glu232) were modeled using WHAT
IF (34). Terminal residues not resolved in the x-ray structure (1–4 and
233–248) were omitted from the model. BR trimers were created by
applying the appropriate symmetry operations to the protein.
To obtain a full membrane system, the proteins were embedded within
a hydrated POPC lipid bilayer (provided by Peter Tieleman (35)) using
the method described in Faraldo-Gómez et al. (36) and employing the
program MSMS (37). Nine lipid molecules per monomer (four at the
cytoplasmic and five at the extracellular side) were placed in the simulation
box (33). We consider POPC a reasonable mimic for the purple membrane,
because BR is known to fold into its native functional state within a
POPC bilayer (38). Details are provided in the Supporting Material.
A water layer of 5 nm with sodium and chloride ion concentration of
300 mM, similar to the experiments (23), was added to the hydrated system
at the cytoplasmic side of the purple membrane model.
Next, energy minimization of 150 steps was performed using steepest
descent. Three equilibration runs with increasingly relaxed harmonic
position restraints were performed. First, restraints with a force constant
of k ¼ 1000 kJ mol1 nm2 were applied to all nonhydrogen atoms of
protein and lipid molecules for 200 ps. Second, only the protein restraints
were kept for 1 ns. Finally, a 3.5-ns equilibration run was performed
without any position restraints.
To provide sufficient space for extracted polypeptides, one more 5-nm
water layer was appended at the cytoplasmic side of the system, yielding
a water layer of 10 nm in total (Fig. 1 A). This enlarged system was equilibrated for 500 ps.
To avoid periodic boundary artifacts during the extraction of one monomer, the system was replicated to construct a system of four trimers according to the crystal symmetry of a hexagonal lattice. The full simulation box
thus contained 12 BR monomers (Fig. 1 B). Periodic boundary conditions
were used for all simulations.
The system was equilibrated for 500 ps and used as starting structure for
all subsequent cytoplasmic extraction simulations described below. For
extraction simulations toward the extracellular side, the 10-nm water layer
was placed at the extracellular side of the purple membrane model, and
the N-terminal was subjected to a force acting downwards in Fig. 1 A.
Both simulation systems comprised 236,124 atoms, with a box size of
12.16  12.16  15.32 nm3.
All simulations were carried out using the software package GROMACS
3.3 (39). Proteins and ions were described by the OPLS all-atom force field
(40). The TIP4P water model (41) was employed. Lipid molecules were
described with a unified atom model (42). Partial charges for the retinal
were taken from Kandt et al. (43). All other force-field parameters were
converted into the OPLS force field as described.
All simulations were run in the NPT ensemble. The system was coupled
to a constant temperature of 300 K using a Berendsen thermostat (44) with
a relaxation time constant of t ¼ 0.1 ps. A Berendsen barostat with a relaxation time constant of t ¼ 1.0 ps and a compressibility of 4.5 $ 105 bar1
was used to keep the pressure at 1 bar. Semiisotropic pressure coupling was
used; no coupling was applied in x and y direction, whereas in z direction
the box was free to adapt to pressure changes.
Long-range electrostatic interactions beyond 1.0 nm were calculated
using particle mesh Ewald summation (45,46). A grid dimension of
0.12 nm and fourth-order b-spline interpolation was used. Lennard-Jones
interactions were truncated at 1.0 nm. The length of bonds involving
hydrogen atoms were constrained using LINCS (47). An integration time
step of 2 fs was used.
FPMD simulations with various extraction velocities were carried out for
extraction toward both the cytoplasmic and the extracellular side. In each
simulation, the Ca atom of the C-terminus (N-terminus, respectively)
Biophysical Journal 100(4) 1109–1119

FIGURE 1 Simulation system setup. (A, Side view) The expanded
volume at the cytoplasmic side provides sufficient space for extracted polypeptides. BR molecules are shown in green, lipid molecules in yellow, and
water molecules in red. (Black lines) Simulation box. (B, Top view) Four
unit cells, each containing a BR trimer, form a hexagonal two-dimensional
crystal. Colors as before. (C) Mechanical unfolding setup. Either the C- or
the N-termini (red and blue sphere, respectively) were subjected to a pulling
potential as described in Methods (arrow), enforcing extraction toward the
cytoplasmic and extracellular side, respectively. Colors represent the
secondary structure of the crystal structure (33). Helices A–G are indicated.
(Fig. 1 C) was subjected to a harmonic pulling potential Vpull, which was
moved with constant velocity in positive (negative, respectively) z direction
away from the membrane, parallel to the membrane normal,

Vpull ðtÞ ¼

2
1 
k zCa ðtÞ  zoffset  vt ;
2

(1)

where k ¼ 500 kJ mol1 nm2 is the spring constant, zCa ðtÞ the z position of
the respective Ca atom, and v the extraction velocity. An offset zoffset was
introduced to allow for nonzero initial forces, as will be described below.
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The center of mass of the nonextracted proteins was kept fixed. No position
restraints were applied.
Aiming at extracting and unfolding a complete BR monomer, the fully
extended polypeptide chain would be too long to fit into the chosen simulation box. To circumvent this problem and to keep the system computationally
tractable, we repeatedly cut off unfolded parts of the protein that had moved
sufficiently far away from the membrane to render interactions, in particular
electrostatic ones, with the membrane negligible. Accordingly, whenever the
pulled Ca atom approached the simulation box boundary to below 1 nm, the
unfolding simulation was stopped, extracted residues that reside >1 nm
above the membrane in z direction were removed, and the voids caused by
peptide removal were filled with water molecules. Ions were added or
removed to keep the system neutral. New charged termini were built and
the system was energy-minimized and equilibrated at 300 K for 20 ps with
position restraints on heavy atoms of proteins and lipid molecules.
The extraction simulation was then resumed, with the new terminal Ca
atom subjected to the new Vpull and appropriately chosen zoffset to match
the initial force of the new simulation to the final force of the previous
one. Specifically, the new force



Fnew ðtÞ ¼ k zCa ;new ðtÞ  zoffset;new  vt

was required to equal the force



Fold ðtÞ ¼ k zCa ;old ðtÞ  zoffset;old  vt
applied before removal of the residues. Accordingly, and using Eq. 1 and
with F ¼ 7V, the new offset position zoffset, new was chosen as

zoffset;new ¼ zoffset;old þ zCa ;new  zCa ;old :

(2)

The spring constant was kept unchanged during the simulations. This
procedure was iterated until complete protein extraction.

Anchor points
As observed in the AFM experiments (23), the unfolding of BR proceeds
stepwise. Apparently, some residues referred to as anchor points are able
to withstand a much higher force against mechanical unfolding than others.
In the experiments, anchor points have been located from peaks in the force
curves by wormlike chain polymer model fits (48). To facilitate direct
comparison to AFM results, anchor points were also determined from our
simulations as described below. In contrast to the experiments, detailed
structural information is here available, which therefore has been used to
determine anchor points without referring to the wormlike chain model.
We proceeded in two steps (Fig. 2). First, for each frame of an extraction
simulation a transition point (Fig. 2 A, arrows) between the unfolded (red)
and folded (gray) part of the protein was determined. To this end, unfolded
parts of the protein were identified via their markedly increased deviation
Dz of Ca positions from the x-ray structure in z direction (Fig. 2 B).
Transition points were defined in an automated manner by using the fact
that Dz values of the unfolded part of the protein increase nearly linearly
with residue number, in contrast to the folded part. Accordingly, transition
points were determined as the start of this linear range. To that end, the
quality of fits to varying ranges (Fig. 2 C, different colors) with varying start
residues N0 but the same end residue was used. (For mechanical extraction
toward the cytoplasmic side, conversely, ranges with the same start residues
but different end residues were used.)
Accordingly, a linear function with slope m and intercept b was fitted to
the Dzi values for all residues i in each of the considered ranges with length
n (Fig. 2 C) using

m ¼
and

nð

P

P P
iDzi Þ  ð iÞð Dzi Þ
P 
P
n
i2  ð iÞ2

(3)

FIGURE 2 Determination of anchor points. (A) Snapshots of an unfolding helix. Black and red regions indicate folded and unfolded parts, respectively, with arrows depicting transition points. (B) Displacement Dz of
residues from the crystal structure in z direction; colors as in panel A.
(Circle) Transition point. (C) Transition points are determined via a line
fit. Example data sets with line fits are shown. (Black) Full data set.
(Red) Data set without the first 115 residues. (Green) Data set with only
unfolded residues. (D) Relative error sm/m of the slope m of the line fits
as a function of the first residue in the data sets. The minimal relative error
was used to define the transition point (red circle). (E) Time development
(left) and frequency (right) of transition points determined from an extraction simulation.

P 2  P
P P
i ð Dzi Þ  ð iÞð iDzi Þ
b ¼
:
P 
P 2
n
i2  ð iÞ

(4)

The fit quality was quantified by the relative error sm/m of the slope, with

sﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
P
2
n ðDzi  b  miÞ
sm ¼
 P 
P
2 :
ðn  2Þ n
i2  ð iÞ

(5)

Fig. 2 D shows the fit quality as a function of start residue number N0 for
the chosen example. Transition points were then defined as the minimum
of sm/m (red circle).
Biophysical Journal 100(4) 1109–1119
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The left part of Fig. 2 E shows transition points determined from an
extraction simulation as described above. As can be seen—and as quantified
by the histogram (right side)—some transition points occur markedly more
often than others. This histogram served to determine the location of the
anchor points for comparison with the AFM data.
Due to the stochastic nature of the unfolding process, histograms
obtained from separate trajectories will differ from each other. To improve
statistics, all histograms for a given extraction velocity were merged and
filtered using a Gaussian filter with a one-residue half width.

Some of the main force peaks split up into subpeaks, e.g.,
the first and third peak of the cytoplasmic trajectories. Overall,
the force pattern does not depend on the extraction velocity.
For high extraction velocities (20 m/s and 50 m/s), abrupt
force jumps are occasionally observed. These drops occur
when peptides are removed from the system as described
in Methods and are due to transiently reduced frictional
drag of the unfolded peptide after cutting.
As in the experiments, the force peaks observed in the
simulations decreased from peak 1 to peak 4. We attribute
this effect to the decreasing number and strength of interactions within the nonextracted protein due to the extraction of
unfolded parts during the later parts of the simulations.
Force minima reach 0 pN for extraction velocities below
5 m/s. This indicates that at these velocities, as also reported
in Gräter et al. (18), frictional forces become small with
respect to unfolding forces.

RESULTS AND DISCUSSION
After equilibration, 27 extraction simulations were carried
out, both toward the cytoplasmic and the extracellular
side. To study to which extent the unfolding path and anchor
points are velocity-dependent, unfolding simulations were
carried out at five different extraction velocities ranging
from 50 m/s to 1 m/s. Each simulation was terminated after
complete extraction of the respective BR monomer. As also
observed in the AFM experiments (23), adjacent proteins
were essentially unperturbed, leaving a stable water-filled
hole at the former position of the extracted protein. Except
otherwise noted, we will focus at those observables that
were similar for all simulations and velocities.

Comparison to AFM forces
Fig. 3 C compares the heights of the force peaks between
simulation (triangles) and experiment (26) (circles) for
different extraction velocities. In accordance to the AFM
force peaks, the MD force peaks increase with faster extraction velocities. To compare the unfolding forces observed in
the simulations with those measured by AFM at much
slower extraction velocities, a simple model for the logarithmic velocity dependence of activated barrier crossing is
used (18,49),

Force profiles
Fig. 3, A and B, shows typical force profiles obtained from
simulations at different extraction velocities for extraction
toward the cytoplasmic (A) and the extracellular side (B).
All force profiles show four main force peaks labeled 1, 2,
3, and 4 at similar spring positions. Their overall shape and
position is similar to the force peaks obtained by AFM.
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FIGURE 3 (A and B) Sample force profiles from
extraction simulations for different extraction
velocities toward the cytoplasmic (A) and the
extracellular side (B). All force profiles start at
0 pN. (C) Comparison between peak forces from
AFM experiments (circles) and extraction simulations (triangles) for extraction toward the cytoplasmic side. Two fits are shown for each peak;
a logarithmic fit to only the AFM data (solid lines)
and a fit to both AFM and MD data using Eq. 6
(dashed lines).
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Here, g denotes a friction coefficient and a and v0 are fitting
parameters.
Fits to both AFM and MD values (Fig. 3 C, dashed lines)
yield a good description for all MD force peaks and for
AFM force peak 4. For AFM force peaks 1, 2, and 3, the
logarithmic slope of the AFM force peaks (solid lines) is
smaller than that of the fit to both AFM and MD, indicating
that for these cases the unfolding pathway between both
methods may differ.
Remarkably, this discrepancy decreases, and eventually
vanishes, for the later stages of the unfolding process, where
fewer sterical hindrances obstruct further unfolding. This indicates that, besides the intrinsic unfolding forces of the helices,
interactions to the remaining protein contribute to the overall
forces. The additional velocity dependence can be explained
by structural rearrangements that may occur during AFM
extraction but that are too slow for MD timescales.
To examine the causes of the force peaks during extraction, the unfolding pathway of the protein during the extraction simulations will be analyzed in more detail and
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compared to the unfolding pathway proposed by the AFM
experiments.
Unfolding pathway
Fig. 4 shows unfolding snapshots of a BR monomer. As
example, the unfolding and extraction of helices G and F
toward the cytoplasmic side at an extraction velocity of
5 m/s is shown. The snapshots show a continuous and
sequential unfolding and extraction of the two helices. As
in the experiments, the order of the extraction on the helix
scale is given by the extraction direction: For extraction
toward the cytoplasmic side, helix G unfolds first and helix
A last. This order is reversed for extraction toward the extracellular side.
On the level of the individual helices, a sequential unfolding of individual helix turns is seen (Fig. 4, A–F). During
unfolding of part of each helix, only small structural
changes are seen in its remaining folded part and the remaining helices. One exception is helix E, part of which

FIGURE 4 Unfolding pathway of helices G and F of BR (A–F) and corresponding forces (G). Snapshots were taken at 1 ns intervals. Colors as in Fig. 1 C.
Bold letters denote transmembrane helices. Gray letters belong to helices that are only partly visible. Red circles in the force profile denote snapshot times.
(Inset) Complete force profile. The solid part corresponds to the main plot.
Biophysical Journal 100(4) 1109–1119
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unfolds together with helix F (Fig. 4 E). Most unfolding
events occur within the membrane, with the unfolding helix
nearly in place and oriented parallel to the remaining helices
(Fig. 4, A–D). An exception are the last parts of helices F, D,
and B, which are dragged out of the membrane partly intact,
then kink with respect to their original alignment, and
unfold in bulk water parallel to the membrane surface.
The rise and fall of the force during extraction correlates
with the unfolding of single helices (Fig. 4 G). During
the unfolding of helix G and F the force increases and
decreases, respectively. Upon complete unfolding of helix
G and F, the force reaches its maximum and minimum,
respectively. The extraction and unfolding of helix pairs E
and D as well as C and B creates a force peak in a similar
manner. The last peak in the force spectrum is caused by
the unfolding and extraction of helix A. Extraction toward
the extracellular side proceeds in a similar manner.
Anchor points
One main result of the experiments was that at certain residues, referred to as anchor points, larger forces were required
for unfolding to proceed. Apparently, these residues resist
mechanical unfolding particularly strongly, which indicates
strong interactions relevant for the general stability of the
protein. In the experiments, anchor point locations were
determined via wormlike chain fits to the force curves (48).
To locate anchor points in the extraction simulations, all
trajectories were subjected a systematic search protocol.
To that aim, transition points between folded and unfolded
parts of the protein were determined during the course of the
simulations. Because anchor points are expected to delay
unfolding, transition points should occur more frequently at
their locations, and should therefore show up as peaks in
transition point histograms.
Indeed, transition point histograms reveal a noncontinuous unfolding in the simulations (Fig. 5, A and B, light
gray areas). Maxima from this distribution can be clearly
identified and define anchor points. Anchor points from
the extraction simulations show no velocity-dependent
locations and nearly all are seen for all extraction velocities
at each respective extraction direction.
To better compare anchor points from AFM and MD,
we divided the latter into three groups: The first group
consists of MD anchor points that cover AFM anchor points
within their respective uncertainties. A second group is
defined as MD anchor points occurring close to AFM anchor
points. The first two groups cover ~40% of all anchor points
for both extraction directions, showing a good agreement
between both methods. For the last group, no match between
AFM and MD data is seen.
In the first group, almost all AFM anchor points are also seen
in the simulations. In the case of extraction toward the cytoplasmic side, AFM anchor points Gly6, Arg82, Val101, Lys129,
and Phe135 are well matched by MD anchor points. For extracBiophysical Journal 100(4) 1109–1119
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tion toward the extracellular side, Glu74, Leu100, and Asp102
show a good agreement. Given their occurrence in both
AFM and MD, these anchor points seem to be independent
of the extraction velocity, and the interactions revealed by
the simulations are likely to also dominate the AFM forces.
For the second group, a noticeable deviation of up to three
residues between anchor points from MD and from AFM is
seen. Notable examples are AFM anchor points Ile198 and
Val188 for extraction toward the cytoplasmic side and Arg164
and Leu223 for extraction toward the extracellular side. These
deviations may arise either from uncertainties in the experimental determination of the anchor points via the wormlike
chain model (28), or, alternatively from a possible velocity
dependence of anchor point locations. Like the first group,
this group agrees remarkably well with the AFM experiments.
The third group, where no match between AFM and MD is
observed, falls into two categories. The first, less frequent
category contains anchor points from AFM that are not
observed by MD. Only three anchor points fall into this category, Tyr83, Pro91, and Leu111 from the extraction toward the
extracellular side. The fact that these anchor points are only
seen by AFM indicates a velocity dependence of the underlying reaction paths. The second, more frequent category
includes all MD anchor points that are not seen by AFM.
Most notably, MD anchor points are observed in helices B,
D, F, and G during the extraction toward the cytoplasmic
side and in helices A, B, F, and G and the loop region connecting helices D and E during the extraction toward the extracellular side.
We assume that these anchor points are not seen by AFM
because they occur during force drops, whereas rising forces
are needed to detect anchor points in the analysis of the
experiments (48). Because the transition point method
used for the simulations does not involve forces, anchor
points can also be detected during decreasing forces. This
idea is also confirmed by the strongly decreasing forces
that accompany the unfolding of helices B, D, and F in
both extraction directions (see Fig. 3) and explains almost
all MD anchor points not seen by AFM.
Remarkably, anchor points occur more frequently in the
extraction simulations toward the cytoplasmic side than in
the opposite direction. We attribute this finding to interactions between the retinal and the helices in contact with it
that stabilize the protein core. As the retinal is covalently
bound to Lys216 located in helix G, it is removed upon
extraction of helix G. Because in the extraction simulations
toward the cytoplasmic side, helix G is removed from the
protein core already very early in each simulation, the stabilization is lost, and a larger number of weaker interactions
dominate. In contrast, for extraction toward the extracellular
side, the retinal remains within the protein for nearly the
complete process, and, due to the interactions with the
retinal, more pronounced but possibly fewer anchor points
are expected. This is seen in Fig. 5, A and B. In this scenario,
one would also expect more details and anchor points in the
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FIGURE 5 (A and B) Comparison between AFM anchor points (vertical bars and lines) (28) and frequency of transition points determined by MD (light
gray areas). Transition point histograms are filtered with a Gaussian filter with a one residue half width. (Dark gray areas) Helices. (C–E) Structural and
energetic determinants of anchor points. Each panel shows snapshots before and after rupture of an anchor point. The plots show hydrogen bond energies
(C and D) or hydrophobic solvent-accessible surface areas (E) of selected residues. Bold letters denote helices. Key residues are shown as sticks (C and D) or
spheres (E). (C) Anchor point Pro200 in a stable conformation and shortly before rupture. The plot shows the summed energy of hydrogen bonds between
Arg134 and Ser193 and Glu194. (D) Anchor point Val179 before and after rupture. The plot shows the summed energy of hydrogen bonds belonging to Arg175.
(E) Anchor point Leu48 before and after rupture. The plot shows the hydrophobic solvent accessible surface area of Phe27.

force profile for bacterioopsin extraction than seen for BR,
which indeed has been observed (24).
Energetics causing anchor points
Which are the interactions that stabilize intermediate structures and thus cause the observed anchor points? To address
this question, we analyzed the sequence of structural changes
and the rupture of intramolecular interactions leading to the
occurrence of these points in more detail.

Analysis of interactions between each residue and the
remaining protein revealed that the residues lose their interactions in sequential order (see Fig. S1 in the Supporting
Material). This behavior even applies to hot-spot residues
with higher interaction energies. Fluctuations of residuewise
energies suggest a rearrangement of interactions within the
protein.
Based on their location within the helices and on their
stabilizing energetics, we divided anchor points into three
groups. The first group consists of anchor points that are
Biophysical Journal 100(4) 1109–1119
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located at the ends of the transmembrane helices and are
stabilized by interhelical hydrogen bonds. Anchor points
in the second group are also stabilized by interhelical
hydrogen bonds but reside in the center of the helices.
The third group consists of anchor points in the center of
helices that are stabilized by hydrophobic contacts.
Fig. 5 C depicts Pro200 as a typical example of anchor
points from the first group. Upon the unfolding of helix G,
the extracellular end of the adjacent helix F is held back by
hydrogen bonds between backbone atoms from Ser193 and
Glu194 from helix F to side-chain atoms of Arg134 from helix
E (first snapshot). Before complete unfolding of helix G, a
rearrangement of interactions is seen: New hydrogen bonds
between side-chain atoms from Arg134 to side-chain atoms
from Ser193 and Glu194 are formed (second snapshot). The
nearly constant energy of hydrogen bonds belonging to
Arg134 (lower plot) shows that this rearrangement preserves
the strength of interactions that hold back helix F. To this end,
a dynamic network of hydrogen bonds connects terminal
regions of adjacent transmembrane helices.
Anchor points from the second group are also stabilized
by hydrogen bonds but are located in the center of the
helices, like Val179 located in helix F (Fig. 5 D). Upon extraction, hydrogen bonds between side-chain atoms of the
nearby Arg175 to backbone atoms from residues from helix
E maintain the orientation of helix F (first snapshot). Once
these interactions break up, the remaining part of helix F
kinks with respect its former orientation (second snapshot).
In contrast, anchor points belonging to the third group,
like Leu48 located in helix B (Fig. 5 E), are stabilized by
nonpolar interactions rather than hydrogen bonds. Phe27,
Thr47, and Leu48 form a hydrophobic core between helices
A and B that disintegrates during unfolding of helix B, indicated by the increasing hydrophobic surface area of Phe27
(lower graph). Once the hydrophobic core is completely
disrupted (maximal hydrophobic surface), the remaining
part of helix B tilts away from its former alignment (second
snapshot).
A table of anchor points observed in extraction simulations toward the cytoplasmic side is available in Table S1.
Our analysis of mechanically relevant interactions in BR
thus revealed as the main determinants for the observed
anchor points a network of hydrogen bonds and hydrophobic contacts. Further, a highly dynamic rearrangement
of these interactions during extraction is seen. The competition of quite different kinetics suggests that the observed
unfolding pathway depends on the timescale set by the
extraction velocity. Thus, the question arises, how slower
extraction velocities and correspondingly longer timescales
of extraction would influence the unfolding process.
Relaxation processes
Indeed, the different kinetics of interactions described in the
previous section suggests a velocity-dependent unfolding
Biophysical Journal 100(4) 1109–1119
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pathway. This was also proposed by fits to the peak forces
obtained by AFM and MD (see Comparison to AFM
Forces). Thus, for sufficiently small extraction velocities,
we would expect to observe also in the simulations a simultaneous unfolding of helix pairs rather than the sequential
unfolding of single helices seen so far.
To test this hypothesis, we determined how the unfolding
pathway of partially unfolded helices proceeds once the
extraction velocity is changed from fast MD values (~10 m/s)
to slow AFM values (~109 m/s). Because the difference in
velocities is very large, extraction at AFM velocities is quasistatic within MD timescales. To this end, we took snapshots
from an extraction simulation with v ¼ 20 m/s as start for
simulations with a resting spring, v ¼ 0 m/s. To study an
extended unfolding pathway, we chose snapshots where
helices G or F were partly unfolded.
In both simulations, forces began to decrease instantaneously (Fig. 6 A). The force development can be described
by a biexponential decay
FðtÞ ¼ Ffinal þ F1 , et=tfast þ F2 , et=tslow

(7)

with slow and fast relaxation times tslow and tfast, respectively. Ffinal, F1, and F2 are fit constants (values are given
in Table S2). The fast relaxation times ((730 5 5) ps and
(95 5 2) ps for the simulation with a partially unfolded
helix G and F, respectively) can be attributed to the loss of
friction built up during the preceding extraction simulation.
By assuming that the attachment point for the harmonic
potential moves ~1 nm during the fast relaxation, a minimal
velocity of vanishing relaxation can be determined using
v < 1 nm/tfast. For a time constant of tfast ~ 1 ns, one obtains
v < 1 m/s. This is in agreement with the previous observation that frictional forces become negligible below extraction velocities of 5 m/s (see Force Profiles).
The slow relaxation seen in the later part of the simulations
revealed much longer relaxation times (tslow ¼ (55,000 5
6000) ps and tslow ¼ (4810 5 60) ps for the first and second
simulation, respectively). Because in the slowest extraction
simulation (v < 1 m/s) the unfolding of the protein takes
~80 ns, relaxation times of ~50 ns can only be covered by
much slower extraction velocities not accessible to our simulations. However, it should be possible to observe structural
relaxation in the 30-ns relaxation simulations.
In the first relaxation simulation, a shift of both helices G
and F in extraction direction was observed (Fig. 6 B). Helix
G did not further unfold but remained parallel to helix
F during further extraction, which was not observed in the
extraction simulations. This clearly indicates mutual extraction and unfolding of helices G and F at long timescales.
We conclude that for very small extraction velocities, the
unfolding pattern observed by AFM already shows up in
the simulations.
The partially unfolded helix F (Fig. 6 C) showed further
unfolding during the slow relaxation phase at small forces
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FIGURE 6 Relaxation simulations with partially unfolded helices G (gray) and F (red), respectively. (A) Forces (symbols) and biexponential fits (lines).
The force fit for the first simulation starts after the retinal was extracted from the protein core. (B) Snapshots before (red) and after (cyan) the relaxation
simulation with a partially unfolded helix G. (C) Similar, but for a partially unfolded helix F (same colors).

(~100 pN) (Fig. 6 C). Because peak forces in the experiments are in a similar range and helix F unfolds after
a peak, a spontaneous unfolding of helix F in the experiments can be assumed. Fast unfolding is further corroborated by the short relaxation time of ~5 ns.
The results from both relaxation simulations show that
the unfolding pathway of BR under external force changes
with extraction velocity and is therefore timescale-dependent. Based on these observations, the discrepancies in the
proposed unfolding pathways can be explained. At slow
extraction velocities in AFM experiments (<107 m/s),
the extraction and unfolding of pairs of helices is visible,
whereas at high extraction velocities in MD simulation
(>1 m/s), single helix turns unfold. This is also in line
with the observation of the unfolding of single helices at
higher AFM extraction velocities (>107 m/s) (26).
SUMMARY AND CONCLUSION
We presented all-atom FPMD simulations in which we
extracted and unfolded single BR monomers from an atomistic purple membrane model. The extraction was carried
out at various velocities both toward the cytoplasmic and
the extracellular side of the membrane. To maintain a
computationally tractable box size, a new protocol was
introduced and successfully tested, in which the extracted
and unfolded part of the protein was removed regularly
and the extraction continued at the cleaved part of the
protein, with the respective forces adjusted appropriately.
Force profiles obtained from the simulations were similar
to those obtained by AFM in many respects. In both methods,
four distinctive peaks with decreasing values were observed,
pointing to a sequential unfolding of the protein. For extrac-

tion toward the cytoplasmic side, extraction and unfolding of
each helix pair GF, DE, and BC, as well as of helix A, caused
a force peak. In contrast to the experiments, which suggested
a concerted unfolding of helix pairs, in the simulations we
observed a sequential unfolding of individual helix turns,
although—as in the experiments—only every second helix
actually gave rise to a pronounced force peak. This observation suggests a second possible interpretation of the AFM
force profiles, according to which the experiments would
also be compatible with sequential unfolding of individual
helices. In any case, details of the sequence of events during
unfolding may depend on the loading rate.
Despite these possible differences, similar anchor points
were seen by MD, suggesting that the underlying molecular
interactions are largely independent of extraction velocity.
MD anchor points fall into three groups. The first group
comprises anchor points that fully agree with those seen by
AFM, the second group consists of anchor points close to
AFM anchor points, and the third group includes anchor
points not seen by AFM. Most anchor points of the last group
occur after the main force peaks, during force drops, where
they are unlikely to be seen in the experiments, which can
explain this discrepancy. Overall, remarkably good agreement
is seen, with the position of most anchor points being largely
unaffected by the quite different timescales of AFM and MD.
As the dominant molecular interactions that stabilize
the anchor points and, hence, govern the mechanical
stability of BR, we identified hydrogen bonds and hydrophobic contacts. During extraction, these interactions form
a highly dynamic network, where transient interactions are
established subsequent to the rupture of old ones. Thus,
the unfolding of BR does not follow a predefined path;
rather, the competition between the kinetics of the
Biophysical Journal 100(4) 1109–1119
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interaction network and the unfolding timescale can give
rise to different velocity dependent unfolding pathways.
To explore this possibility further, relaxation simulations
were carried out to detect slow relaxation motions that
are not visible in the fast extraction simulations. To this
end, extraction simulations with a partially unfolded protein
were taken and continued without further extraction. Indeed,
an onset of spontaneous collective unfolding of both helices
G and F was seen, which deviated from the fast unfolding
pathway, toward the one suggested by AFM carried out at
much longer timescales.
The good agreement between the results from the experiments and the simulations suggest that our simulations
capture the essential characteristics of BR extraction.
Because the simulations were performed with a POPC
membrane model for the purple membrane, one might expect
slightly changed interactions between the protein and the
bilayer. However, as our model fully includes the hexagonal
symmetry of the purple membrane and therefore also all intermolecular contacts, our results support the role of this specific
arrangement of BR within the bilayer.
It will be interesting to see whether dynamic interaction
networks of the type observed in this work also govern the
timescale-dependent mechanical properties of other GPCRs
or even members of other membrane protein families.
Further, this approach may also reveal atomistic details of
the origin of recently observed mechanical fingerprints of
ligand binding (50,51).
SUPPORTING MATERIAL
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supplemental/S0006-3495(11)00046-4.
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the purple membrane at 1.9 Å resolution. Structure. 7:909–917.
34. Vriend, G. 1990. WHAT IF: a molecular modeling and drug design
program. J. Mol. Graph. 8:52–56, 29.
35. Tieleman, D. P., and H. J. C. Berendsen. 1998. A molecular dynamics
study of the pores formed by E. coli OmpF porin in a fully hydrated
palmitoyloleoylphosphatidylethanolamine bilayer. Biophys. J. 74:
2786–2801.
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